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Abstract 

 

 Skeletal and cardiac muscles are crucial biological actuators with limited capacity to 

repair themselves after significant trauma or disease states. Engineering these complex tissues 

using human derived cells has potential applications to serve as more physiologically relevant 

and economical test beds for regenerative medicine therapies compared to animal models and 

costly human trials. However, before we can engineer these tissues, we must first gain a better 

understanding of how the structure and composition of the extracellular matrix (ECM) influences 

differentiation and maturation into contractile muscle in vitro. To do this, we used traditional 

microcontact printing techniques to determine how ECM composition and line geometry 

influenced differentiating human skeletal muscle in 2D, and we incorporated these differentiating 

human myotubes into a muscular thin film (MTF) assay previously developed to measure 2D 

cardiomyocyte (CM) contractility. We also engineered contractile 3D cardiac microtissues with 

integrated force indicators (MIFIs) by seeding embryonic stem cell derived CMs and cardiac 

fibroblasts in biologically derived ECM hydrogels. From the 2D work, we found that human 

skeletal muscle derived cells had significantly higher myotube formation on laminin (LAM) 

lines, and C2C12 mouse myoblasts required more specific LAM line geometries than 

differentiating human skeletal muscle myoblasts to form uniaxially aligned myotubes. 

Additionally, we found that LAM with trace amounts of perlecan significantly increased human 

myotube formation compared to more purified LAM solutions. We also determined that 2D 

human skeletal muscle was limited to 1 week of differentiation before differentiating myoblasts 

delaminated from patterned polydimethylsiloxane. For the 3D engineered muscle constructs, we 

found that cardiac MIFIs could be maintained in culture for at least 2 weeks, exerted twitch 

forces ~1 - 7 µN and responded as expected to excitatory pharmacological stimuli. We 
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developed the 3D MIFI assay using CMs with the intention of applying this platform to patient 

specific CMs from induced pluripotent stem cells as well as to differentiating skeletal muscle. 

The findings we have made by engineering contractile 2D human skeletal muscle and 3D human 

cardiac microtissues have future applications as patient specific regenerative therapy models, test 

beds for pharmaceutical therapies, building blocks for engineering functional muscle 

replacements, and as soft robotics actuators.
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Chapter 1 
Introduction to Engineering Contractile 

Skeletal and Cardiac Muscle 
 

 

 

1.1 Introduction  

 Engineered in vitro contractile skeletal and cardiac muscle have potential applications as 

model organoids for more economical pharmaceutical testing compared to in vivo animal trials,  

as well as tools for understanding the relationship between extracellular matrix (ECM) and tissue 

morphogenesis and future building blocks for engineered organ replacements or as soft robotics 

actuators. Skeletal muscle serves as the primary actuator system in animals and can perform 

tasks over a wide range of length and time scales, spatial configurations and force regimes. 

Additionally, cardiac muscle serves as the a critical actuator in the body as it maintains blood 

flow for efficient nutrient and oxygen delivery and waste exchange throughout the organism. At 

the molecular scale, the protein machinery that makes up the contractile apparatus is constantly 

being replaced while the muscle is functioning, enabling contraction for decades through billions 

of cycles.  At the tissue scale, skeletal muscle in vivo can repair small injuries, preventing loss of 

muscle mass
1
. However, both muscle systems have limitations for regenerating significant 

injuries or defects. Specifically, skeletal muscle is unable to regenerate significant defects caused 

by severe trauma or surgery, and muscular dystrophies also inhibit the innate ability of skeletal 

muscle to maintain and repair normal function. Cardiac muscle, in contrast, has virtually no 

regenerative capability to repair damaged muscle after cardiac infarctions
2
. For these reasons, the 
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ability to engineer functional skeletal and cardiac muscle from its most basic building blocks, 

differentiating cells and ECM, will garner insights into how to harness and augment the body’s 

innate ability to repair smaller defects. Additionally, engineered in vitro models of normal and 

disease state skeletal and cardiac muscle will enable development of more economical platforms 

for development and testing of pharmaceuticals that may affect genetic diseases such as 

muscular dystrophies. Finally, functional engineered skeletal muscle has further future 

applications as self-repairing soft robotics actuators.  

 Engineering skeletal muscle requires the ability to guide muscle pre-cursor cells to 

differentiate into skeletal muscle cells (myotubes) and then to organize these cells into a 

functional tissue.  For skeletal muscle, this muscle formation process (termed myogenesis) is 

well documented in vivo
1, 3, 4

, but has proven difficult to replicate in vitro, a challenge that faces 

the field of tissue engineering and regenerative medicine. Current research is focused on 

understanding the physical, mechanical and chemical cues necessary to guide myogenesis and 

how to recapitulate them.  Initial results demonstrate that the ECM is a key component to the 

myogenesis process and can serve as an instructive template for engineering skeletal and cardiac 

muscle.  Major factors include (i) substrate stiffness and the mechanical environment, (ii) the 

spatial organization of biochemical cues, (iii) physical and topographical cues, and (iv) electrical 

and mechanical conditioning. Researchers have integrated these engineered muscle tissues into 

various devices from simple grippers to semi-autonomous walking and swimming soft robots.  

These proof-of-concept examples highlight the unique capabilities of engineered muscle and the 

fact that current technology can begin leveraging muscle as in vitro models to understand basic 

muscle development and drug-response as well as actuator systems in engineered devices. 

Additionally, engineered skeletal and cardiac muscle have often been developed in parallel with 
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each other because of the similarities that exist between functional tissues of either type. More 

specifically, both muscle types should visibly contract upon electrical stimulation, but skeletal 

muscle myoblasts have to undergo myogenesis (a minimum 1 - 4 week process) after placement 

within the 2D or 3D construct, while cardiomyocytes (CMs) can be harvested from animal 

models and seeded directly within 2D or 3D platforms and should begin to beat visibly within a 

few days. For this reason, engineered muscle platforms have often been prototyped and 

developed with CMs before integrating differentiating skeletal muscle within a similar context
5-8

.  

 For this dissertation, we wanted to engineer contractile muscle systems in 2D and 3D 

platforms as there are inherent benefits and limitations to both. Specifically, 2D platforms that 

utilize microcontact printing (µCP) allow us to dictate the specific ECM cues we expose 

differentiating cells to, in terms of protein composition and geometry
9
.  For this reason, we 

wanted to apply the techniques previously used to µCP fibronectin (FN) alignment cues on thin 

polydimethylsiloxane (PDMS) films to integrate contractile, aligned CM constructs to engineer 

aligned, contractile skeletal muscle
5, 10

. In this way, we planned to investigate how specific ECM 

proteins found in the basement membrane of skeletal muscle influenced myotube formation, in 

terms of myotube formation and contractility. This 2D platform also allowed methodical 

investigation how patterned line geometry influenced the alignment of differentiating myotubes.  

However, 2D engineered muscle platforms are often limited by the amount of time engineered 

muscle constructs are able to be maintained to form robust, functionally mature tissue systems. 

 3D muscle microtissues have been engineered by mixing myoblasts or CMs with 

biologically derived hydrogels and casting the cell+gel mixture in a mold that will dictate final 

tissue shape upon polymerization of the hydrogel
11-15

. Confining these cells within 3D matrix 

enables longer term culture compared to 2D assays and allows contractile cells to continually 
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exercise against the surrounding ECM hydrogel environment and become more contractile and 

mature, similar to in vivo muscle tissue morphogenesis. For this reason, we also wanted to 

engineer a 3D platform that allowed longer-term culture of both engineered cardiac and skeletal 

muscle cells. This 3D platform provides less control over the specific microgeometry and protein 

alignment cues to which differentiating myoblasts or differentiated CMs are exposed. However, 

3D platforms do allow longer periods of culture time to engineer more mature contractile muscle 

tissues by restricting cells to a 3D hydrogel microenvironment.  

1.2 Dissertation Organization 

 This dissertation is organized into several chapters to demonstrate the various methods 

we have used to engineer functional skeletal or cardiac muscle in 2D and 3D assays. 

Specifically, chapters 3 – 5 focus on better understanding how to control the skeletal muscle 

myogenesis process in 2D using patterned ECM cues to form aligned, contractile myotubes from 

mouse and human myoblasts. Chapter 6 focuses on engineering a 3D contractile muscle, both 

with skeletal muscle or cardiomyocytes, with applications as an in vitro test bed for general 

pharmaceutical screening, development of patient specific regenerative therapeutics, and as soft 

robotics actuators. 

1.2.1 Chapter 2: Background on Engineered Skeletal and Cardiac Muscle 

 Extensive background on current methods of engineering 2D and 3D skeletal or cardiac 

muscle tissues is presented in this chapter. We will discuss the ECM characteristics, such as 

stiffness, ECM composition, and microgeometry, that have been demonstrated to be important to 

directing skeletal muscle formation in vitro. Additionally, we will examine the contractile 2D 

skeletal muscle platforms in existence. Further, we discuss the current 3D platforms of 
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engineered cardiac and skeletal muscle that have been engineered as in vitro models of tissue 

function or for applications as soft robotics actuators. 

1.2.2 Chapter 3: Understanding the Role of ECM Protein Composition and Geometric 

Micropatterning for Engineering Human Skeletal Muscle 

 In this chapter, we examine how specific matrix composition and line patterning (in terms 

of width and spacing) influence the formation and alignment of C2C12 and human primary 

skeletal muscle myotubes. We use traditional µCP techniques to pattern 4 different components 

of the ECM in 16 different line geometries. Specifically, we hypothesized that components found 

in the basement membrane of skeletal muscle (collagen type IV or laminin(LAM)) would 

significantly increase 2D myotube formation compared to FN or collagen type I. Additionally, 

we hypothesized that line spacing and width of patterned ECM lines would affect myotube 

alignment with patterns and myotube differentiation, as measured by nuclei per myotube, percent 

area of myotube coverage, and myotube lengths.  We found that both C2C12 and human 

myoblasts had significantly higher myotube formation on LAM lines, but we also demonstrated 

that there are species specific differences that should be taken into consideration, especially since 

many tissue engineering techniques are often developed with cell lines or primary cells from 

other species, leading to difficulties in translating those methods directly to human primary cells.  

1.2.3 Chapter 4: Trace Amounts of Perlecan in Isolated Laminin Influences 2D Human 

Myotube Formation 

 We observed that myotube formation by both C2C12 and human skeletal muscle derived 

cells was severely impaired when we changed the manufacturer of isolated LAM 111. While 

side-by-side comparison of the manufacturer descriptions of the differently source LAMs 

appeared to list identical proteins, we observed severe myoblast peeling from Beckton Dickinson 
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sourced LAM compared to Invitrogen, which we demonstrated in the previous chapter fostered 

significantly higher myotube formation than other ECM proteins. We hypothesized that the 

purification process used by manufacturers to isolate LAM from the Engelbreth-Holm-Swarm 

mouse sarcoma resulted in removal of a protein or post-translational protein-modifications that 

were critical to in vitro myotube formation in 2D. To test this, we compared C2C12 and human 

myotube formation on varying LAM samples from the two manufacturers, and we ran extensive 

mass spectroscopy analysis of the LAMs to determine the differences between LAMs. We 

ultimately found that the Invitrogen LAM that fostered significantly higher myotube formation 

contained trace amounts of perlecan, a crucial protein in the basement membrane of skeletal 

muscle and other tissues.  

1.2.4 Chapter 5: Engineering Skeletal Muscular Thin Films: Troubleshooting and Future 

Directions 

 The motivation behind Chapters 3 and 4 was to determine the ECM composition and 

geometry that would maximize human myotube formation and alignment in 2D to engineer 

contractile muscular thin films (MTFs) from human primary myoblasts. In this chapter, we 

modified the previously established  methods used to engineer skeletal MTFs from C2C12 

myotubes to engineer contractile human myotube MTFs. We cover the challenges associated 

with differentiating contractile mouse and human skeletal muscle consistently in this 2D assay. 

Specifically, we determined that small changes in the fabrication of thin film substrates can 

impact the ability of differentiating myoblasts to form myotubes. Ultimately, despite initial 

demonstrations that contractile MTFs could be engineered with C2C12 myoblasts, we determine 

that this assay is not ideal for skeletal muscle due to severely limited differentiation time (~ 1 

week) compared to the longer culture time allowed by 3D assays (1 - 4 weeks). Skeletal muscle 



7 

 

myoblasts typically need longer than 1 week to differentiate into contractile myotubes capable of 

exerting 10s of kPa of twitch stress on the PDMS film, but we found that even when we cross-

linked FN to the PDMS surface, myotubes were only maintained in 2D on patterned PDMS 

substrates for ~ 1 week. We discuss other potential solutions to maintaining myotubes in 2D for 

longer periods of time to engineer contractile 2D skeletal muscle constructs. 

1.2.5 Chapter 6: Engineering Cardiac Microtissues with Integrated Force Indicators for 

Force and Beat Frequency Analysis 

 Due to the limitations of the 2D MTF assay for engineering functional skeletal muscle, 

we designed a 3D muscle microtissue system that integrated a thin, PDMS, U-shaped insert with 

both ends of uniaxially aligned cardiac or skeletal muscle construct. We discuss the iterative 

design process used to engineer muscle microtissues with integrated force indicators (MIFIs). 

Specifically, both ends of the U-shaped inserts act as anchoring points to which differentiating 

microtissues attach, and the insert serves as a force indicator, because the change in bending 

induced by contracting muscle can be measured and calculated to muscle twitch force using 

finite elemental modeling. We cast C2C12 or HUES9-CMs mixed in collagen type I + 

Matrigel™ around these inserts to integrate the microtissues with inserts.  As previously 

mentioned, already differentiated and beating cardiomyocytes have been shown to serve as an 

appropriate prototype cell to establish methods that translate to engineering contractile skeletal 

muscle. We showed that we can engineer cardiac and skeletal muscle MIFIs that are capable of 

visibly bending inserts to measure muscle force generation, and we also showed that these 

microtissues respond to excitatory pharmaceutical stimuli as expected.  
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Chapter 2  

Background on Engineered Skeletal and 

Cardiac Muscle 

 

 

2.1 Formation, Structure, and Function of Skeletal Muscle 

2.1.1. Myogenesis in Embryonic Development and Muscle Repair 

 Engineering skeletal muscle in vitro requires an understanding of the cues that guide 

myogenesis in vivo.  As skeletal muscle forms during embryogenesis, muscle stem cells 

differentiate into myoblasts that align and then undergo membrane fusion to form multinucleated 

myotubes that will mature into myofibers
16

 (Figure 2.1A). Primary myotubes form autonomously 

when Myf5 and MyoD are expressed in proliferating muscle precursor cells
17

. Secondary 

myotubes then form using primary myotubes and neurons as a guide
18

. In other words, secondary 

myotubes use primary myotubes as a scaffold to guide their alignment and differentiation during 

embryonic myogenesis
19

.  As the organism grows the myotubes become larger (hypertrophy) and 

new myotubes are added (hyperplasia) to increase muscle volume.  In this way, the myogenesis 

process yields muscle tissue composed of parallel bundles of myofibers.  Thus, except for the 

earliest stages of embryonic development, myogenesis requires an existing tissue structure to 

build upon.  A similar process occurs during post-natal muscle repair after injury. Satellite cells 

(muscle precursor cells) are activated after muscle injury. Activation of satellite cells leads to 

their proliferation, differentiation, and fusion, at the site of injury, using the basal lamina as a 

guide
1
 (Figure 2.1B).  In fact, one of the reasons that large muscle deficits do not regenerate is 
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because the basal lamina has been destroyed and there is no ECM structure to direct growth.  

Therefore, to engineer functional skeletal muscle constructs, it is necessary to develop methods 

that recapitulate myogenesis in vitro and use some type of scaffold to direct myoblast alignment, 

fusion, and differentiation into dense, aligned myotubes.  

2.1.2. Hierarchical Organization and Control of the Contractile Apparatus 

 The unique performance characteristics of skeletal muscle are based on the hierarchical 

organization of the contractile apparatus and the integrated control system that enables force 

 
Figure 2.2. Schematics of the myogenesis process and hierarchical contractile apparatus of skeletal muscle 

tissue.  (A) In embryonic myogenesis, muscle precursor cells (MPCs) differentiate into myoblasts that proliferate 

and then align and fuse to form primary and then secondary myotubes. Maturation yields larger myotubes with 

peripherally located nuclei and a resident satellite cell population (a stem cell capable of self-renewal and 

differentiation into myoblasts) (B) After injury, skeletal muscle repair begins when satellite cells migrate into the 

wound site, proliferate, differentiate, and fuse following the basal lamina to repair the defect . (C) The basic 

contractile apparatus of skeletal muscle is the sarcomere, which runs from Z-disk to Z-disk. Overlapping actin and 

myosin heavy chain filaments in each sarcomere form dense, uniaxially aligned arrays of molecular motors that 

enable skeletal muscle contraction. Sarcomeres are organized into specialized cytoskeletal filaments termed 

myofibrils that, in turn, are densely packed within myotubes to form uniaxially aligned bundles.  Multinucleated 

myotubes are organized within the muscle tissue and are innervated with motor neurons forming neuromuscular 

junctions.  In between the myotubes are blood vessels, nerve fibers and an ECM network that, in part, holds the 

muscle tissue together. (A) Adapted from Koch U et al. Stem cells living with a notch. Development. 2013, 140:689-

704.  (B) Adapted from Abmayr et al. Myoblast fusion: lessons from flies and mice. Development. 2012, 139: 641-

656. 
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modulation. The basic contractile unit of skeletal muscle, the sarcomere, is composed of parallel 

actin and myosin heavy chain filaments (Figure 2.1C)
20

. Myosin is a molecular motor complex 

that uses the energy stored in adenosine triphosphate (ATP) to walk along actin filaments.   

Briefly, muscle contraction occurs when the muscle cell is depolarized by acetylcholine release 

from its respective motor neuron. This activates voltage gated Ca
2+

 channels in the sarcoplasmic 

reticulum, flooding the cytoplasm of the myotube with Ca
2+

. At rest, the troponin-tropomyosin 

complex blocks the myosin binding site on actin, but Ca
2+

 binds the troponin complex, allowing 

the myosin heads to access the actin and begin the cross-bridge cycle (i.e., walking along the 

actin filament) that results in muscle contraction. Each myosin motor generates picoNewton 

scale forces, but the muscle is composed of millions of repeating units of these sarcomeres, 

allowing the molecular scale cross-bridge movement to translate into macroscale muscle 

contractions. To maximize force, all the sarcomeres need to be pointing in the same direction, 

and thus skeletal muscle has a predominantly uniaxial alignment of myotubes to achieve this.  

Controlling the assembly of sarcomeres into organized myofibrils and myotubes is one of the 

basic objectives necessary to achieve functional skeletal muscle constructs.  

 Skeletal muscle is densely packed with myotubes, but each myotube is 

electrophysiologically independent and innervated by a single motor neuron.  Each motor neuron 

can innervate multiple myotubes, which constitutes a single motor unit within the larger muscle 

tissue
21

. Motor units can be selectively activated, allowing tunable force generation dependent 

upon the number of motor neurons that are initiating muscle contraction. In addition to this 

spatial recruitment, muscle force generation can be tuned temporally by controlling the 

frequency of depolarization of the myotubes. The frequency range is quite broad, and can scale 

from essentially 0 to 100 Hz.  Skeletal muscle has a positive force-frequency relationship, 
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meaning that the faster it is stimulated the more force is generated
22

.  At high contraction rates 

skeletal muscle will enter tetanus, where it stays in a fully contracted state and generates 

maximum force.  In contrast, cardiac and smooth muscle are connected by gap junctions, 

forming a syncytium that results in synchronous contractions that cannot be controlled by 

selective activation of the desired portion of tissue.  Further, cardiac muscle must continually 

contract at ~1 Hz while smooth muscle contracts very slowly, making these tissues less desirable 

for soft robotics applications
21

.  Thus, differentiated cardiomyocytes can serve as a template cell 

typefor developing these 2D and 3D contractile tissues, but the spatial and temporal control of 

muscle contraction that is unique to native skeletal muscle should enable comparable tunability 

of engineered skeletal muscle for soft robotic actuators.  

2.2 Engineering the Microenvironment to Guide Skeletal Muscle Formation  

2.2.1. The Role of Substrate Stiffness and the Mechanical Environment 

 Skeletal muscle is a soft tissue composed of myotubes, blood vessels, nerves and an 

interconnected network of ECM.  The elastic modulus of muscle tissue depends on the specific 

type, but is reported to be in the range of 10-40 kPa
23

.  This is important, because tissue 

compliance is required in order for the muscle to shorten up to 40% during contraction
24

.  For 

muscle cells to be able to deform an engineered muscle tissue the elastic modulus of the scaffold 

must be a primary consideration, and in fact, studies have shown that stiffness dramatically 

influences cell behavior
25,26

. For example, myoblasts cultured directly on glass (E ~70 GPa) fuse 

into myotubes, however, they do not form sarcomeres even though they are positive for myosin 

heavy chain (Figure 2.2A-B)
25

.  In contrast, when a second layer of myotubes is grown on top of 

this first layer, the second layer is able to form striated myotubes with well-organized 

sarcomeres.  This implies that having a softer substrate with stiffness comparable to muscle 

tissue yields myotubes with more developed and organized sarcomeres. To rule out the possible 
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role of cell-cell signaling in this effect, myotubes were cultured on polyacrylamide gel substrates 

with elastic moduli similar to muscle tissue (1 to 23 kPa) and on glass controls
26

.  Well-

organized sarcomeres were observed in myotubes on substrates closest to the elastic modulus of 

skeletal muscle cells (8 and 11 kPa), but not the softer or harder surfaces (Figure 2.1C). While 

the force generated by these myotubes was not measured, more highly-organized sarcomeres 

typically indicate more mature myotubes capable of higher force production than those with little 

to no sarcomere organization. Similar results have been found with stem cells, where 

specification of mesenchymal stem cells towards a myogenic lineage was enhanced on substrates 

with an elastic modulus of ~10 kPa
27

.  Thus, when engineering skeletal muscle, the literature 

would suggest that optimal scaffold stiffness on the order of ~10 kPa is necessary to maximize 

differentiation into functional muscle.  However, other data suggests that a wider range of 

scaffold mechanical properties may benefit additional aspects of myotube maturation.  For 

example, myotubes cultured on polydimethylsiloxane (PDMS) substrates with elastic moduli 

ranging from 5 kPa (Figure 2.2D) to 2.7 MPa  (Figure 2.2E) were found to be longer on the 

stiffer formulations (Figure 2.2F), indicating more myoblasts were fused into each myotube
28

.  

Longer myotubes in vitro are often larger in cross-sectional area with more sarcomeres, 

suggesting they will generate greater force.  Thus, while the ideal mechanical properties to 

engineer skeletal muscle are still under research, what the data does demonstrate is that myotube 

fusion index, length and sarcomere organization can be controlled by modulating the mechanical 

properties of the scaffold. 
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Figure 2.2. Myoblast fusion into myotubes is 

sensitive to the mechanical properties of the 

underlying substrate.  (A) A schematic showing a 

side view of a 1
st
 layer of myotubes on a glass 

substrate with actin filaments and a 2
nd

 layer of 

striated myotubes with well-formed sarcomeres, 

growing on the 1
st
 layer. (B) Immunofluorescent 

images of the 1
st
 and 2

nd
 layer myotubes where actin 

and myosin only show striations in the 2
nd

 layer of 

myotubes. The nucleus (asterisk) is only visible in 

the 1
st
 layer myotube, confirming that there are two, 

distinct layers of myotubes. (C) Myotubes 

differentiated for 4 weeks on polyacrylamide 

hydrogels with varying elastic moduli of 1, 8, 11 and 

17 kPa only form striations and sarcomeres on 

substrates with intermediate elastic moduli of 8 and 

11 kPa, comparable to muscle tissue. (D and E) 

C2C12 myoblasts differentiated into myotubes on 

PDMS with elastic moduli of 5 kPa and 2.72 MPa 

showed different responses, with myotubes on the 

soft PDMS preferring to clump together versus 

forming parallel myotubes (green = myosin heavy 

chain, blue = nuclei). (F) Myotubes grown on stiffer 

PDMS substrates (130 kPa, 830 kPa, and 2.72 MPa) 

were significantly longer than myotubes grown on 

softer 5 and 50 kPa substrates (* indicates p <.0001, 

# indicates p<.001). (A-B) Adapted from Ref 25.  (C) 

Adapted from Ref 26.  (D-F) Adapted from Ref 28. 

Scale bars are (A and B) 10 m; (C) 20 m; (D and 

E) 200 m. 
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2.2.2. Extracellular Matrix and the Spatial Organization of Biochemical Cues 

 The composition and structure of the ECM in vivo are key regulators of cell behavior, and 

are equally important factors when engineering skeletal muscle constructs in vitro. Recreating 

the complex 3D architecture of the ECM within muscle tissue is beyond current technology, but 

scaffolds composed of the ECM proteins collagen type I (COLI), collagen type IV (COL4) and 

laminin (LAM) can still be engineered to control myogenesis. For example, Matrigel™ 

(primarily LAM and COL4) mixed with varying amounts of COLI and fibrin were cast as 

isotropic gels and used to engineer 3D skeletal muscle from C2C12 myoblasts or primary rat 

skeletal myoblasts (rSKMs)
8
.  In these cases the embedded cells remodel the ECM hydrogels 

over time and compact it into a cell-dense tissue construct. The C2C12 myoblasts compacted 

high fibrin content hydrogels more than those with high collagen content, indicating the rate of 

remodeling is ECM dependent.  Further, neonatal rSKMs grown in ECM hydrogels comprised of 

varying ratios of Matrigel™, fibrinogen, and/or COL1, showed that the hydrogel composition 

can have a larger effect on contractility and peak stress generation than other factors such as 

electrical stimulation, co-culture with other cell types, or added growth factors
13

. These examples 

demonstrate that the interaction of cells with the extracellular environment plays a key role in 

skeletal muscle cell differentiation and that ECM protein composition is an important 

component.  

The spatial organization (i.e. patterning) of ECM proteins can be used to control skeletal 

muscle formation and direct myotube organization.  Most patterning techniques are optimized 

for 2D, where photolithography-based approaches can be used to define micro- and nanoscale 

features on the surface.   For example, geometrically patterning ECM proteins by microcontact 

printing (µCP) has been used to guide cell attachment and probe the influence of spatial 
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organization of chemical cues on cell behavior (see here for a general review of µCP
9
).  The 

µCP of FN and/or LAM has been used to engineer all main muscle types including smooth
29,30

, 

cardiac
31,32

, and skeletal
33,34

. For skeletal muscle, one of the main uses of µCP is the engineering 

of uniaxially aligned myotubes using patterned ECM lines to better mimic myotube organization 

in vivo. Researchers have shown that increasing the width of LAM lines from 100 to 300 to 500 

µm (Figure 2.3A-B) decreased C2C12 proliferation but increased differentiation into myotubes 

(Figure 2.3C-D)
33

. Parallel FN lines an order-of-magnitude narrower (10, 20, and 50 µm wide) 

are also effective at aligning C2C12 myoblasts and controlling orientation upon differentiation 

into myotubes
34

. Further, both line spacing and line width are important factors.  For example, 

on uniform FN surfaces myotubes are isotropic (Figure 2.3E), but when patterned on 50 µm 

wide, 10 µm spaced (50x10) lines the myotubes become aligned, but at approximately a 30° 

angle to the underlying pattern
6
 (Figure 2.3F).  Increasing the line spacing to 20 µm keeps the 

myotubes on the 50 µm wide FN lines and creates uniaxially aligned muscle tissue, but the 

overall myotube density on the surface is decreased (Figure 2.3G).  Increasing the line width to 

200 µm increases the myotube density on the surface, but the myotubes align at an 

approximately 10° angle to the underlying pattern (Figure 2.3H).  What this demonstrates is that 

µCP of ECM proteins is a useful tool to control and probe myoblast proliferation, 

differentiation, and alignment at the cellular level. Future investigations need to examine 

differences in myoblast or myotube behavior among varying ECM proteins in addition to the 

influence of geometric cues. By doing this, we will have a better understanding of how to 

control the microenvironment when engineering functional skeletal muscle. 
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2.2.3. Physical and Topographical Cues that Guide Muscle Alignment  

 Physical and topographical features within the cell microenvironment are able to guide 

myoblasts and direct their fusion into aligned myotubes.  Termed contact guidance, this process 

has been studied in many cell types with similar results
35

.  Grooves (i.e., channels) and fibers on 

the nanometer to micrometer scale are able to direct uniaxial alignment of skeletal muscle and 

are similar to the diameter of many of the protein filaments within the native muscle ECM, 

suggesting that cells are intrinsically sensitive to physical features in this size range. Typical 

Figure 2.3. Micropatterned ECM proteins guide 

myoblast differentiation and alignment. Examples 

of CP lines of LAM immunofluorescently labelled 

with widths of (A) 100 m and (B) 300 m. Phase 

contrast images of myoblasts seeded onto (C) the 100 

m and (D) the 300 m  wide lines, demonstrating 

cell confinement to the pattern.  (E) C2C12 

myoblasts seeded onto a PDMS surface with a 

uniform FN coating differentiate into myotubes with 

isotropic (random) alignment.  (F) The CP of FN 

lines 50 m wide and 10 m spaced (50x10) induces 

myotube alignment, but not in the direction of the 

underlying pattern because the myotubes can bridge 

the spacing (pattern runs left-to-right).  (G) 

Increasing the line spacing to 20 m (50x20) keeps 

myotubes on the FN lines and forms a myotubes with 

uniaxial alignment but fewer overall myotubes.  (H) 

Increasing the FN line width to 200 m increase the 

number of myotubes, but decrease alignment.  (A-D) 

Adapted with permission from Ref 33. Copyright 

2012 American Chemical Society. (E-H) Adapted 

from Ref 6, Copyright 2013, with permission from 

Elsevier. Scale bars are (A to D) 100 m and (E to 

H) 200 m. 
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microtopographies include parallel microgrooves (Figure 2.4), posts, and holes in substrates 

composed of polymers such as PDMS, polystyrene, gelatin methacrylate (gelMA), and poly(L-

lactic acid) (PLA)
36-40

. Groove depth, width and spacing (Figure 2.4A) can range from hundreds 

of nanometers
39

 to tens of micrometers
40

. In general, myotubes organize in parallel to the groove 

direction (Figure 2.4B), which is enhanced with increasing groove depth to width ratio and is 

less sensitive to the groove width itself
37, 39

. Parallel grooves are also more effective at aligning 

myotubes than square posts
38

, presumably due to the increased contact area between the myotube 

and the topographical feature.  Compared to flat controls (Figure 2.4C), microtopographies are 

effective at guiding myotube alignment (Figure 2.4D), with comparable results to micropatterned 

ECM protein lines
36

. Nanometer and micrometer scale fibers, when organized into aligned 

scaffolds, are also effective at guiding myotube formation and alignment. Electrospinning is the 

most common technique to create fibers at this scale, which uses an electric field applied 

between an extrusion needle and a collector to draw out the polymer fibers. Electrospinning 

techniques have been optimized to give control over fiber alignment and diameter. For example, 

uniaxially aligned polypropylene fibers coated with LAM were used to form aligned sheets of 

C2C12 myoblasts
41

, with a fiber spacing of 55 µm or less found to be optimal to form continuous 

myoblast sheets.  Fibers at the nanometer scale are also effective at guiding muscle alignment.  

For example, electrospun polycaprolactone and polyaniline nanofibers have been used to direct 

the differentiation of C2C12 myoblasts into uniaxially aligned myotubes
42

.  Other fiber spinning 

techniques such as spinneret-based tunable engineered parameter (STEP) polystyrene nanofibers 

668 ± 63 nm in diameter were used similarly to direct the differentiation of C2C12 myoblasts 

into uniaxially aligned myotubes
43

.  In total, these examples demonstrate that nanometer and 

micrometer scale topographic features can be used to direct the uniaxial alignment of myotubes.  
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However, more research is necessary to 

determine whether there is a specific size or 

morphology that is optimal.  For tissue 

engineering and soft robotics applications, a 

key limitation is that these techniques are 

primarily 2D, limiting the thickness of the 

engineered muscle tissue to < 100 µm.  

 

 2.2.4. Bioreactors for Mechanical and 

Electrical Conditioning 

 Once muscle tissue forms it needs to 

actively contract and work against a load in 

order to continue to mature.  While most 

researchers have focused on the problem of 

initial myogenesis, electrical stimulation and 

mechanical loading are important for further 

muscle development.  Bioreactors designed as 

advanced in vitro culture systems provide this 

capability and have been used to engineer 

improved skeletal muscle constructs.  Field 

stimulation is used to excite skeletal muscle constructs in vitro without requiring innervation
44

 

and is effective for conditioning and testing force generation capabilities. Typically, electrodes 

(platinum or carbon) are placed on either side of the muscle tissue construct during culture 

 Figure 2.4. Myotube alignment can be controlled 

using engineered substrate microtopography. (A) 

Schematic of micro-grooves (i.e., channels) in a 

surface with controlled groove width, depth and 

spacing that can induce the alignment of myotubes 

differentiated on the surface.  (B) DIC image of 

myotubes grown on a surface with parallel micro-

grooves. (C) Myotubes differentiated for 10 days on a 

flat surface and stained for Troponin I (red) and DAPI 

(blue) are isotropic with no orientation preference.  

(D) In contrast, myotubes grown on the PLA 

membrane patterned with rectangular holes induced 

uniaxial myotube alignment. (A) Adapted from Ref 

40. (B) Adapted from Ref 38, Copyright 2009, with 

permission from Elsevier. (C-D) Adapted from Ref 

36. Scale bars are (B) 20 m and (C and D) 50 m. 
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(Figure 2.5A) and a square wave in the range of 0 to 100 V in amplitude, 10 to 20 ms in duration 

and from 0 to 100 Hz is applied.  In almost all cases, the addition of electrical stimulation cause 

the myotubes to contract and induce a mechanical stress and increases differentiation, alignment 

and force generation. For example, electrical pulse stimulation (EPS) of C2C12 myotubes at 1 

Hz increased sarcomere assembly within as little as 2 hours
45

.  Similarly, EPS of C2C12 

myotubes on deformable collagen strips resulted in significantly higher force generation 

compared to no EPS controls
46

. In addition to more organized sarcomeres, electrically 

stimulating C2C12 myotubes resulted in increased glucose uptake
28

.  Researchers have also tried 

replicating the electrical stimulation patterns experienced by muscle cells during development in 

order to produce more mature myotubes (Figure 2.5A)
47

. The peak stress generated by these 

constructs was 60 – 120 Pa, considerably less than the >100 kPa of native skeletal muscle
48

. 

However, these constructs did show significantly higher force generation and increased 

excitability compared to constructs that were not stimulated or conditioned with a suboptimal 

stimulation pattern
48

. Muscle constructs engineered using C2C12s were exposed to EPS of 0 

(control), 0.5, 1, or 2 Hz during culture to determine if EPS rate affected myotube formation, and 

1 Hz was determined to significantly increase muscle protein and muscle construct force
49

. A 

limitation of field stimulation is that continuously exciting cell cultures with electrodes (platinum 

or carbon) can cause electrolysis of the media, leading to heating, changes in pH and electrode 

corrosion. Contactless electrodes are one potential solution, and recent work has demonstrated 

excitation of C2C12 myoblasts was possible without causing electrolysis of the media or other 

adverse effects (Figure 2.5B)
50

. Electrodes have also been miniaturized to stimulate small, 

micropatterned lines of myotubes in order to selectively actuate a subset of cells, similar to 
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innervated motor units (Figure 2.5C)
51

.  With this type of approach it is possible to control 

stimulation of individual myotube strands separated by as few as 200 µm (Figure 2.5D).   

 Mechanical stress can also be created by stretching skeletal muscle constructs using an 

externally applied load, and has also resulted in increased force generation
52

. For example, 

cyclical, mechanical strain of human bioartificial muscles consisting of collagen I, Matrigel™, 

and human primary skeletal muscle cells resulted in a significant increase in the myofiber 

diameter and relative cross-sectional area compared to controls
53

. Additionally, human primary 

myoblasts seeded on acellular matrix and mechanically conditioned by applying 10% stretch at 

hourly intervals had more highly organized myofibers than statically cultured controls, and after 

implantation and removal from an in vivo mouse model, responded to electrical field stimulation 

(EFS) after 2 weeks of implantation, in contrast to the statically cultured controls, which did not 

respond to EFS
54

.  Rat primary myoblasts have also been seeded on decellularized bladder 

matrix, mechanically strained following the same protocol, and implanted in a rat volumetric 

muscle defect with results demonstrating that pre-conditioned constructs resulted in improved in 

vivo function and up to 2.3x more functional recovery than non-conditioned constructs
55-57

. 

Similar studies have investigated the electrical and mechanical stimulation of engineered cardiac 

muscle constructs and shown significant improvement to maturation of the sarcomere structure 

and increased force generation
58

. Thus, for engineering functional muscle constructs, control of 

electrical simulation is important both in terms of the maturation during culture and even after 

implantation as well as for the modulation of contraction force and temporal actuation. 
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2.3 Contractile Engineered Skeletal Muscle 

2.3.1. 2D Cantilever-Based Skeletal Muscle Actuators 

 Skeletal muscle is a scalable actuator system that can potentially be used for a wide range 

of applications.  Where relatively low force is required, 2D cantilever based actuators are a good 

choice because the muscle can be integrated as a thin layer (<100 µm) directly onto the 

cantilever surface to control deflection.  At the sub-millimeter scale, myotubes have been 

integrated with silicon cantilevers to create biological micro-electro-mechanical systems 

(bioMEMS) where the myotubes can be used as an actuator or the MEMs component can be 

Figure 2.5. Examples of different bioreactor 

designs and microfabricated electrodes for the 

electrical stimulation of engineered skeletal muscle 

constructs.  (A) A bioreactor based on a modified 6-

well plate with platinum wire electrodes integrated 

into the lid capable of stimulating cultures of 3D 

engineered skeletal muscle tissue. (B) A schematic of 

contactless electrodes showing a top view of the 

design (black), which are positioned underneath a 

glass coverslip to isolated them from the cells and 

media.  Myoblasts (yellow) cultured on top of 

microtopographically patterned gelMA (green) 

uniaxially align during culture. (C) Micropatterned 

lines of C2C12 myotubes can be selectively 

stimulated using microfabricated platinum electrode 

arrays. (D) Plots of displacement of the myotubes 

strands in (C) demonstrating the ability to 

independently stimulate the closely spaced muscle 

tissues (amplitude, 2 V; frequency, 1 Hz; duration, 10 

ms). (A) Adapted from Ref 47. (B) Adapted from 

Ahadian S et al. Lab Chip. 2012, 12:3491:3503, doi: 

10.1039/C2LC40479F, with permission of The Royal 

Society of Chemistry. (C-D) Adapted from Ref 52 

with permission of The Royal Society of Chemistry. 
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used to readout muscle force generation.  For example, microfabricated silicon cantilevers have 

been coated with primary rat neonatal myoblasts or C2C12 myoblasts, differentiated into 

myotubes, and the contractile force recorded using an optical lever detection system comparable 

to that used in atomic force microscopy (Figure 2.6A-B)
59-61

. The inherent shape of the silicon 

cantilever directs the myotubes to align along its length and the silicon is thin enough such that 

the myotube can deflect it during contraction.  When stimulated to contract using field 

stimulation, these myotubes generated twitch 

stresses from 0.5 to 5 kPa and displayed 

potential as an in vitro platform to track 

muscle physiology for applications such as 

toxin detection
62

. For larger actuators at the 

millimeter scale and above, the silicon 

becomes too stiff and softer materials such as 

hydrogels or elastomers are required.  For 

example, muscular thin films (MTFs) integrate 

a layer of anisotropic muscle tissue with a thin 

PDMS cantilever, and were originally 

developed using cardiac and vascular smooth 

muscle
10, 31

.  Recently we have demonstrated 

that MTFs can also be engineered using 

C2C12 myoblasts to form skeletal muscle 

actuators capable of generating twitch stresses 

in the range of 1-2 kPa (Figure 2.6C-D)
6
.  

Figure 2.6. Engineered skeletal muscle tissue in the 

format of 2D cantilever-based actuators where the 

myotubes are integrated along the length of the 

beam. (A) An embryonic rat myotube differentiated 

on a DETA-modified silicon cantilever (phase-

contrast image). (B) A C2C12 myotube on a 

vitronectin-modified silicon cantilever (α-actinin = 

green). Muscular thin films (MTFs) consisting of 

C2C12 myotubes of PDMS cantilevers showing a 

side view in (C) a relaxed state and (D) at peak 

contraction generating a twitch stress of ~2 kPa.  The 

yellow lines indicate the position of the tip of the 

MTF between the relaxed and full contracted states 

(scale bars are 1 mm). (A) Adapted from Ref 59, 

Copyright 2006, with permission from Elsevier. (B) 

Adapted from Ref 60 with permission of The Royal 

Society of Chemistry. (C-D) Adapted from Ref 6, 

Copyright 2013, with permission from Elsevier. 
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While scalable up to the millimeter length scale, this is likely the upper limit for 2D cantilever-

based systems since the total force generation is limited by the tissue thickness, which is 

typically in the range of 10-20 µm.  Beyond this, a 3D skeletal muscle tissue is required to 

increase cross-sectional area and thus the volume of muscle that can contract.   

2.3.2. Tissue Engineered Skeletal Muscle Using ECM Protein Scaffolds 

 3D skeletal muscle tissue is required to build larger scale soft robotic devices and, in the 

context of tissue engineering, has been explored using a range of cell types and scaffold 

technologies.  By far the most widely used approach has been ECM hydrogel scaffolds that 

utilize the cell-driven compaction of the hydrogel to form relatively dense skeletal muscle tissue. 

For example, one of the first engineered skeletal muscle constructs was created by culturing 

primary avian skeletal muscle cells in a COLI gel cast within a stainless steel ring or mesh
63

. 

This bioartificial muscle (BAM) set a precedent for the 3D engineering of skeletal muscle 

constructs in vitro and has since been optimized for C2C12 myoblasts to engineer BAMs with 

more mature sarcomeres
64

.  Demonstrating the scalability of this approach, engineered miniature 

BAMs (mBAMs) using specialized culture dishes to create linear muscle constructs (Figure 

2.7A-B) form aligned myotubes (Figure 2.7C) and are capable of generating ~30 – 50 µN of 

force (Figure 2.7D)
65

.  This scaled-down mBAM assay has proven capable of reading out 

changes in contractile function in response to pharmacological agents and has been used as a 

drug screening assay
66

. More advanced techniques have also been used to augment muscle 

function, such as inhibition of miR133 (micro RNA 133) to promote maturation of skeletal 

muscle constructs
67

. Similarly, genetically modified muscle cells have been used to secrete 

recombinant human growth hormone
68

 or other bioactive compounds to improve the formation 

or function of the muscle construct.  These approaches demonstrate that it is possible to engineer 
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functional 3D skeletal muscle in a linear muscle bundle with anchor points on both ends and a 

roughly circular cross-section, similar to that found in vivo.  There are however limitations to the 

diameter of these constructs to <1 mm due to the lack of a vascular system and the limited 

diffusion length of oxygen.   Larger-scale 3D skeletal muscle constructs have been engineered by 

forming anisotropic sheets using specially designed molds with rectangular posts (Figure 2.7E).  

For example, C2C12 and rat primary myoblasts have both been used to create porous, 3D 

networks of skeletal muscle within ECM gels composed of varying ratios of COLI or fibrinogen 

in Matrigel™ (Figure 2.7F))
7
.  The rectangular posts’ size and shape influences myotube 

orientation and force generation as well as providing conduits for enhanced nutrient transport 

within the constructs (Figure 2.7G)
8
. If engineered properly, myotubes within these constructs 

have a high degree of uniaxial alignment (Figure 2.7H) and can generate twitch stresses on par 

with native muscle.  Myogenic cells from Sprague-Dawley rats were pre-seeded to isolate the 

‘adherent fraction’ of cells prior to seeding in fibrin-based 3D gels that were dynamically 

cultured by gently rocking constructs during differentiation, and compared to controls that were 

not pre-cultured after isolation and were cultured statically, the dynamically cultured constructs 

with adherent cells were found to have significantly larger muscle area, ~9x force generation and 

a satellite cell pool during early culture
69

. Using these methods, when constructs were implanted 

in a mouse dorsal window model, the native vasculature began to perfuse and organize 

throughout the engineered construct, and a pool of satellite cells was maintained. These 

examples demonstrate a growing ability to engineer functional skeletal muscle constructs that 

would have the ability to self-repair in both therapeutic and soft robotics applications. Recently, 

some of the first 3D engineered human skeletal muscle was demonstrated to both functionally 

contract and to respond as expected to pharmacological stimuli
70

. Specifically, both electrical 
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stimulation and acetylcholine, the physiological stimulator of skeletal muscle, were able to 

induce visible muscle contractions, and statins, chloroquine, and clenbuterol all had the expected 

clinical effects on the muscle constructs, demonstrating the potential for this type of platform to 

Figure 2.7. Examples of different types of 3D engineered skeletal muscle tissue.  (A) Miniature bioartificial 

muscle (mBAM) is formed by casting an ECM hydrogel with embedded muscle cells into a specially designed, 

7 mm diameter culture well with two, 700 m diameter PDMS posts. (B) After 4 to 5 days of differentiation 

primary mouse myoblasts have begun to compact the gel around the posts. (C) mBAMs differentiated for 7 to 8 

days were stained for sarcomeric tropomyosin (dark grey) showing aligned myotubes. (D) Contractile force 

generation was calculated from the bending of the PDMS posts during stimulation. (E) Sheets of engineered 

skeletal muscle consisting of a porous gel network were formed by casting ECM hydrogels with embedded 

muscle cells around a PDMS mold with rectangular posts. (F) The engineered muscle tissue network is attached 

to a Velcro frame and can be removed from the PDMS mold. (G)  A top-down view of the skeletal muscle 

tissue showing the rectangular posts that guide anisotropic organization of the ECM as it is compacted by the 

cells.  (H) Immunofluorescent staining of the sarcomeric -actinin (green) and nuclei (red) of rSKMs 

differentiated into myotubes, demonstrating the uniaxial alignment and formation of sarcomeres. (I) Engineered 

skeletal muscle termed Myooids are formed by the self-organization of muscle cells from a monolayer on the 

bottom of a Petri dish around two ECM-coated anchoring structures (arrows indicate where the cell layer is 

rolling up).  (J) The myooid construct once it has full organized into a linear muscle tissue in between the two 

sutures. (K) A Cross-section of a myooid showing myotubes in the center with a flattened layer of fibroblasts on 

the periphery (stained with toluidine blue). (L) A 10-layer engineered muscle tissue created by stacking 

myoblasts sheets released from temperature-responsive PIPAAm culture dishes.  These are termed scaffold-free 

because the cells make their own ECM and the alternating layers were labelled with red or green CellTracker 

for verification. (M) C2C12 myoblasts labelled with magnetite cationic liposomes were seeded around a 

silicone ring with a magnet placed underneath the culture dish to produce a scaffold-free, multi-layered muscle 

construct. (A-D) Adapted from Ref 65 with permission from Wiley, Copyright 2008. (E-H) Adapted from Ref 

8, Copyright 2009, with permission from Elsevier. (I-K) Adapted from Ref 66. (L) Adapted by permission from 

Macmillan Publishers Ltd: NATURE PROTOCOLS, Ref 77, Copyright 2012. (M) Adapted from Ref 78, 

Copyright 2009, with permission from Elsevier. Scale bars are (A) and (B) 4 mm, and otherwise as labelled. 
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be used as a pre-clinical in vitro test bed
70

.  However, constructs are still limited in thickness to 

<1 mm due to a lack of a vascular system prior to implantation in a host. 

2.3.3 Self-Organizing Myooids 

 Self-organizing myooids are another example of a tissue engineered skeletal muscle 

construct that can be used to form functional muscle bundles.  In this approach skeletal 

myoblasts and fibroblasts are seeded on a culture dish to form a sheet that over a period of time 

peels off the dish (Figure 2.7I) but remains anchored to two sutures placed in the dish and forms 

a compacted muscle bundle
71

. The end result is the formation of linear muscle construct termed a 

myooid that has sutures on either end and that can facilitate its integration with other devices 

(Figure 2.7J) and has dense myotubes in the interior with a layer of fibroblasts on the outside 

(Figure 2.7K). Myooids have been engineered from C2C12 and primary rat myoblasts
72, 73

 and 

optimized using a fibrin gel release surface has produced constructs capable of generating 36 kPa 

of tetanic stress
74

, on par with native skeletal muscle.  More advanced myooids have added 

additional tissue types, integrating self-organized tendon to connect the muscle portion of the 

myooid to steel anchor points
75

.   These constructs were capable of generating twitch stresses of 

2 to 8 kPa and demonstrate a biomimetic approach for integrating soft, engineered muscle tissue 

with stiff materials. The limitations of the myooid construct are comparable to those of the ECM 

gel based scaffolds, limited in diameter to <1 mm due to a lack of a vascular system.  Also, due 

to the self-organizing around anchor points, the myooids have been engineered mainly as linear 

constructs as opposed to sheets, porous networks, or other geometries.  

2.3.4 Scaffold-free Constructs 

 Skeletal muscle constructs engineered using scaffold-free techniques are formed by 

having muscle cells synthesize and assemble their own ECM. The cell sheet method uses Petri 
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dishes coated with poly(N-isopropylacrylamide) (PIPAAm) to culture cells until they form a 

monolayer, allow them to synthesize an interconnected ECM and then release them as an intact 

tissue layer
76

.  PIPAAm is a thermally-sensitive polymer that is hydrophobic and cell adhesive at 

37 °C but becomes hydrophilic and releases cells when the temperature is decreased below 32°C 

and the PIPAAm passes through its lower critical solution temperature.  To form skeletal muscle 

sheets, myoblasts are cultured, differentiated into myotubes and then released by lowering the 

temperature to ambient.  Once released these muscle sheets can be layered on top of one another 

to make constructs several cell sheets thick or constructs with alternating cell types, such as 

myoblasts and endothelial cells (Figure 2.7L)
77

.  Skeletal muscle constructs with up to 10 layers 

have been engineered; enabling a relatively thick, muscle dense tissue to be formed.  While 

skeletal muscle sheets with uniaxial myotube alignment have not yet been demonstrated, 

anisotropic sheets of vascular smooth muscle suggest it should be possible
29

.   Other scaffold-

free approaches also produce dense muscle tissues.  For example, magnetic nanoparticles 

incorporated within C2C12 myoblasts by endocytosis can be used in combination with an 

applied magnetic field to hold the cells together in a specific geometric configuration (Fig. 

7M)
78

. These multi-layered, magnetically assembled constructs can be engineered as muscle 

rings that generate twitch forces from 10 to 17 µN
79

.  For soft robotics, these scaffold-free 

techniques produce very dense muscle tissue that should have high force-to-weight ratios.  

However, thicknesses are limited to ~200 µm due to the diffusion limit of oxygen and lack of a 

vasculature.  

2.4. Muscle-powered Soft Robotic Devices 

 Muscle-powered soft robotic devices have undergone significant development over the 

past decade and encompass basic devices and more complex soft robots that can walk and swim.  
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Though much work is still needed, these examples clearly demonstrate the potential of the 

technology and the ability to engineer muscle that is strong enough to support basic 

functionality.  To date, many of the advanced soft robots have been engineered using neonatal rat 

cardiomyocytes
31, 80, 81

 rather than skeletal myoblasts or myotubes.  This is because neonatal rat 

cardiomyocytes are easily harvested, already differentiated into a striated, beating muscle cells, 

respond predictably to microenvironmental cues, and can be seeded at high density.  Together 

these properties make cardiomyocytes easier to work with than skeletal muscle, which must first 

be seeded as myoblasts that subsequently differentiate and fuse into myotubes.  For this reason, 

many of the current examples of soft robotics devices are powered by cardiomyocytes; however, 

recent success in engineering MTFs with C2C12
6
 cells suggests that most of these examples can 

be replicated with skeletal muscle. 

2.4.1. Basic Muscle-Powered Devices 

 A number of proof-of-concept soft robotic devices with basic functionality have been 

created using engineered muscle tissue.  In general, these devices are fabricated from hydrogels 

or elastomers that provide a basic structure and then use the integrated muscle tissue to contract 

and cause deformation of part of the system.  For example, at the micrometer-scale, an actuator 

was engineered by differentiating a single myotube on a sacrificial layer of PIPAAm between 

cantilevers, and generated forces from 0.2 to 1 µN
82

. Myotubes have also been formed on dog 

hairs
83

 or within rod-shaped collagen gels
84

 to create micro-tweezers.  At the millimeter-scale, 

grippers have been engineered from a PDMS frame with an integrated skeletal muscle construct 

that, when field stimulated, caused the gripper to close (Figure 2.8A)
85

.  Grippers have also been 

engineered from cardiac MTFs and demonstrated the ability to be kept in a closed state by 

stimulating the muscle tissue at a sufficient rate to induce tetanus
31

.  For application in 
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microfluidics, a muscle-powered pump was formed be engineering a layer of cardiac muscle on 

the outside of a deformable chamber (Figure 2.8B and 2.8C), mimicking the basic pumping 

function of the heart, but at a much smaller scale
86

.  More advanced actuators have also been 

developed by using optogenetics to enable light to stimulate muscle contraction instead of an 

electric field.  In the case of muscle tissue, 

introduction of channelrhodopsin-2, a light-

sensitive cation channel, can depolarize the 

cell and trigger Ca
2+

 influx into the cytosol to 

initiate contraction.  Genetically modified 

C2C12 myoblasts were grown in a COLI gel 

between PDMS pillars to produce contractile 

skeletal muscle constructs capable of selective 

stimulation with a specific wavelength of 

light
87

.  Depending on the size and location of 

the light, either the whole construct (Figure 

2.8D) or a specific sub-region (Figure 2.8E) 

could be triggered to contract.  The ability to 

trigger muscle contraction similar to 

innervation but without the need for an 

electrode interface opens up new opportunities 

to selectively control and modulate contraction 

for soft robotics devices. In total, these 

examples highlight the ability to integrate 

Figure 8. Examples of basic muscle-powered 

actuators and devices. (A) A skeletal muscle gel 

attached to a PDMS gripper (i.e., micro hand) that 

opens when the skeletal muscle is stimulated to 

contract. (B) Schematic of a muscle-powered 

microfluidic pump where a sheet of cardiomyocytes 

are cultured on the outside of a thin, hollow chamber.  

(C) The actual device where spontaneous or 

stimulated contraction of the cardiomyocytes causes 

the chamber to decrease in volume and pump fluid.   

(D) Optogenetically engineered skeletal muscle 

micro-tissue suspended between two PDMS posts is 

stimulated with blue light (red circle) by depolarizing 

the cells and results in contraction of the entire 

construct (yellow arrows).  (E) Selective stimulation 

of a small region of the construct (re circle) results in 

contraction of just that region of the construct (yellow 

arrows), demonstrating light-based local control of 

activation.  (A) Adapted from Ref 85. (B-C) Adapted 

from Ref 86 with permission of The Royal Society of 

Chemistry. (D) Adapted from Ref 87 with permission 

of The Royal Society of Chemistry. 
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engineered striated muscle in a range of devices across multiple length scales.  

2.4.2. Muscle-Powered Soft Robots that Walk and Swim 

 The potential of engineered muscle to power soft robots is demonstrated by recent proof-

of-concept examples that can walk and swim.  A variety of soft robots have been engineered that 

can walk along the bottom of a Petri dish under spontaneous or field stimulated contractions.  

Microfabricated walkers have been created from Au and silicon and used cardiac muscle to 

power the devices motion (Figure 2.9A)
81

.  Even though these were made from hard materials, it 

demonstrates the ability engineer a soft robot at the microscale.  At a larger scale of a few 

millimeters, PDMS-based walkers have been engineered from microfabricated cantilevers
88

 and 

hand-cut, MTFs formed into a 3D device
31

 (Figure 2.9B).  In order to more rapidly engineer 

different devices designs, recent work has used photo-crosslinkable polyethylene glycol and 

stereolithography to 3D print soft robots termed biobots that can walk
89, 90

.   All of these 

examples used cardiac muscle tissue and demonstrated that slip-stick motion can enable the 

device to walk in a specific direction.   There are also examples of swimming soft robots that are 

able to move through media or physiologic solutions when field stimulated to contract.  At the 

simplest level, cardiac MTFs have been engineered with aligned muscle cells running from the 

base to tip of an isosceles triangle on the millimeter scale
31

.  Due to this shape, the point of the 

triangle bends more and creates a tail that flaps when the muscle contracts and provides directed 

swimming motion.  By controlling the field stimulation frequency, the cardiac MTF motion can 

be optimized to maximize swimming velocity.  More advanced swimming soft robots have been 

engineered by mimicking the body plan (shape and muscle architecture) of the jellyfish to create 

a construct termed a medusoid
80

.  By testing a variety of body shapes and muscle designs (Figure 

2.9C-D), it was shown that properly engineering both is required to have a medusoid that can 

swim (Figure 2.9E).  This also shows that soft robots can effectively mimic the function of real 
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organisms, even though the materials and control schemes may be different.  Larger muscle-

powered soft robots have been engineered at the centimeter-scale, but the greater power needed 

to drive these devices has prevented the use of engineered muscle tissue.  Instead, swimming 

robots with rigid bodies and flexible rubber tails have been engineered by explanting the 

semitendinosus muscle from frogs and attaching them to the robot to drive tail flapping
91

 (Figure 

2.9F).  This demonstrates that with a large enough muscle tissue, relatively-large robots can be 

actuated.   In total, these proof-of-concept examples from the past decade highlight the advances 

that have been made in motile soft robots.  However, challenges remain before these 

technologies can be scaled-up, and to date engineered muscle tissue cannot match the size or 

performance of explanted muscle tissue. We look to build on this body of work, in terms of using 

specific ECM cues to direct the alignment and differentiation of contractile, 2D human skeletal 

muscle myotubes as well as to engineer contractile 3D muscle constructs based on techniques 

that have been previously demonstrated to form contractile in vitro muscle constructs. 
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Figure 2.9. Examples of muscle-powered soft robots that can walk and swim.  (A) Schematic of a 

microfabricated walker driven by cardiac muscle. Cardiomyocytes are seeded on the Au film (yellow) and form an 

integrated, microscale muscle tissue that is subsequently released by dissolving the PIPAAm.  This produces a free-

standing microdevice capable of walking when muscle cells are field stimulated to contract. (B) A schematic and 

corresponding microscopic images of an MTF with integrated cardiomyocytes formed into a construct termed a 

‘myopod’.  When field stimulated to contract the myopod is capable of walking (scale bars are 1 mm).   (C) Top 

down and (D) side view schematics of an MTF with integrated cardiomyocytes in the form of a tissue engineered 

jellyfish termed a ‘medusoid.’  The medusoid has a micropatterned muscle structure and body plan based on the 

actual jellyfish and when field stimulated to contract is capable of swimming.  (E) A microscopic image of the 

medusoid floating in the Tyrode’s solution in which it swims.  (F) A top-down schematic of a swimming robot that 

mimics a fish and is powered by explanted frog muscles that are sutured onto the device.  Integrated batteries supply 

the electric charge to alternately stimulate the muscles on either side of the robot to contract, thus actuating the tail in 

a side-to-side motion and enabling it to swim. (A) Adapted by permission from Macmillan Publishers Ltd: 

NATURE MATERIALS, Ref 82, Copyright 2005. (B) Adapted from Ref 32. Reprinted with permission from 

AAAS. (C-E) Adapted by permission from Macmillan Publishers Ltd: NATURE BIOTECHNOLOGY, Ref 80, 

Copyright 2012. (F) Adapted from Ref 92. 
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Chapter 3 
Understanding the Role of ECM Protein 

Composition and Geometric Micropatterning 

for Engineering Human Skeletal Muscle 
 

3.1 Introduction 

 Skeletal muscle is composed of billions of molecular motors that are organized into a 

contractile, multiscale system that provides force generation for a diverse array of living 

organisms
1
. During the process of myogenesis, myoblasts align with one another, fuse 

membranes to form myotubes, and then begin to assemble the internal cell machinery into 

organized sarcomeres of myosin heavy chain (MHC) and actin, the portions of skeletal muscle 

that serve as actuators at the sub-cellular level
2, 3

.  Skeletal muscle has unique capabilities 

including the ability to repair minor injuries and adapt to workloads by increasing volumetric 

muscle mass. However, in humans this ability to maintain or restore normal structure and 

function becomes impaired during disease and injury. Understanding how these repair and 

regeneration mechanisms work is therefore critical to developing new regenerative therapies for 

skeletal muscle diseases as well as for applications in in vitro pharmaceutical testing and as 

actuators for soft robotics and bioprosthetics
4
. Here we were specifically interested in 

understanding the role the extracellular matrix (ECM) plays in driving functional skeletal muscle 

formation since the ECM provides specific architectural and biochemical cues that guide tissue 

formation in vivo.  Researchers have demonstrated that the cell-ECM interface can be leveraged 

http://link.springer.com/article/10.1007%2Fs10439-016-1592-8
http://link.springer.com/article/10.1007%2Fs10439-016-1592-8
http://link.springer.com/article/10.1007%2Fs10439-016-1592-8
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to engineer skeletal muscle in 2D and 3D in vitro systems
5, 6

, and ECM from decellularized 

tissues has been used to promote regeneration of skeletal muscle defects in human patients
7
.  

 Engineering skeletal muscle tissue in vitro requires an understanding of the 

microenvironmental cues that drive myogenesis, including ECM composition and architecture, 

as well as species specific differences as we transition to human systems. A number of in vitro 

studies have shown that myotube formation and contractility depends on specific 

microenvironmental cues including stiffness
8-10

, patterning of ECM proteins
11-13

, and ECM 

composition
5
. However, a quantitative understanding of how specific ECM proteins and their 

spatial patterning controls skeletal muscle differentiation and alignment is still needed. Skeletal 

muscle has been engineered from a variety of species in vitro, but it has proved much more 

difficult to differentiate and maintain human skeletal muscle
14, 15

.  The immortalized C2C12 

mouse myoblast cell line is widely studied, and has been used by many researchers to engineer 

2D myotube constructs
16-19

.   There are also many examples of 3D engineered skeletal muscle 

constructs derived from primary rat muscle and fibroblast co-cultures
20

, primary chick muscle
21

, 

primary mouse myoblasts
22

, and C2C12 myoblasts 
23, 24

. However, there are far fewer examples 

of engineered human skeletal muscle constructs in vitro. Vandenburgh and co-workers 

established a protocol to engineer contractile human bioartificial muscles that increased in 

maturity with mechanical stimulation
25

. Recently, Bursac and co-workers developed a method to 

engineer functional human skeletal muscle constructs that integrated into in vivo mouse models 

and responded to pharmaceutical stimulation
26, 27

. However, despite the advances of these 3D 

engineered human skeletal muscle constructs, they are formed by casting cell within isotropic 

hydrogels and rely on self-organization to compact into final form. For this reason, 2D platforms 
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are still attractive as tools to better understand the interplay between the ECM and myogenesis in 

engineered muscle constructs. 

 The aim of this study was to understand how the composition and microscale geometric 

patterning of ECM proteins on a surface controls the differentiation of myoblasts into aligned 

myotubes.  Further, we wanted to determine whether the response was species specific and 

differed between standard murine C2C12s and more clinically relevant human cell lines. 

Previously, we differentiated C2C12s on micropatterned lines of fibronectin (FN) and quantified 

how line geometry influenced myotube formation
12

. Specifically, these results led us to 

investigate how different ECM proteins affected myotube formation and alignment from C2C12 

and human primary myoblasts. First, we wanted to determine if ECM proteins found in skeletal 

muscle would increase myotube differentiation, in terms of density (surface coverage) and 

length. To test this, we compared myotube differentiation on FN, collagen type IV (Col IV), 

laminin 111 (LAM), and collagen type I (Col I), all major components of skeletal muscle ECM
28-

31
.  Second, we wanted to determine the critical line width and spacing to uniaxially align 

myotubes while simultaneously maximizing myotube density and uniaxial alignment.  To test 

this, we differentiated myoblasts on microcontact printed (μCP) ECM protein lines with 10, 15, 

20, or 30 μm spacings and 20, 50, 100, or 200 μm widths, as well as on isotropically coated 

controls. Finally, we wanted to determine whether cell source affected myoblast response to 

ECM guidance cues. To test this, we differentiated C2C12 mouse myoblasts and human skeletal 

muscle derived cells (SkMDCs) on these ECM line patterns.  
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3.2 Materials and Methods 

3.2.1 Substrate Fabrication 

 The ECM protein micropatterned substrates were fabricated based on previously 

published techniques
12, 32

. Briefly, Sylgard 184 polydimethylsiloxane (PDMS; Dow Corning 

Corp.) base and curing agent were mixed at a 10:1 mass ratio, respectively. PDMS was 

spincoated onto 25 mm diameter glass coverslips at 4,000 rpm to create an approximately 15 μm 

thick PDMS layer. PDMS coated coverslips were cured at 65°C for at least 4 hours before use. 

PDMS stamps for μCP were fabricated as previously described with the exception that MF-26A 

(Dow Electronic Materials) was used as the developer for the SPR 220.3 positive photoresist 

(MicroChem Corp.)
12

. PDMS stamps with 10, 15, 20, and 30 μm line spacings and 20, 50, 100, 

and 200 μm line widths were created for a total of 16 micropattern conditions. Patterns are 

referred to as width x spacing (e.g. a pattern with 50 μm lines and 10 μm spacings is 50x10). 

 All ECM proteins used for μCP were diluted with distilled water to final concentrations 

of 50 μg/mL for human FN (Sigma-Aldrich), 200 μg/mL for mouse LAM (Life Technologies), 

200 μg/mL for mouse Col IV (Life Technologies), and 500 μg/mL for rat tail Col I (Corning). 

The procedure for μCP was followed as previously described 
12

. Briefly, PDMS stamps were 

sonicated feature side up for 30 minutes in 50% ethanol solution. Stamps were dried with a 

nitrogen air gun, the feature side was coated with protein solution and incubated for 1 hour at 

room temperature. Stamps were rinsed twice in distilled water and dried with the nitrogen gun. 

PDMS coated coverslips were UV ozone treated for 15 minutes and stamps were inverted and 

placed in conformal contact with the coverslip for 5 minutes to transfer the ECM protein lines. 

Stamps were then removed, and the patterned coverslips were incubated with 1% w/v Pluronic 
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F-127 solution for 5 minutes followed by three rinses of phosphate buffered saline (PBS). For 

isotropically coated coverslips, UV-ozone treated PDMS coverslips were inverted onto 200 μL 

of protein solution for 15 minutes, followed by 3 rinses of PBS. Samples were used immediately 

or stored in PBS at 4°C for up to 2 weeks. 

3.2.2 Cell Culture 

 Reagents were obtained from Life Technologies unless indicated otherwise. The murine 

C2C12 cell line (CRL-1722, ATCC) was cultured and differentiated as recommended by the 

supplier at 37°C and 10% CO2. Cells were cultured and expanded in growth media (GM) (high 

glucose DMEM (Corning) supplemented with 10% fetal bovine serum, 1% penicillin-

streptomycin, and 1% L-glutamine (200 mM)) and split at 1:10 ratios at 80% confluence. Cells 

were used at <12 passages from the supplier and were seeded at a density of 30,000 cells/cm
2
 on 

micropatterned substrates. C2C12s proliferated in GM on substrates for 24 - 48 hours in order to 

reach 100% confluence on micropatterned lines. GM was then exchanged for differentiation 

media (DM) (high glucose DMEM (Corning) supplemented with 2% horse serum, 1% penicillin-

streptomycin, and 1% L-glutamine (200 mM)), and exchanged daily for 6 days. After 

differentiation, samples were ready to be fixed and stained for analysis of myotube formation as 

described below. 

 Human SkMDCs were obtained from Cook MyoSite. Cells were cultured according to 

the supplier recommendations at 37°C and 5% CO2. Additionally, cells were maintained below 

80% confluence in MyoTonic Growth Medium (Cook Myosite) during expansion. Cook’s 

SkMDCs were seeded on substrates at 40,000 cells/cm
2
 and were switched to MyoTonic 

Differentiation Medium (MDM - Cook Myosite) after cells reached confluence on patterned 
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lines. MDM was exchanged every 48 hours for 6 days. After differentiation, samples were fixed 

and stained for analysis of myotube formation. 

3.2.3 Immunofluorescence Staining and Imaging 

 Samples were fixed, stained for myotubes, and imaged to quantify myotube formation as 

previously described
12

. Reagents were obtained from Life Technologies unless otherwise 

indicated. After 6 days in DM, myotubes were rinsed in PBS (0.625 mM Mg
2+

 and 0.109 mM 

Ca
2+

) and fixed with 0°C methanol (Fisher Scientific) for 2 minutes. Samples were then rinsed 

with PBS 3 times for 5 minutes and incubated with 5% v/v goat serum in PBS for 1 hour. 

Samples were rinsed in PBS 3 times for 5 minutes prior to incubating for 1 hour with 1:200 and 

1:100 dilutions of DAPI and monoclonal mouse MHC antibody in PBS, respectively. Samples 

were rinsed three times with PBS and incubated for 1 hour with a 1:100 dilution of Alexa Fluor 

555 conjugated with goat anti-mouse antibody. Samples were again rinsed 3 times in PBS prior 

to being mounted onto slides using Prolong Gold Anti-fade. Samples were imaged using a Zeiss 

LSM 700 laser scanning confocal microscope to obtain z-stacks and tile scans of samples. Tile 

scans were typically 1.28 mm x 1.28 mm. Some tile scans for myotube length were between 2.56 

mm x 0.64 mm and 4.48 mm x 0.64 mm in order to ensure that a measurable number of 

myotubes did not extend out of the field of view for length and myotube fusion index (MFI) 

measurements. 

3.2.4 Image Analysis 

 Post-processing of images was performed as previously described
12, 33

. MHC staining 

was used to identify myotubes and DAPI to identify nuclei. Percent area myotubes, MFI – or 

nuclei/myotube, and myotube length were used as metrics for myotube maturity. We also 
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measured myotube alignment relative to the μCP ECM lines. ImageJ was used to quantify all of 

these metrics using images with immunofluorescent MHC staining. To quantify percent area 

myotubes, the MHC channel was isolated, thresholded, converted to an 8-bit binary, and holes 

where nuclei had been were filled using the ‘fill holes’ feature within the binary menu. The 

percent of MHC positive pixels were then quantified using the ‘analyze particles’ feature. 

Myotube lengths and orientation were measured manually using the line tool, and MFI was 

quantified manually using the cell counter plug-in. Myotubes that extended outside of the field of 

view were not quantified for length, MFI, or orientation. 

3.2.5 Statistical Analysis 

 All statistics were performed using SigmaPlot (Systat Software Inc.). Statistical analyses 

were performed as one-way ANOVA or ANOVA on ranks as deemed appropriate based on 

normality and equal variance tests. Data that failed normality or equal variance tests are reported 

as median (med) and interquartile range (IQR); data that passed normality and equal variance 

tests are presented as mean ± SD. The following post hoc tests were used: Student-Newman-

Keuls Method (Figure 3.3D), Dunn’s method (Figures 3.3E, 3.3F, 3.6C, 3.6D, 3.8E, 9F, and 9G), 

and Holm-Sidak Method (Figures 3.6A, 3.7, 3.12, and 3.10A). Differences were considered 

statistically significant at p < 0.05.  

3.3 Results 

3.3.1 C2C12 differentiation into myotubes is dependent on ECM composition and patterning 

 To investigate how specific ECM proteins influenced the differentiation of myoblasts 

into myotubes we compared C2C12 myotube formation on FN, LAM, Col IV, and Col I. First, 

we screened myotube formation on coverslips micropatterned with 100x20 lines or uniformly 
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coated with the ECM proteins as isotropic controls (Figure 3.1). The 100x20 lines were selected 

based on our previous studies that showed FN lines with these dimensions guided formation of 

aligned myotubes from C2C12 cells
12

. Qualitative results showed that all surfaces supported 

 Figure 3.1. Phase contrast images of C2C12 cells differentiated on FN, LAM, Col IV, and Col I. Samples 

were differentiated on isotropically coated coverslips and 100x20 micropatterns. After 6 days of differentiation, 

cells begin to delaminate from μCP lines of Col IV and Col I and isotropically coated Col I. However, 

myotubes were able to form on both μCP or isotropically coated LAM and FN. Scale bars 200 μm. 

 



45 
 

myoblast adhesion and spreading at day 0 in GM, however by day 6 in DM, cells were no longer 

attached to the coverslip (delaminated) on isotropic Col I and micropatterned lines of Col I and 

Col IV. The delamination from the micropatterned lines of Col I and IV began after the switch to 

DM (see Figure 3.2). This demonstrated adhesion of myoblasts during differentiation depended 

on both the ECM protein composition and patterning in 2D.  

 To understand this further, we differentiated C2C12s into myotubes, as measured by 

MHC positive cells, and quantified myotube length, MFI, and myotube area on micropatterned 

lines of FN, Col IV, and LAM. Note that we included Col IV in the analysis for comparison; 

even though most of the cells had delaminated once switched to DM, and by day 6 in DM there 

were very few myotubes present (Figure 3.2B). Results showed that differentiation was highly 

dependent on ECM protein composition (Figure 3.3 A-C). The C2C12s on the micropatterned 

LAM lines differentiated into a significantly greater number of myotubes based on MHC 

positive cells (Figure 3.3D), were significantly longer (Figure 3.3E), and had significantly higher 

MFI (Figure 3.3F) than cells on FN or Col IV. Importantly, the LAM surface outperformed the 

 Figure 3.2: C2C12 myoblasts delaminate rapidly on Col I and Col IV. (A) C2C12 myoblasts were switched to 

DM after reaching confluence on 100x20 micropatterned lines of Col I (Day 0). At both low (100 µg/mL) and high 

(1 mg/mL) Col I concentrations, myoblasts began peeling off of patterned Col I before fusing to form myotubes 

(Day 1, Day 2). (B) C2C12 myoblasts were switched to DM after reaching confluence on 100x20 micropatterned 

lines of Col IV (Day 0). At both low (100 µg/mL) and high (200 µg/mL) Col IV concentrations, myoblasts began 

peeling off of patterned Col IV before fusing to form myotubes (Day 3, Day 6). Scale bars 200 µm. 
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FN surface, which we previously showed was effective for engineering anisotropic 2D skeletal 

muscle tissue and which other groups have used to pattern cardiac muscle
34, 35

 and vascular 

smooth muscle
36, 37

. The median values for myotube area and MFI on LAM were 1.5-times and 

2-times those on FN, respectively.  This indicates that LAM increased the total number of 

myoblasts that differentiated into myotubes as well as the number of myoblasts that fused into a 

single myotube.  

 

  

Figure 3.3. C2C12 myoblasts form longer, more nucleated myotubes on 

LAM lines. C2C12 myotubes differentiated for 6 days on 100x20 lines of (A) 

FN (B) LAM and (C) Col IV show increased myotube formation on LAM and 

delamination of myotubes from Col IV after staining for MHC and nuclei. (D) 

Myotubes formed on LAM lines had significantly higher MFI than those 

differentiated on FN or Col IV. (E) Myotubes differentiated on LAM were 

significantly longer than those differentiated on FN or Col IV, and myotubes 

differentiated on FN were also significantly longer than myotubes that formed 

on Col IV. (F) Percent area of myotubes formed on LAM lines was also 

significantly higher than on FN or Col IV, and significantly more percent area 

myotubes formed on FN than on Col IV. * p < 0.05 compared to FN and Col I. 

# p < 0.05 compared to Col IV. Scale bars 200 μm. Blue – DAPI; Red – MHC. 
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Figure 3.4: Myotubes formed on isotropic coatings of LAM. (A) C2C12 and (B) 

Cook’s human SkMDC myotube formation on isotropic LAM coated coverslips. 

Histograms of myotubes on isotropic LAM for (C) C2C12 cells and (D) human SkMDCs 

shows little to no preferential orientation or alignment of myotubes. Blue – DAPI, Red – 

MHC. Scale Bars 200 μm. 

3.3.2 LAM line width and spacing dictates C2C12 myotube differentiation and alignment 

Based on the results of the ECM screen (Figure 3.3), we next investigated LAM micropatterned 

line width and spacing to determine how geometric cues influenced myotube differentiation and 

uniaxial alignment. We evaluated 16 conditions consisting of 20, 50, 100, and 200 μm line 

widths and 10, 15, 20, and 30 μm line spacing in addition to an isotropic control (Figure 3.5, 

Figure 3.4A). These conditions were chosen based on previous results using micropatterned FN 

lines in our own studies and in the literature
12, 38

. As expected, the isotropic control sample had 

C2C12 myotubes oriented in all directions, as confirmed by the MHC stain and histogram of 

myotube alignment angle (Figure 3.4A-B). At the 10 μm line spacing, the myotubes were able to 

bridge between the micropatterned lines and as a result aligned at a 20° to 30° angle to the lines 

(Figure 3.5). At the wider 15, 20, and 30 μm line spacing the myotubes generally followed the 

micropatterned lines, though there were clear differences in myotube differentiation, orientation, 

length and MFI.  
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 Next, we quantified the myotube formation on the micropatterned LAM lines in order to 

determine the patterns that maximized the amount of uniaxially aligned muscle tissue. Similar to 

our previous results on FN lines
12

, the width and spacing of micropatterned LAM lines had a 

significant impact on myotube differentiation (Figure 3.6A). Myotube area was comparable to 

 
Figure 3.5. Representative images of C2C12 cells differentiated on 16 different line patterns of LAM. 

Myotubes deviate from aligning with the designated pattern when geometric spacing is too narrow (<15 μm), or 

when the lines are too wide (200 μm). White arrows represent direction of μCP lines. Scale bars 200 μm. Blue – 

DAPI; Red – MHC. 
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the isotropic controls at the 10 and 15 μm line spacing for all line widths. However, the 

myotubes on these surfaces bridged between the LAM lines at these narrower spacings. The 

width of the LAM lines was also found to be an important factor, especially at the 20 and 30 μm 

line spacing. Differentiation was clearly lowest for the 20 μm line width and increased to a 

maximum level for the 200 μm line width. However, this seemed to be due to differences in 

LAM surface area, as normalizing the myotube area by the LAM surface area showed 

statistically equivalent results for all line widths (Figure 3.7). Myotube orientation generally 

showed a trend that was opposite to that of myotube area, with uniaxial alignment being better 

for surface patterns that had lower myotube area.  Myotubes grown on lines with spacings of 10 

and 15 μm grew aligned relative to each other (Figure 3.6B), but these dimensions enabled 

bridging across the spacings, resulting in myotubes oriented off axis to the micropatterned lines. 

The 20 and 30 μm line spacings resulted in uniaxial myotube alignment and prevented myotubes 

from bridging across LAM lines (Figure 3.6B). However, on the wider LAM lines, particularly 

100 and 200 μm wide lines, the myotubes also began to orient off axis to the pattern. Finally, 

myotube length (Figure 3.6C) and MFI (Figure 3.6D) were similar across most of the 

micropatterns, with the exception that both metrics were significantly lower on the 20x20 and 

20x30 patterns compared to the wider lines. Note that myotube length and MFI were not 

calculated for the 10 μm spacing because the myotubes did not align well with the pattern and 

thus were not considered effective for engineering aligned skeletal muscle.   Thus, the 

micropatterns that had the best uniaxial alignment parallel to the lines were also the patterns with 

the lowest myotube area. Additionally, myotubes differentiated on the 100 and 200 μm wide 

lines had trends towards longer myotubes length and higher MFI compared to isotropic controls, 

which suggested that that this more organized guidance of myotube fusion resulted in more 
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Figure 3.6. Quantification of C2C12 myotube alignment, area, length, and MFI on 16 LAM line 

geometries. (A) Percent area myotubes is higher on 10 and 15 μm spacing conditions because myotubes have 

more patterned area of LAM on which to form. (B) The orientation of lines is marked at 90°. Myotubes maintain 

alignment with the patterned ECM when the line spacing is 20 or 30 μm, and line width is < 200 μm. (C) Longer 

myotubes formed on from patterned lines >20 μm wide. (D) Myotubes formed on wider lines were the result of 

fusion of significantly more myoblasts as measured by MFI. Length and MFI were not quantified for line 

spacings of 10 μm as myotubes were not restricted to form uniaxially along the pattern. † p< 0.05 compared to 

10 and 15 μm spacings and all widths; # p< 0.05 compared to 10 μm spacings; * p< 0.05 compared to 20x20 and 

20x30; ^ p< 0.05 compared to isotropic; ‡ p< 0.05 than 20x30; $ p< 0.05 compared to 50x30; Ø p<0.05 

compared to 50x20 and 100x30; § p< 0.05 compared to 50x15 and 200x30; x p< 0.05 compared to 100x20; @ 

p< 0.05 compared to 100x15 and 200x20. 

mature myotubes. In total, these results suggested that LAM line geometry influenced C2C12 

myotube formation and that patterns that increased differentiation decreased uniaxial alignment.  

 

3.3.3 Human SkMDCs differentiation into myotubes is dependent on ECM composition 

 To determine if human and mouse myoblasts respond similarly to ECM protein cues, we 

repeated the ECM protein screen performed for the C2C12 (Figure 3.3) for human SkMDCs on 

Col I, Col IV, FN, and LAM (Figure 3.8). The human myotubes differentiated poorly and 

delaminated on Col I and Col IV (Figure 3.8A-B), appeared to differentiate marginally better on 
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FN (Figure 3.8C) and differentiated 

robustly on LAM (Figure 3.8D). There was 

significantly greater myotube formation on 

LAM, greater than 2-times, compared to on 

Col I, Col IV, and FN (Figure 3.8E). 

Myotubes formed on LAM lines were also 

significantly more mature as measured by 

myotube length and MFI. Human 

myotubes formed on LAM were greater 

than 3-times longer than myotubes formed 

on Col I, Col IV, and on FN (Figure 3.8F). 

Similarly, human myotubes formed on 

LAM had approximately 2-times greater 

MFI than myotubes formed on Col I and 

Col IV (Figure 3.8G). In total, these results 

demonstrated that human SkMDCs, which 

behave as myoblasts in our system, 

differentiated better on micropatterned LAM lines as compared to the other ECM proteins 

evaluated.   

 

 

 

Figure 3.7:C2C12 myotube area normalized for area 

LAM lines. C2C12 myotube formation measured by 

percent area myotubes and normalized for percent area of 

patterned LAM. Significantly more myotubes formed on 

patterns that allowed C2C12 myoblasts to fuse across line 

spacings rather than restricting myotube fusion to occur 

only on μCP lines. Additionally, guidance cues from μCP 

lines appear to increase myotube area/LAM area as 

several of the conditions have significantly more myotube 

formation than the isotropic control. n = 6. Lines 

represent p<0.05.  
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3.3.4 LAM line width and spacing has limited effect on human SkMDC myotube differentiation 

and alignment 

 Next, we performed a smaller pattern screen with human SkMDCs to determine if the 

different micropatterned LAM line geometries affected human myotube formation similarly to 

the C2C12 cells. We evaluated 9 conditions consisting of 50, 100, and 200 μm wide lines and 10, 

15, and 20 μm spacing as well as an isotropic control (Figure 3.9, Figure 3.4C).  We did not 

include 20 μm wide lines as these resulted in poor myotube formation for the C2C12s and did 

not include 30 μm line spacing because the 20 μm spacing was as effective at aligning myotubes 

while supporting greater myotube area (Figure 3.6). Interestingly, the human myotubes did not 

Figure 3.8. Human SkMDCs form longer, more nucleated myotubes on LAM.(A-D) Representative images 

of MHC and DAPI staining of human myotube formation on 100x20 lines. (E) Quantifying the percent area of 

myotube formation for human skeletal muscle cells shows significantly higher myotube area on LAM compared 

to Col I, Col IV, and FN. Myotube formation on Col I is highly variable. (F) Human myotubes formed on LAM 

lines are significantly longer than myotubes formed on Col I, Col IV, and FN. (G) Human myotubes formed on 

LAM lines also have significantly higher MFI than those formed on Col I and Col IV lines. * p <0.05 compared 

to Col I, Col IV, and FN. # p < 0.05 compared to Col I and Col IV. Scale bars 200 μm. Blue – DAPI; Red – 

MHC. 
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behave the same as 

the C2C12 

myotubes and 

instead became 

similarly aligned on 

all LAM 

micropatterns. All 

the line patterns had 

significantly less 

myotube area than 

the isotropic control 

but otherwise were 

comparable with the 

50x20 line pattern 

having 

approximately half that of myotubes on the 200x10, 200x15, and 200x20 line patterns (Figure 

3.10A).  Normalizing the myotube area by the LAM surface area indicated that the 50x20 pattern 

had significantly less myotube formation, but no statistical differences were observed between 

the other patterns (Figure 3.12). Human myotubes on all LAM patterns were uniaxially aligned 

to the lines, different than the isotropic control (Figure 3.4D), but with no statistically significant 

difference between line patterns (Figure 3.10B). Myotube orientation only began to deviate from 

the line pattern at the 200 μm width, as the distribution angles increased (Figure 3.10B). Similar 

to the uniaxial alignment of the human myoblasts on all patterns, there were no statistical 

 
Figure 3.9. Representative images of human myotube formation after 6 days of 

differentiation on 9 line patterns of LAM. Myotubes do not appear to deviate from 

line patterns with narrow line spacings (<20 μm) to the extent that C2C12 mouse 

myoblasts do. Scale bars 200 μm. White arrows represent orientation of LAM lines. 

Blue – DAPI; Red – MHC 
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significant difference in myotube length (Figure 3.10C) and MFI (Figure 3.10D) between the 

different LAM line widths and spacings. As a further control to account for lot-to-lot variability, 

we evaluated five additional human SkMDC lines, and while there were differences in 

differentiation efficiency, all formed well-aligned myotubes on the LAM patterns.  This suggests 

that our results indicated a difference between species, and were representative of human 

SkMDC cells.   

3.3.5 Micropattern geometries that maximize formation of aligned muscle is species specific 

 Finally, we evaluated the data on myotube area and alignment for both C2C12 and 

human SkMDC cells to directly compare across species. For the C2C12s, myotube orientation 

angle was plotted as a function of myotube area, and this confirmed that there was an inverse 

relationship between these properties (Figure 3.12A). While it was possible to achieve myotube 

Figure 3.10. Quantification of human SkMDC myotube alignment, area, length, and MFI on 9 LAM line 

geometries. (A) Percent area myotubes for each LAM line pattern and isotropic control (not normalized for percent 

area of patterned LAM) shows an increase in myotube formation as the line width increases, as expected. (B) With 

90° representing parallel orientation to the μCP LAM,  there was no significant difference in orientation on patterned 

lines. (C) There is no statistical difference in myotube length or (D) MFI for human myotubes grown on 9 different 

line width and spacing conditions of LAM. * p< 0.05 compared to 50x20; # p < 0.05 compared to 50x10, 50x15, and 

100x20; ‡ p< 0.05 compared to all other conditions. 
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areas as high as approximately 40%, it was at the expense of alignment. When taking uniaxial 

alignment in the direction of the line micropatterns into consideration, the maximum myotube 

area that could be achieved was much lower at approximately 25%. In contrast, for the human 

SkMDCs, the relationship between myotube orientation angle and myotube area was completely 

different, showing minimal dependence on the micropattern geometry (Figure 3.12B). For all 

conditions the human myotubes were uniaxially aligned in the direction of the micropatterned 

lines.  The human myotubes we able to bridge across the LAM lines at the narrower line 

spacings, but this did not cause the myotubes 

to change their angle of orientation, as it did 

for the C2C12 myotubes. Thus, increasing 

myotube area was dependent primarily on the 

width of the LAM line, and the maximum 

that could be achieved was approximately 

35%.  Together, these results highlight the 

differential response of human and murine 

skeletal muscle cells to the LAM 

micropatterned surface, and that even though 

the C2C12s could achieve a greater myotube 

area, the human cells achieved a greater 

uniaxially aligned myotube area.  

  

Figure 3.11: Human SkMDC myotube area 

normalized for area LAM lines. Human SkMDC 

myotube formation normalized for percent area μCP 

LAM for each pattern. Unlike C2C12s, human 

SkMDCs form higher percent area myotubes/area LAM 

on isotropically coated LAM. Additionally, myotubes 

formed on 50x20 patterns had significantly less 

differentiated myotubes even after normalization for 

patterned area. Myotubes did not fuse across 10 and 15 

μm line spacings, so there significantly higher myotube 

formation was not observed on these patterns when 

normalized for area patterned LAM as observed with 

C2C12 myotubes. N = 5 for 50x10 and 100x10 

patterns. N = 6 for all other conditions. Lines represent 

p<0.05.  
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3.4 Discussion 

 Overall, our results show that myotube formation and uniaxial alignment in 2D 

engineered skeletal muscle depends on composition and micropatterning of the ECM proteins 

and the cell source. We observed a tradeoff between myotube orientation and myotube area for 

C2C12s that was not observed for human SkMDC derived myotubes. This could be attributed to 

donor variation in the human cells, but 5 different donor lots differentiated on the same patterns 

all behaved similarly (Figure 3.13). Specifically, we observed that line spacings of 10 or 15 μm 

enabled C2C12 myotubes to bridge between LAM lines and thus did not align to the pattern 

(Figure 3.5). However, these same line spacings were able to align human myotubes on the LAM 

lines parallel to the pattern (Figure 3.8). There are multiple potential reasons for these 

differences. First, the C2C12s are an immortalized myoblast cell line and behave differently than 

primary isolated muscle precursor cells. For example, they are more proliferative than human 

Figure 3.12. Scatterplots of myotube orientation v. percent area myotubes. (A) Scatterplot of percent area 

myotubes against the orientation of myotubes for each pattern shows a trend of increasing deviation from alignment 

with the patterned lines as percent area of myotubes increases. There is a tradeoff for increasing the amount of 

myotube formation and maintaining uniaxial organization of myotubes. (B) Scatterplot with human myotube 

orientation and percent area shows there is not a decrease in alignment with LAM lines (90°) with an increase in 

percent area myotubes and decrease in line spacing, as is observed with C2C12 myotubes. Error bars represent 

standard deviation. 
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SkMDCs, reaching confluence at a faster rate (data not shown). This rapid C2C12 proliferation 

rate may lead to transient overcrowding on the lines that facilitated bridging across the smaller 

10 and 15 μm line spacings, and subsequent fusing with cells on adjacent lines. In contrast, the 

human SkMDCs did not proliferate as rapidly and thus fused with cells on the same LAM line. 

The large size of the myotubes means that they are unlikely to bridge once they have formed. 

Thus, the difference in response by the murine and human muscle cells may be due in part to 

intrinsic differences in growth rate.  Second, C2C12s myotubes appeared to have an inherent bias 

in the direction of alignment relative to the direction of the myotube lines.  This was observed on 

the patterns with 10 and 15 μm spacings as well as on the 100 and 200 μm lines with wider 

spacings. This was most notable on the 200x20 pattern (Figure 3.5 and Figure 3.6B), where the 

C2C12 myotubes were entirely confined to the 200 μm wide LAM lines but still aligned 5° to 

10° off axis to the pattern. We observed the exact same behavior on FN lines in previous work
12

, 

and other groups have reported similar responses as well for C2C12s on micropatterns
38, 39

 . 

Thus, there are clearly genetically encoded similarities and differences in cell response to 

microenvironmental cues between the C2C12 and human muscle cells.  

 This raises a number of interesting questions regarding the mechanisms involved in 

Figure 3.13: Phase images of human SkMDCs on μCP 100x20 lines of LAM. Different donor isolations are 

represented in each image, with donor age and gender represented in the upper right. Degree of myotube 

formation varies from sample to sample, but even in phase it is apparent that samples with myotube formation 

generally have wide, long myotubes that take up most of the patterned line area, just as the samples from the 17F 

donor that were quantified in the other sections of this chapter. This increased alignment and restriction to 

patterned lines is a qualitative trend for human SkMDCs isolated by Cook Myosite. Scale bars 200 μm 
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muscle differentiation across species as well as the interplay between physical and biochemical 

cues in the microenvironment. For example, both murine C2C12 and human SkMDCs 

demonstrated significantly increased differentiation on LAM lines compared to FN, Col I and 

Col IV (Figures 3 and 8). There are multiple potential reasons for this, but one possibility is the 

different integrins used to attach to these ECM proteins. As noted, we observed poor 

differentiation of C2C12s and human SkMDCs on both collagens. This could be related to the 

fact that a 5-fold increase in fibrillary collagens has been observed in very old muscle, as well as 

increases in β1 integrin, suggesting that Col I may inhibit myogenesis in vivo
40

. Additionally, 

when porcine myoblasts were differentiated on Col I, gelatin, FN, Matrigel, and LAM, 

myogenin, a late myogenic marker, was expressed at the lowest levels on Col I
41

. Poor myotube 

formation has also been observed for murine satellite cells cultured on entactin-laminin-collagen 

(ECL) substrates, Col IV, poly-d-lysine, and LAM, where higher myotube fusion rates occurred 

on poly-d-lysine or LAM compared to Col IV or ECL
42, 43

. Col IV content in skeletal muscle is 

also higher in patients with Duchenne muscular dystrophy (DMD) and impaired muscle 

regeneration
44

, which is consistent with increased Col IV gene expression in DMD myotubes
45

. 

Similarly, in mouse models of DMD, LAM 111 injections, which increased the relative amount 

of LAM in the ECM, increased muscle strength in treated mice
46

, and LAM 111 injections in 

mice with muscle damage induced by eccentric exercise resulted in significantly more 

embryonic-MHC positive fibers 
47

. In addition to integrins, it is also known that the dystroglycan 

(DG) receptor binds to laminin globular domain 4 on the LAM α1 chain
48

. The DG complex 

activates pathways that increase myoblast growth
49

 and is one of the proteins that is affected by 

DMD. This results in severe defects in muscle regeneration and eventual loss of structure and 

function of formerly healthy skeletal muscle
50, 51

. In terms of ECM composition, our results and 
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those noted from the literature support the finding that LAM increases murine and human 

myoblast differentiation into myotubes. However, the reasons for differences in myotube 

orientation remain unclear and will require further studies to elucidate. 

 An important aspect of the current study is the delamination of differentiating myotubes 

on micropatterned lines of Col I and Col IV, which could be influencing the interpretation of our 

results. Skeletal muscle myotubes are known to form within Col I gels
21-23

, so the inability of 

myotubes to consistently form on micropatterned lines of Col I and Col IV may be an artifact of 

the μCP method itself. It is possible that the poor myotube differentiation is due to lack of cell 

and/or ECM adhesion to the underlying PDMS, contributing to cell and/or myotube delamination 

during culture. One question is whether the myoblasts detach from the coverslip, or whether the 

myoblasts fuse into myotubes and then detach.  After initial seeding in GM, myoblasts adhered 

on both micropatterned and isotropically coated coverlips of Col I and Col IV (Figure 3.1). 

However, myoblasts began to detach as early as 24 hours after switching to lower serum 

containing DM, (Figure 3.2A). This would suggest that the loss of cells on the Col I and Col IV 

occurs prior to fusion into myotubes, perhaps driven by a decrease in fibronectin and vitronectin 

from FBS removal. It is possible increased cell contractility could result in myoblasts or 

myotubes detaching from the patterned proteins or peeling the patterned proteins off of 

coverslips. In fact, even on the FN and LAM micropatterned lines, which support differentiation, 

myotubes will eventually delaminate after 6-14 days in culture, depending on the specific cell 

type, ECM protein and micropattern used. Recently it has been shown that covalently 

crosslinking FN to PDMS using genipin enabled long term smooth muscle cell attachment on 

micropatterned FN lines
52

. This could potentially be applied to future studies with skeletal 

muscle on patterned lines of Col IV and Col I but was outside the scope of the presented study. 
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In general, more in depth studies need to be performed to determine the reason for myoblast or 

myotube delamination from these proteins at such an early stage of differentiation. Regardless of 

the cause, this is an inherent limitation of the 2D micropatterned in vitro culture system. 

However, this 2D approach was used for these studies because it served a starting point that 

allowed us to probe how ECM composition in conjunction with micropatterned geometry 

influenced myotube formation.  

 Future work will explore the role of ECM composition and micropatterning in more 

advanced 2D and 3D model systems of engineered skeletal muscle. For 2D systems, we are 

interested in measuring contractile force generation using our previously developed muscular 

thin film contractility assay. However, the human myotubes start to delaminate after 6 days but 

must be matured longer than this to become contractile. It may be possible to solve this problem 

by crosslinking the LAM to the PDMS using genipin or by increasing the surface area for 

adhesion by using LAM coated micropatterned ridges. However, we are primarily interested in 

scaling our current findings to engineered 3D skeletal muscle tissues to allow us to differentiate 

myotubes for at least 2 – 4 weeks
5, 15, 22, 27

. An open question is whether LAM can have the same 

effect in 3D muscle differentiation as in 2D, and if so how LAM must be integrated into the Col I 

and fibrinogen gels typically used. Further, 3D muscle constructs more readily provide 

functional metrics of skeletal muscle maturity, such as twitch force and calcium handling 

dynamics. While it is challenging to precisely micropattern LAM cues in 3D, emerging 

technologies such as decellularization
53, 54

 and engineered LAM nanofibers
55, 56

 suggest that we 

may be able to engineer 3D scaffolds comparable to our 2D surfaces in the near future.  
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3.5 Conclusions 

 In conclusion, we have engineered skeletal muscle from murine C2C12s and human 

SkMDCs and demonstrated that myotube differentiation and alignment is dependent on ECM 

protein composition and micropattern geometry. Both C2C12 and human myotube formation 

were significantly increased on micropatterned LAM, and with poor myotube formation 

significant delamination on both Col I and Col IV. The C2C12 myotubes required specific 

geometric cues, line width and spacing, to guide uniaxial myotube alignment compared to human 

SkMDCs. In general, micropatterns that increased myotube area decreased uniaxial alignment of 

C2C12 myotubes. In contrast, all LAM line micropatterns guided human SkMDCs to uniaxially 

align, with no significant differences observed for myotube orientation, length or MFI.  This 

means that myotube formation as guided by ECM composition and geometric cues is species 

dependent. Looking forward, this means the role of microenvironmental cues is complex, 

multifactorial and dependent on cell origin. These factors are critical to understand as theses 

tissue engineering technologies are translated to clinical applications, and further demonstrates 

that utility of the 2D platform to screen multiple parameters as lead up to more targeted studies 

in 3D.  
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Chapter 4 

Trace Amounts of Perlecan in Isolated 

Laminin Influences 2D Human Myotube 

Formation 

 

 

4.1 Introduction 

 Laminin (LAM), one of the major proteins found in the basal lamina of skeletal muscle, 

has 15 confirmed isoforms consisting of different α, β, and γ chains
1
. In the previous chapter, we 

focused on the influence of the LAM 111 isoform on myotube formation because it is 

commercially available as it is sourced from the basement membrane rich Engelbreth-Holm-

Swarm (EHS) sarcoma. Additionally, LAM 111 is critical to embryonic skeletal muscle 

formation and is one of the first isoforms to appear in developing embryos
2, 3

. For these reasons, 

we were interested in investigating the mechanism that drove higher skeletal muscle myotube 

formation on LAM lines, as better understanding of this has applications in engineering 

functional skeletal muscle models in vitro. 

 More specifically, we observed an interesting phenomenon when we changed our 

commercial LAM source. We changed from Invitrogen (Inv) LAM to Beckton Dickinson (BD) 

sourced LAM, and we observed a drastic decrease in myotube formation by both C2C12 and 

human primary skeletal muscle derived cells (SkMDCs). Despite the fact that both LAMs were 

sourced from seemingly identical sites (EHS mouse sarcoma) and were listed as LAM 111 

according to manufacturer product information, we observed significantly less myotube 
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formation on BD LAM, independent of lot or batch number from either company. Because 

proteins are digested out of a larger conglomeration of extracellular matrix (ECM), we 

hypothesized that trace amounts of another key protein in the basement membrane or small 

molecules key to skeletal myoblast binding, such as glycans, were present in the Inv LAM but 

were being stripped from BD LAM during the digestion and purification process. 

 Determining the key difference between the LAM supplied by the two different 

companies is necessary to engineer functional skeletal muscle, because many tissue engineering 

techniques rely on commercially sourced biological ECM proteins. Small discrepancies among 

isolated protein samples limits the quality control of the field of tissue engineering as a whole 

since designing functional tissues relies on precise understanding of how ECM protein binding 

sites influence cell signaling cascades that dictate differentiation processes via integrins and 

other protein binding complexes. For instance, myoblasts adhere to LAM 111 using several 

different β1 associated integrins
4
, syndecans 1-4

1, 5
, and perhaps most importantly, α -

dystroglycan (α-DG)
6, 7

. As an example, α-DG is an important part of the dystrophin 

glycoprotein complex, and mutations in the genes responsible for α-DG  formation result in 

genetic muscular dystrophies
8, 9

.  In this chapter, we will describe our initial findings showing 

that the stark differences in myotube formation is dependent on the source of LAM as well as 

demonstrate the steps taken to determine that small traces of perlecan, a heparan sulfate 

proteoglycan in the basement membrane of skeletal muscle, is likely to account for these drastic 

differences in 2D skeletal muscle formation. 
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4.2 Materials and Methods 

4.2.1 Microcontact Printing 

 The LAM protein micropatterned substrates were fabricated based on previously 

published techniques and as described in Chapter 2
10, 11

. Briefly, Sylgard 184 

polydimethylsiloxane (PDMS; Dow Corning Corp.) base and curing agent were mixed at a 10:1 

mass ratio, respectively. PDMS was spincoated onto 25 mm diameter glass coverslips at 4,000 

rpm to create an approximately 15 μm thick PDMS layer. PDMS coated coverslips were cured at 

65°C for at least 4 hours before use. PDMS stamps for microcontact printing (μCP) were 

fabricated as previously described with the exception that MF-26A (Dow Electronic Materials) 

was used as the developer for the SPR 220.3 positive photoresist (MicroChem Corp.)
10

. PDMS 

stamps with 20 μm line spacings and 100 μm line widths were created.  

 All LAM proteins used for μCP were diluted with distilled water to final concentrations 

of 200 μg/mL. Specifically, we compared Inv LAM, BD mouse LAM (BD LAM >90%), BD 

ultrapure mouse LAM (BD LAM  >95%), and BD Laminin-entactin complex (BD LAM+ENT). 

The procedure for μCP was followed as previously described 
10

. Briefly, PDMS stamps were 

sonicated feature side up for 30 minutes in 50% ethanol solution. Stamps were dried with a 

nitrogen air gun, the feature side was coated with protein solution and incubated for 1 hour at 

room temperature. Stamps were rinsed twice in distilled water and dried with the nitrogen gun. 

PDMS coated coverslips were UV ozone treated for 15 minutes and stamps were inverted and 

placed in conformal contact with the coverslip for 5 minutes to transfer LAM lines. Stamps were 

then removed, and the patterned coverslips were incubated with 1% w/v Pluronic F-127 solution 

for 5 minutes followed by three rinses of phosphate buffered saline (PBS). For isotropically 

coated coverslips, UV-ozone treated PDMS coverslips were inverted onto 200 μL of protein 
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solution for 15 minutes, followed by 3 rinses of PBS. Samples were used immediately or stored 

in PBS at 4°C for up to 2 weeks. 

4.2.2 Cell Culture: C2C12 

 Reagents were obtained from Life Technologies unless indicated otherwise. The murine 

C2C12 cell line (CRL-1722, ATCC) was cultured and differentiated as recommended by the 

supplier at 37°C and 10% CO2. Cells were cultured and expanded in growth media (GM) (high 

glucose DMEM (Corning) supplemented with 10% fetal bovine serum, 1% penicillin-

streptomycin, and 1% L-glutamine (200 mM)) and split at 1:10 ratios at 80% confluence. Cells 

were used at <12 passages from the supplier and were seeded at a density of 30,000 cells/cm
2
 on 

micropatterned substrates. C2C12s proliferated in GM on substrates for 24 - 48 hours in order to 

reach 100% confluence on micropatterned lines. GM was then exchanged for differentiation 

media (DM) (high glucose DMEM (Corning) supplemented with 2% horse serum, 1% penicillin-

streptomycin, and 1% L-glutamine (200 mM)), and exchanged daily for 6 days. After 

differentiation, samples were ready to be fixed and stained for analysis of myotube formation as 

described below. 

4.2.3 Cell Culture: Human SkMDC 

 Human SkMDCs were obtained from Cook MyoSite. Cells were cultured according to 

the supplier recommendations at 37°C and 5% CO2. Cells were maintained below 80% 

confluence in MyoTonic Growth Medium (Cook Myosite) during expansion. Cook’s SkMDCs 

were seeded on substrates at 40,000 cells/cm
2
 and were switched to MyoTonic Differentiation 

Medium (MDM - Cook Myosite) after cells reached confluence on patterned lines. MDM was 

exchanged every 48 hours for 6 days. After differentiation, samples were fixed and stained for 

analysis of myotube formation. 
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4.2.4 Immunofluorescence Staining and Imaging 

 Samples were fixed, stained for myotubes, and imaged to quantify myotube formation as 

previously described
10

. Reagents were obtained from Life Technologies unless otherwise 

indicated. After 6 days in DM, myotubes were rinsed in PBS (0.625 mM Mg
2+

 and 0.109 mM 

Ca
2+

) and fixed with 0°C methanol (Fisher Scientific) for 2 minutes. Samples were then rinsed 

with PBS 3 times for 5 minutes and incubated with 5% v/v goat serum in PBS for 1 hour. 

Samples were rinsed in PBS 3 times for 5 minutes prior to incubating for 1 hour with 1:200 and 

1:100 dilutions of DAPI and monoclonal mouse myosin heavy chain (MHC) antibody in PBS, 

respectively. Samples were rinsed three times with PBS and incubated for 1 hour with a 1:100 

dilution of Alexa Fluor 555 conjugated with goat anti-mouse antibody. Samples were again 

rinsed 3 times in PBS prior to being mounted onto slides using Prolong Gold Anti-fade. Samples 

were imaged using a Zeiss LSM 700 laser scanning confocal microscope to obtain z-stacks and 

tile scans of samples. Tile scans were typically 1.28 mm x 1.28 mm. 

4.2.5 Image Analysis 

 Post-processing of images was performed as previously described
10, 12

. MHC staining 

was used to identify myotubes and DAPI to identify nuclei. Percent area MHC was measured to 

assess myotube formation. ImageJ was used to quantify percent area myotubes. The MHC 

channel was isolated, thresholded, convertedto an 8-bit binary, and the ‘fill holes’ feature within 

the binary menu was used to fill nuclear holes. The percent of MHC positive pixels were then 

quantified using the ‘analyze particles’ feature.  

4.2.6 Deglycosylation of LAMs and Polyacrylamide Gel Electrophoresis 

 BD LAM >90% and Inv LAM were deglycosylated using PNGase (Sigma Aldrich) to 

remove N-linked oligosaccharides.  1 U/μL of PNGase was added to LAM solutions (1 mg/mL) 
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at 2% v/v dilution. Samples were then incubated at 37C for 1 hour. Deglycosylated LAMs were 

then stored at -20°C or used immediately in PAGE gel. Deglycosylated samples are referred to as 

BD LAM >90% (degly) and Inv LAM (degly). To compare MW of intact LAM samples (Figure 

4.4A), 6 μL of 1 mg/mL of each protein was mixed with 2 μL of lithium dodecyl sulfate (LDS) 

buffer (Thermo Fisher) prior to loading into 3-8% NuPAGE® Tris-Acetate protein gels (Thermo 

Fisher). To compare denatured LAM samples, 5 μL of 1 mg/mL of each protein was mixed with 

2.5 μL of distilled water and 2.5 μL LDS sample buffer, and samples were heated at 70°C for 10 

minutes prior to loading into NuPAGE gels. Gels were submerged in Nu-PAGE® Tris-Acetate 

SDS Running Buffer (Thermo Fisher), and 40V was applied across the gel overnight (~16 hours) 

to drive proteins through the gel. The gel was then fixed in a solution of 10% acetic acid and 

10% methanol in distilled water. Coomassie blue stain (Sigma Aldrich) was diluted in the 

fixative solution at 2.5 mg/mL, and the gel was submerged in stain solution for 15 minutes 

followed by 2x30 minute washes with the fixative solution. Gels were imaged using an LAS-

3000 Luminescent Image Analyzer (Fujifilm). 

 To run PAGE gels for glycan staining of BD LAM >90%, BD LAM >90% (degly), Inv 

LAM, and Inv LAM (degly), 20 μL of 1 mg/mL of each sample was mixed with 10 μL distilled 

water and 10 μL LDS loading buffer. Samples were then mixed and denatured by heating at 

70°C for 10 minutes. Samples were then loaded into a 3-8 % NuPAGE® Tris-Acetate protein 

gel, and gels were submerged in running buffer and 40V was applied to the samples for 1 hour. 

As a positive control, 20 μL of 2mg/mL horseradish peroxidase (Thermo Fisher) was mixed with 

10 μL distilled water and 10 μL of LDS sample buffer, and was added to the gel after the larger 

LAM proteins had been driven into the NuPAGE gel. 40V was then applied across the gel for an 

additional 30 minutes. The gel was fixed in 50% methanol for 30 minutes followed by 2 10-
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minute rinses of 3% acetic acid. To stain for glycans, the following reagents used were provided 

in a Pierce Glycoprotein Staining Kit following the specified protocol (Thermo Fisher). The gel 

was submerged in oxidizing solution for 15 minutes and rinsed 3x for 5 minutes each in 3% 

acetic acid. The gel was then submerged in glycostain for 15 minutes and rinsed 3x for 5 minutes 

each in 3% acetic acid. Finally, the sample was submerged in reducing agent for 5 minutes 

followed by 3x 5 minute rinses in 3% acetic acid. The gel was then stored in 3% acetic acid and 

imaged using a Chemidoc Touch Imaging System (Biorad).  

4.2.7 Mass spectroscopy 

 Matrix assisted laser desorption/ionization time of flight (MALDI-TOF) mass 

spectroscopy was performed by Logan Plath in the Bier lab at Carnegie Mellon University 

according to their standard protocols. Liquid chromatography mass spectroscopy (LC-MS) was 

performed by Breanna Duffy in the Black lab at Tufts University according to their standard 

protocols. 

4.2.8 Statistical Analysis 

 All statistical analyses were performed using SigmaPlot. One Way ANOVAs were 

performed on data presented in Figures 4.3 and 4.6. All pairwise multiple comparison procedures 

Protein BD LAM >90% BD LAM >95% Inv LAM BD LAM+ENT 

Purity ≥90% ≥95% ≥95% ≥90% 

Tris-HCl Concentration 50 mM 
Stored in 

Dulbecco's PBS 
NaCl Concentration 150 mM 

pH 7.4 

Molecular Weight 900 kDa 900 kDa 850 kDa 900 kDa 

Origin EHS Mouse Tumor 
 

Table 4.1 Manufacturer Information on Supplied Laminins. Comparison of purity, storage condition, listed 

MWs, and source of different LAM brands and types. All 'pure' LAMs are sourced from the EHS mouse tumor, 

and are stored in the same concentrations of Tris-HCl and NaCl at the same pH. They are listed as having a MW 

difference of 50 kDa (with Inv LAM being lighter), and Inv LAM is listed as having comparable purity to BD 

LAM >95%.  
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were performed using the Holm-Sidak method, and results were considered statistically 

significant at p < 0.05.  

4.3 Results 

4.3.1 C2C12 and Human SkMDC Myotube Formation on LAM Lines is Brand Dependent 

 To determine if the sudden changes observed in myotube formation were linked to 

changing the LAM supplier, myoblasts were seeded on micropatterned lines (100 µm wide with 

20 µm spacings) of Inv LAM, and three different LAMs from BD: BD LAM >90%, BD LAM 

 

Figure 4.1: C2C12 myoblasts differentiated on BD and Invitrogen brand LAM. Phase Images of C2C12 cells 

seeded on microcontact printed LAM lines 100 µm wide with 20 µm spaces proliferated to confluence before 

switching to DM. After 6 days in DM, differentiating myoblasts show significant peeling from patterned lines of 

BD brand LAM compared to Invitrogen LAM. Samples were fixed and stained for nuclei (blue) and MHC (red), 

and differences in myotube formation on different brands and purities is apparent. Scale bars 200 µm. 
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>95%, and BD LAM-ENT. According to manufacturers, all LAM was sourced from the EHS 

mouse tumor and were supplied with similar concentrations of Tris-HCl and NaCl, with little 

other observable differences (Table 4.1). C2C12 myoblasts were observed to adhere and 

proliferate to confluence on the micropatterned LAM regardless of manufacturer source or purity 

(Figure 4.1). However, after DM was exchanged and cells were kept in differentiation conditions 

for 6 days, severe myoblast delamination was observed on BD LAM >95%, and less myotube 

formation was observed on BD LAM 90% and BD LAM-ENT (Figure 4.1).  

 To determine if this diffference in LAMs also affected human myotube formation in 

vitro, we seeded human SkMDCs on the same patterned lines of Inv and BD LAM. When these 

were differentiated for 6 days, we also observed stark differences in myotube formation on Inv 

LAM compared to all 3 varieties of BD LAM (Figure 4.2). When we quantified percent area 

myotube formation as measured by MHC staining, we observed signficantly more myotube area 

measured in C2C12 cells differentiating on Inv LAM (26.4% ± 4.2) compared to BD LAM 

>90% (8.4% ± 2.8), BD LAM > 95% (4.1% ± 2.6), and BD LAM-ENT (9.3% ± 2.7) (Figure 

4.3A). We also measured that BD LAM >90% and BD LAM-ENT also induced signficantly 

higher myotube formation than BD LAM > 95% (Figure 4.3A). Almost identical trends were 

observed in human SkMDCs; Inv LAM induced significantly higher myotube formation (25.7% 

± 4.5) compared to BD LAM >90% (8.9% ± 5.2), BD LAM > 95% (6.8% ± 6.9), and BD 

LAM+ENT (14.5% ± 8.3) (Figure 4.3B). We determined that the BD purification process was 

likely removing trace amounts of other basement membrane proteins or post-translational 

modifications of LAM that affect myotube formation, especially since the increase in protein 

purity resulted in a decrease in myotube formation. 
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4.3.2 Molecular Weight and Glycan Comparison of Laminins 

 To determine if there were differences in the molecular weight (MWs) of LAMs despite 

similar MW listings from the manufacturers (Table 4.1), we used SDS-PAGE to compare intact 

and denatured LAM samples. We also enzymatically removed N-linked glycans to determine if 

any observable changes in MW were caused by removing glycans as we hypothesized that these 

post-translation modifications may have been critical to LAM protein conformation and 

subsequent integrin binding (Figure 4.4). For intact LAM samples, we observed BD LAM >95%, 

BD LAM+ENT and Inv LAM had similar MWs, and BD LAM >90% appeared to have a slightly 

higher MW (Figure 4.4A). Deglycosylation of BD LAM appeared to reduce the MW to that of 

the other LAM proteins, however Inv LAM deglycosylation also resulted in a slight drop in MW 

as measured by SDS-PAGE (Figure 4.4A). However, due to the large MWs of LAM proteins 

(800 - 900 kDa) and resulting chain entanglements that can occur in large, non-denatured 

proteins, we could not accurately measure MW in the gel without a protein standard. Because of 

this, we also analyzed the samples after denaturing and compared them to a standard protein 

ladder. We expected to see darker bands near ~200 kDa for β and γ chains and ~400 kDa for α 

 

Figure 4.2: Human SkMDCs differentiated on different LAM brands. Human SkMDCs proliferated to 

confluence on 100 µm lines with 20 µm spacings of BD brand LAM at > 90% purity, > 95% purity, and LAM-

ENT complex, as well as Inv LAM. Upon reaching confluence, DM was exchanged, and differentiation was 

induced for 6 days prior to fixing and staining for nuclei (blue) and MHC (red). Qualitative observation shows 

higher myotube formation on InvLAM, with more stringy and less robust myotube formation on BD LAMs. 

Scale bars 200 µm. 
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chains. We also expected to see bands between 100 and 150 kDa for any entactin residues that 

should be present in LAM+ENT and could be present in Inv LAM and BD LAM >90%. We 

observed bands in these regions for all proteins, and deglycosylated BD LAM >90% and Inv 

LAM had relatively smaller MWs than their 

unmodified counterparts (Figure 4.4B). However, 

there were not any other obvious differences in 

the Inv LAM sample that stood out as a potential 

target MW for identifying the difference in 

protein composition. In order to finally determine 

if glycan removal was significant between 

samples to be the cause of differences in myotube 

formation, we performed SDS-PAGE on Inv 

LAM, Inv LAM (degly), BD LAM >90%, and 

BD LAM >90% (degly) and specifically stained 

for glycans (Figure 4.4C).  We observed darker 

glycan staining in all samples compared to the 

positive control, and even the samples treated to 

remove the N-linked glycans still had sugars in 

tact (Figure 4.4C). This can be explained by the 

fact that O-linked glycans, were not targeted by 

our enzymatic removal of some glycans, even 

though this reaction removed enough N-linked 

glycans to  

Figure 4.3: Quantification of myotube 

formation on different brands of LAM. (A) 

C2C12 myotube formation was measured as 

percent area MHC staining, and significantly 

more myotubes formed on Invitrogen brand LAM 

lines (~26.4%) compared to all BD varieties of 

LAM (4.1% - 9.3%). Inv LAM and BD LAM 

>90%: n = 6; BD LAM >95%: n = 8; BD 

LAM+ENT: n = 9 . (B) Human SkMDC myotube 

formation on Inv LAM lines also showed 

significantly higher myotube area (25.7%) 

compared to  all BD brand LAMs (6.8% - 14.5%). 

n = 6 for all samples. ** = p<0.05 compared to all 

other conditions. * = p < 0.05 compared to BD 

LAM >95%.  
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Figure 4.4: SDS-PAGE of various LAM brands. (A) 

Different LAM brands were run through an SDS-PAGE 

gel and stained with coomassie blue to determine if there 

were differences in MW. Samples of Invitrogen LAM and 

BD LAM >90% were also deglycosylated before loading 

into the gel to determine if sugars account for a 

significant weight in the LAM proteins. According to this 

gel, BD LAM appears to be heavier than Invitrogen 

LAM, and deglycosylating these proteins brings them 

closer to a similar MW. (B) Different LAM brands were 

denatured prior to being run through an SDS-PAGE gel 

and stained with coomassie blue to determine if there 

were differences in MW. Additionally, denaturing should 

limit protein-protein entanglements that may have 

occurred in (A). Samples of Inv LAM and BD LAM 

>90%  were also deglycosylated before loading into the 

gel to determine if sugars account for a significant weight 

in the LAM proteins. Differences in MW are not clear 

enough in denatured samples to quantify from this gel. 

(C) Invitrogen and BD LAM >90%  were run through an 

SDS-PAGE gel and stained specifically for glycans. 

Additional samples of Inv LAM and BD LAM >90%  

were also deglycosylated before loading into the gel. 

Despite deglycosylation, all samples of LAM appear to 

still have sugars attached. 
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reduce the MW of Inv LAM and BD LAM >90% (Figure 4.3A).  We determined that differences 

in glycans could not be completely ruled out as  the cause of differences in myotube formation, 

but these results did not implicate glycans as the likely cause of differences in myotube 

formation since they are present in both Inv and BD LAMs. 

4.3.3 Mass Spectroscopy Analysis of Laminins 

 SDS-PAGE experiments were used to qualitatively assess the MWs of  LAM samples, 

but we wanted a more in depth analysis of the composition of Inv LAM and BD LAMs.  First, 

we used MALDI-TOF mass spectroscopy to look at overall MWs of LAMs. We found that all 

LAM samples appeared to be in the range of MWs reported by manufacturers (800 - 950 kDa) 

(Figure 4.5).  Inv LAM had a slightly higher average MW of 923 kDa compared to BD LAM 

>90% (850 kDa), BD LAM >95% (858 kDa), and BD LAM+ENT (825 kDa) (Figure 4.5). More 

interestingly, Inv LAM and LAM+ENT both exhibited peaks with double-hump shapes and 

additional small spike ~250 kDa (Figure 4.5A, D). The BD LAM >90% and BD LAM >95% had 

more uniform, narrow peaks without the second peak at 250 kDa (Figure 4.5B,C). These results 

made it difficult to pinpoint exact MW differences in LAMs due to 'messier' results that are often 

observed when trying to use MALDI-TOF for analysis of large, biological proteins. However,  

this supported our hypothesis that trace amounts of other protein(s) or post-translational 

modifications were being stripped from BD LAMs, which had increasingly narrow peaks with 

increasing purity of LAM. These proteins or modifications are still left in some capacity on BD 

LAM+ENT, which induced slightly higher myotube formation than other BD LAMs and had a 

'messier' spectra that appeared to mimic the Inv LAM mass spectra shape.  
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Figure 4.5. MALDI-TOF 

Mass Spectroscopy Analysis 

of Different LAM Brands. 

Peaks shown are from +1 

charge states. (A) MALDI-TOF  

analysis of Inv LAM showed a 

double-peak shape with a center 

of ~923 kDa while (B) BD 

LAM >90%  had a more 

singular peak centered at ~850 

kDa and (C) BD LAM >95%  

had an even narrower peak 

centered at ~858 kDa. (D) BD 

LAM+ENT showed an almost 

double-peak centered at ~825 

kDa. The tested proteins are 

large enough that the exact 

MWs measured here may not 

accurately represent the MWs 

of each LAM, however, it is 

clear that the Inv LAM may 

have additional pieces of the 

protein or extra post-

translational modifications in 

tact that may be stripped from 

both BD LAMs during the 

purification process, resulting in 

much narrower peaks for both 

of these proteins. 
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 In order to determine the exact composition of LAMs, we reached out to collaborators at 

Tufts University to perform LC–MS to identify the specific protein ID compositions within these 

samples.The following percentages represent the percentage of overall spectral count for each 

LAM sample that matched with a ≥95% confidence to the listed protein ID. As expected, we 

found that all LAM samples were composed primarily of LAM α1, β1, and γ1 subunits (Figure 

4.6A-D). We also found that higher amounts of entactin-1 were present in Inv LAM (6.3% ± 

0.45) compared to BD LAM >95% (1.3% ± 0.24) (Figure 4.6E). However, this does not appear 

to account for the differences in myotube formation since BD LAM+ENT and BD LAM >90% 

were composed of 11.8 % ± 0.42 and 13.7 ± 0.15 entactin-1, respectively, significantly higher 

percentages than both Inv LAM and BD LAM >95% (Figure 4.6E). Interestingly, basement 

membrane-specific heparan sulfate proteoglycan core protein, or perlecan, was the third protein 

present in Inv LAM (4.5% ± 0.42) after LAM111 and entactin-1 (Figure 4.6A). Trace amounts 

of perlecan (1.2% ± 0.26) were present in BD LAM+ENT as well, but absolutely none was 

registered as being present in BD LAM >95% or BD LAM >90% (Figure 4.6B-D). The amount 

present in Inv LAM was found to be statistically significant compared to all other conditions 

(Figure 4.6F). While 7.2% of the Inv LAM is composed of trace amounts of other proteins, none 

of these registered above 1% of total composition (Appendix A), so perlecan appears to be the 

most likely cause for the differences observed in myotube formation for both C2C12 and human 

SkMDCs. However, further studies need to be done to confirm that perlecan is responsible for 

this stark difference in in vitro myotube formation. 
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Figure 4.6. Liquid Chromatography 

Mass Spectroscopy Analysis of LAMs. 

(A) Inv LAM, that significantly increases 

myotube formation in 2D, is mainly 

composed of  LAM α, β, and  γ subunits, 

entactin, and 4.5% perlecan. While 7.2% 

of the composition is accounted for by a 

mixture of other small protein fragments, 

perlecan is present in the highest 

concentration after entactin compared to 

very small amounts of other protein 

fragments.  (B) BD LAM+ENT has 1.2% 

perlecan in addition to LAM α, β, and  γ 

subunits with 11.8% entactin and 8.3% 

trace amounts of other proteins. (C) BD 

LAM >95% consists almost exclusively 

of LAM α, β, and  γ subunits, and < 2.7% 

of entactin and other trace proteins, and 

(D) BD LAM >90% is composed of 

85.7% LAM α, β, and  γ subunits with 

13.7% entactin. (E) Comparison of 

entactin as %  total spectral counts shows 

a significant difference among groups. 

Specifically, it was much lower in Inv 

LAM and BD LAM >95%. It is unlikely 

that this is the sole cause of increased 

myotube formation since it is higher in 

the proteins that do not drive higher 

myotube formation.  (F) Comparison of 

perlecan as  % total composition shows a 

significant difference among groups. It is 

likely that this is causing the severe 

differences in myotube formation on Inv 

LAM compared to the other forms. ** = p <0.001 compared to all other groups. * = p < 0.001 compared to BD 

LAM >95% and BD LAM >90%. ## = p <0.001 compared to BD LAM >95% and Inv LAM. # = p < 0.001 

compared to BD LAM >95%. n = 3. 

 

4.4 Discussion and Conclusions 

 Further experiments are needed to confirm that perlecan is responsible for this drastic 

increase in C2C12 and human myotube formation on Inv LAM compared to all forms of BD 

LAM. However, these results indicate that perlecan is critical to in vitro myotube formation. 

Perlecan, a heparin sulfate proteoglycan with an ~400 kDa core protein structure
13

, is an 
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important structural component of basement membranes
14

, and complete disruption of the gene 

that encodes for this protein is lethal to embryo formation
15, 16

. Perlecan has also been been found 

to be crucial to normal development of skeletal muscle during embryogenesis
17

.  Additionally, 

our findings that 2D murine and human myotube formation are dependent on a combinatorial 

effect from LAM 111 and perlecan aligns with findings that LAMs 111 and 511 are first LAMs 

expressed in mammalian embryos, and perlecan and LAM are key proteins in the basement 

membrane of any tissue during embryogenesis and adult tissue maintenance
3
. Further, the 

interaction with entactin-1 should not be immeidately discounted because perlecan binding to 

both LAM and entactin-1 impacts the structural integrity of the basement membrane
14

. In 

addition to possible synergistic interactions between these matrix proteins, growth factor 

binding/release from perlecan may also be responsible for this increase in in vitro myotube 

formationas at least 26 different growth factors are known to be released by perlecan turnover
14

. 

 The current understanding of perlecan's role as a critical part of the basement membrane 

and regulator of tissue formation and function, in conjunction with the results from the LC-MS 

findings, suggest that this is the cause of significantly increased amounts of myotube formation 

on Inv LAM. However, additional experiments will need to be performed to confirm these 

findings. As a first step, perlecan can be added to BD LAMs to determine if patterning C2C12 

and human myotubes on BD LAM + perlecan rescues myotube formation to levels comparable 

to those seen on Inv LAM. To determine if the increase in myotube formation  is a synergistic 

affect of LAM+perlecan or due to perlecan alone, myotube formation of cells cultured on 

patterned perlecan will be quantified to establish if perlecan  alone induces similar myotube 

formation to that of cells cultured on Inv LAM. Additionally, we can use immuofluorescence and 

quantitative PCR to determine how differentiating myoblasts are adhering to the different LAMs. 
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Specifically, we can focus on α-dystroglycan, which attaches to both LAM 111 and perlecan and 

is critical to skeletal muscle formation
6, 7, 14

 and α2β1 and α5β1 integrins that are also known to 

bind perlecan, with α5β1 binding only perlecan but not LAM 111
14

. 

 If we can confirm that perlecan is causing this severe difference in myotube formation, it 

will be interesting to delve further into the mechanism that drives myogenesis from this specific 

ECM interaction. Importantly, the observation that 2D in vitro skeletal muscle formation can be 

severely impacted by using LAM from a different manufacturer makes it apparent that tissue 

engineering as a field has many strides to make in terms of quality control when using 

biologically derived proteins to engineer functional tissues. Regardless of whether these 

differences in myotube formation are caused by perlecan alone, a synergistic interaction with 

LAM, interactions with growth factors present in media or secreted by cells, or by trace amounts 

of another protein, it is clear that using biologically sourced materials to engineer tissues in a 

controlled fashion has inherent caveats because of the methods used to obtain these ECM 

proteins. As a field, it is necessary to consider how to engineer more chemically defined matrices 

that use specific peptide sequences, such as the RGD binding site from fibronectin or the LG and 

LE globular binding domains of LAMs, rather than using entire proteins isolated from biological 

systems. However, while isolated binding peptides have been affective at inducing cell spreading 

and attachment, the other portions of proteins not included in the binding site may have critical 

impact on other cell and tissue function, such as capturing growth factors. For this reason, 

methods to use decellurized matrix should not be completely done away with, as many of the 

findings that have come from studies using intact biological proteins have been critical to better 

understanding of morphogenesis and how to design tissues from the ground up. It is just as 

important to keep in mind that 'contaminants' that interfere with results, as in our findings in this 
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chapter, are always a risk when using biologcially derived components, whether derived 

commercially or in-house. Development of systems that allow precise control of the factors to 

which differentiating cells are exposed should be performed in parallel to effectively determine 

the exact factors that control mophogenesis and  tissue differentiation. 
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Chapter 5 
Engineering Skeletal Muscular Thin Films: 

Troubleshooting and Future Directions 
 

 

5.1 Introduction 

 Previously, we adapted established techniques that integrated cardiomyocytes
1-3

 or 

smooth muscle cells
4, 5

 onto polydimethylsiloxane (PDMS) thin films (TFs) patterned with 

fibronectin (FN) lines. We wanted to use this platform as a tool to better understand skeletal 

muscle formation as dictated by extracellular matrix (ECM) cues, in terms of composition and 

geometric patterning, and how these ECM cues influence skeletal muscle function as measured 

by force generation. Engineering MTFs with skeletal muscle presents specific challenges, 

however, because skeletal muscle must be differentiated from myoblasts into large, 

multinucleated, fused myotubes  directly on the TF substrates. This is in contrast to contractile 

cardiomyocytes, which can be directly isolated directly from neonatal rat hearts or differentiated 

until they are beating before seeding in the MTF assay
1
. We successfully integrated C2C12 

mouse myoblasts into this MTF platform on FN lines, differentiated them into multinucleated 

and aligned myotubes, electrically paced the MTFs, and measured bending force exerted by the 

skeletal muscle myotubes
6
. In Chapter 3, the aim was to build on this work using human primary 

skeletal muscle in order to engineer more clinically relevant MTFs. More specifically, we varied 

the composition and geometry of the patterned lines of ECM proteins to maximize myotube 
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differentiation and alignment on patterned PDMS. In this way, we aimed to engineer human 

skeletal MTFs PDMS using ECM line patterns that maximized human myotube formation. We 

demonstrated that laminin (LAM) 111 lines 50 and 100 µm wide maximized myotube formation 

and alignment for both C2C12 and human myotubes differentiating in 2D. However, we still 

needed to determine if these human derived myotubes were functionally contractile and if they 

would visibly bend PDMS in the MTF assay. 

 These muscular thin films (MTFs), or PDMS integrated with a contractile cell layer, are 

capable of being released from glass coverslips after myotube differentiation in culture using a 

sacrificial layer of poly(n-isopropylacrylamide) (PIPAAm) that dissolves below 32°C upon 

exposure to water. Releasing the MTF by dissolving the PIPAAm allowed for a non-invasive 

way to measure the contractility of the patterned muscle layers by measuring the change in 

radius of curvature of the bending MTF and calculating the bending stress exerted by the cells. 

The goal from Chapter 3 of maximizing the alignment and formation of myotubes by C2C12 or 

human skeletal muscle derived cells (SkMDCs) was to increase the contractile force exerted by 

differentiated myotubes using specific ECM cues that were found to foster skeletal muscle 

formation in the previously established skeletal MTF assay
6
. 

 Ultimately, we found that this method of differentiating skeletal muscle in 2D on 

patterned PDMS was not an optimal platform for a robust contractility assay for skeletal muscle. 

More specifically, many have shown that skeletal muscle myoblasts need at least 2 - 4 weeks of 

differentiation to fuse and form contractile myotubes, especially when using human primary 

cells
7-9

. This worked well in 3D platforms where myoblasts are restricted by being cast within 

3D collagen I (Col I) or fibrin gel systems
10-13

, but it became problematic when integrating 

differentiating skeletal muscle on biologically inactive PDMS patterned only with a nanoscale 
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layer of ECM bound by hydrophobic interactions. During myoblast differentiation, as myotubes 

fuse, they begin to spontaneously contract against their surrounding environment as part of the 

maturation process
14

. In this 2D MTF assay, this was problematic since stronger myotubes will 

began to delaminate from the patterned PDMS surface as early as 1 week into differentiation. 

While we were able to initially demonstrate that the MTF assay is possible with skeletal muscle, 

we determined that a 3D platform would enable longer differentiation and maturation of 

myotubes to yield a more robust, consistent platform in terms of force generated by the 

engineered msucle. Because PDMS was the thin film substrate, the 2D MTF assay was too 

limiting to skeletal muscle maturation and resulted in inconsistent myotube formation for both 

C2C12 and human primary cells. In this chapter, I will discuss the observations made and 

troubleshooting techniques employed to engineer a consistent skeletal MTF assay before we 

ultimately determined that better methods are available to study and engineer contractile skeletal 

muscle in vitro. 

5.2 Materials and Methods 

5.2.1 Stamp Fabrication – SPR 220.3  

 PDMS stamps for μCP were fabricated as previously described in Chapter 3. Specifically, 

SPR220.3 positive photoresist (MicroChem Corp.) was coated onto 45 x 50 mm number 2 cover 

glasses (Fisher Scientific) and exposed to UV light through a transparency photomask. MF-26A 

(Dow Electronic Materials) was used as the developer
6
. Sylgard 184 PDMS (Dow Corning) was 

then mixed at a 1:10 base to curing agent ratio and poured onto patterned wafers to create PDMS 

stamps with 10, 15, 20, and 30 μm line spacings and 20, 50, 100, and 200 μm line widths for a 

total of 16 micropattern conditions. Stamps were cured at 65°C for at least 4 hours before being 
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peeled from master wafers and cut out.  Line patterns are referred to as width x spacing (e.g. a 

pattern with 50 μm lines and 10 μm spacings is 50x10). 

5.2.2 Stamp Fabrication – SU-8 2015 

 Wafers with 20 - 40 μm deep features used for creating stamps for use on MTFs with an 

isolated PIPAAm rectangle or for genipin modified patterning were fabricated in a clean room 

using SU-8 2015 (Microchem). Silicon wafers were coated with SU-8 2015, soft baked for 5 

minutes at 95°C, exposed to UV light through a chrome photomask with the desired pattern 

according to recommendations based on manufacturer recommendations
15

. Wafers were then 

post baked for 4 minutes at 95°C, typically until features became visible. To develop features, 

wafers were submerged in SU-8 developer and gently agitated for 6 to 7 minutes. After 

developing, wafers were rinsed with isopropyl alcohol and dried with a nitrogen gun. To make 

stamps from these wafers, Sylgard 184 (PDMS; Dow Corning Corp.) was mixed at a 10:1 ratio 

of base to curing agent as described previously, poured onto SU-8 patterned wafers, and cured 

for at least 4 hours at 65°C before peeling stamps from wafers. 

5.2.3 Thin Film Fabrication and Thickness Measurement 

 TFs were fabricated as previously described
6
 with minor modifications in later 

experiments to isolate the area of PIPAAm. Briefly, PIPAAm (polysciences) was dissolved at 

10% w/v in butanol. 200 µL of  PIPAAm solution was spincoated onto 25 mm diameter glass 

coverslips at 6,000 RPM, and butanol was allowed to evaporate from coated coverslips prior to 

PDMS coating. For coverslips with defined areas of PIPAAm, masking tape (Scotch™) was 

placed on 25 mm coverslips, and a CO2 laser cutter (Full Spectrum) was used to cut out a 3.23 

mm x 8.38 mm rectangle in the tape. The cut rectangle was then peeled from the coverslip, and 

200 µL of PIPAAm solution was spincoated at 6,000 RPM on the tape masked coverslips. 
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Butanol was allowed to evaporate from the PIPAAm solution, and a lab marker was used to 

mark the PIPAAm border. Tape was then removed prior to coating with PDMS.  Sylgard 184 

base and curing agent were mixed at a 10:1 mass ratio, respectively. PDMS was spincoated onto 

PIPAAm coated coverslips at 4,000 RPM to create an approximately 10-15 μm thick PDMS 

layer. In some cases, PDMS was allowed to cure at room temperature for 3 – 4 hours prior to 

spincoating to achieve the necessary viscosity to yield the desired PDMS layer thickness. TFs 

were cured at 65°C for at least 4 hours before use. For PDMS only coverslips, PDMS was 

spincoated directly onto 25 mm diameter glass coverslips at 4,000 RPM and cured for at least 4 

hours at 65°C. 

 Every third coverslip was taken from each TF batch to obtain thickness measurements. 

Thickness measurements were taken using the bright field setting on a Zeiss LSM 700 Scanning 

Confocal Microscope. Markings were made on either side of the PDMS film, and the z-distance 

was recorded when the markings underneath and on top of the PDMS were in focus. Three fields 

of view were measured per coverslip and were averaged to obtain the PDMS thickness for TF 

samples.  

5.2.4 Microcontact Printing on Thin Films 

 All ECM proteins used for μCP were diluted with distilled water to final concentrations 

of 50 μg/mL for human FN (Sigma-Aldrich) and 200 μg/mL for mouse LAM (Life 

Technologies. The procedure for μCP was followed as described in Chapters 3 and 4. Briefly, 

PDMS stamps were sonicated feature side up for 30 minutes in 50% ethanol solution. In a sterile 

biosafety cabinet, stamps were dried with a nitrogen air gun, and the feature side was coated with 

protein solution and incubated for 1 hour at room temperature. Stamps were rinsed twice in 
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distilled water and dried with the nitrogen gun. PDMS coated coverslips were UV-ozone treated 

for 15 minutes and stamps were inverted and placed in conformal contact with the coverslip for 5 

minutes to transfer the ECM protein lines. Stamps were then removed, and the patterned 

coverslips were incubated with 1% w/v Pluronic F-127 (Sigma) solution for 5 minutes followed 

by three rinses of phosphate buffered saline (PBS). For isotropically coated coverslips, UV-

ozone treated PDMS coverslips were inverted onto 200 μL of protein solution for 15 minutes, 

followed by 3 rinses of PBS. Samples were used immediately or stored in PBS at 4°C for up to 2 

weeks. 

5.2.5 Cell Culture - C2C12 

 Reagents were obtained from Life Technologies unless indicated otherwise. C2C12 cells 

were cultured and differentiated as described in Chapters 3 and 4. Specifically, murine C2C12 

cell line (CRL-1722, ATCC) was cultured and differentiated as recommended by the supplier at 

37°C and 10% CO2. Cells were cultured and expanded in growth media (GM) (high glucose 

DMEM (Corning) supplemented with 10% fetal bovine serum, 1% penicillin-streptomycin, and 

1% L-glutamine (200 mM)) and split at 1:10 ratios at 80% confluence. Cells were used at <12 

passages and were seeded at a density of 30,000 cells/cm
2
 on micropatterned substrates. C2C12s 

proliferated in GM on substrates for 24 - 48 hours in order to reach 100% confluence on 

micropatterned lines. GM was then exchanged for differentiation media (DM) (high glucose 

DMEM (Corning) supplemented with 2% horse serum, 1% penicillin-streptomycin, and 1% L-

glutamine (200 mM)), and exchanged daily for 6 days. On studies using genipin modified FN 

lines, C2C12 cells were maintained in DM up to 12 days. After differentiation, samples were 

ready to be tested in the MTF assay or fixed and stained for analysis of myotube formation as 

described below. 
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5.2.6 Cell Culture - Human SkMDCs 

 Human SkMDCs were obtained from Cook MyoSite. Cells were cultured according to 

the supplier recommendations at 37°C and 5% CO2. Additionally, cells were maintained below 

80% confluence in MyoTonic Growth Medium (Cook Myosite) supplemented with 1% 

Penicillin-Streptomycin (Life Technologies) during expansion. Cook’s SkMDCs were seeded on 

substrates at 40,000 cells/cm
2
 and were switched to MyoTonic Differentiation Medium (MDM - 

Cook Myosite) supplemented with 1% Penicillin-Streptomycin after cells reached confluence on 

patterned lines. For cells isolated from 17F donor (Figure 5.8), MDM was exchanged every 24 

hours for 6 days. For cells isolated from 22M donor (Figure 5.7C-D), MDM was exchanged 48 

hours for 6 days as this increased the time for myotube differentiation without delamination 

occurring after 4 days of differentiation. After differentiation, samples were fixed and stained for 

analysis of myotube formation or stimulation of MTFs. 

5.2.7 MTF Stimulation 

 When MTFs had been differentiated for 6 days, samples were transferred to 35 mm petri 

dishes (Corning) and a scalpel was used to manually cut out thin films, which had 

photolithographically defined cell-free spaces 200 μm borders, using a Nikon SMZ1500 

stereomicroscope. After MTFs were cut out, 37°C normal Tyrode’s solution (1.192 g HEPES, 

0.203 g MgCl2, 0.403 g KCl, 7.889 g NaCl, 0.04 g NaH2PO4, 0.901 g C6H12O6, and 0.265 g 

CaCl2 per liter of distilled water, pH 7.4).  was added to coverslips and allowed to cool below 

32°C to dissolve exposed PIPAAm. Samples were then maintained between 34°C and 37°C 

using a custom made heated stage controlled by custom LabView software. A GRASS stimulator 

set to 40 V, 1 Hz, 10 ms square pulse wave was used to electrically stimulate MTFs by 
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connecting to parallel platinum electrodes spaced 2 cm apart placed in a custom petri dish lid. 

Videos were captured using a Hamamatsu Orca Flash 2.9 camera controlled by ImageJ. 

5.2.8 Patterning Fibronectin Lines with Genipin Crosslinker 

 FN was crosslinked to PDMS coated coverslips following previously described 

methods
16, 17

. Specifically, we used PDMS stamps 40 µm deep channels to create channels to 

pattern FN by flowing protein solution and crosslinker through the stamp channels as opposed to 

traditional microcontact printing methods (Figure 5.10A). Stamps were sonicated in 50% ethanol 

for 30 minutes and dried with a nitrogen gun before being placed in conformal contact with UV-

ozone treated PDMS coated coverslips. Stamps with trenches 30, 50, or 200 μm wide were used. 

Genipin (Sigma-Aldrich), dissolved at 1 mg/mL in water, was pipetted onto one side of the 

channels created by conformal contact of the stamp with the coverslip, and a vacuum was 

applied near the opposing side to pull genipin through the channels. Genipin was incubated with 

coverslips for 1 hour prior to rinsing 3 times with PBS. 50 µg/mL of 30% Alexa-Fluor 546 

labelled FN and 70% unlabeled FN was then pulled through the channels in the same manner and 

allowed to incubate for an additional hour. Excess FN was also washed out with PBS, and 

coverslips were either stored in PBS for up to 2 weeks before use or used immediately for cell 

seeding experiments. 

5.2.9 Fixing, Immunostaining, and Imaging 

 Samples were fixed, stained for myotubes, and imaged to quantify myotube formation as 

described in Chapters 2 and 3. Reagents were obtained from Life Technologies unless otherwise 

indicated. Samples were rinsed in PBS (0.625 mM Mg
2+

 and 0.109 mM Ca
2+

) and fixed with 0°C 

methanol (Fisher Scientific) for 2 minutes. Samples were then rinsed with PBS 3 times for 5 
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minutes and incubated with 5% v/v goat serum in PBS for 1 hour. Samples were rinsed in PBS 3 

times for 5 minutes prior to incubating for 1 hour with 1:200 and 1:100 dilutions of DAPI and 

monoclonal mouse MHC antibody in PBS, respectively. Samples were rinsed three times with 

PBS and incubated for 1 hour with a 1:100 dilution of Alexa Fluor 488 or 555 conjugated with 

goat anti-mouse antibody. Samples were again rinsed 3 times in PBS prior to being mounted 

onto slides using Prolong Gold Anti-fade. Samples were imaged using a Zeiss LSM 700 laser 

scanning confocal microscope to obtain z-stacks and tile scans of samples. Tile scans were 

typically 1.28 mm x 1.28 mm.  

5.2.10 Image Analysis 

 Post-processing of images was performed as described in Chapters 2 and 3. MHC 

staining was used to identify myotubes and DAPI to identify nuclei. Percent area MHC was 

quantified to examine myotube formation. ImageJ was used to quantify percent area myotubes in 

the following way: the MHC channel was isolated, thresholded, converted to an 8-bit binary, and 

holes where nuclei had been were filled using the ‘fill holes’ feature within the binary menu. The 

percent of MHC positive pixels were then quantified using the ‘analyze particles’ feature. For 

studies examining the effect of genipin modified FN lines on C2C12 myotube maintenance, the 

fluorescent FN channel was also isolated, thresholded, converted to an 8-bit binary, and the 

percent area FN was measured using the ‘analyze particles’ feature. The percent area MHC was 

then normalized by dividing by percent area FN since several different patterns were used in 

these studies. 

5.2.11 Statistical Analysis 

 All statistical analyses were performed using SigmaPlot™ with significant differences 
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reported at p<0.05. A Two-Way ANOVA with Shapiro-Wilk normality test and Holm-Sidak 

pairwise comparisons was performed for data in Figure 5.5C. A One-Way ANOVA with 

Shapiro-Wilk normality test and Holm-Sidak pairwise comparisons was performed for data in 

Figure 5.8B. An ANOVA on 

Ranks with Dunn’s method 

pairwise comparisons was 

performed for data in Figure 

5.10C. 

5.3 Results 

5.3.1 Engineering Skeletal 

MTFs with LAM Lines 

 The results from 

Chapter 3 were applied to the 

MTF assay to determine if 

increased myotube formation 

on these LAM lines resulted in 

MTFs capable of generating 

higher twitch forces than 

MTFs patterned on FN lines
6
. 

Initially, C2C12 MTFs were 

successfully generated using 

the same techniques we had 

Figure 5.1: Fabrication of MTFs. (A) Traditional microcontact printing 

techniques are used to pattern LAM lines onto coverslips. Glass 

coverslips have been coated with a sacrificial layer of PIPAAm followed 

by a layer of PDMS. (B) Skeletal muscle myoblasts are seeded onto 

patterned coverslips. (C) Myoblasts are differentiated for 6 - 7 days by 

switching to low serum media until myotubes form on patterned LAM 

lines. (D) When myotubes have formed, a scalpel is used to cut around 

the patterned MTFs. Exposure to 20°C Tyrode's solution dissolves 

PIPAAm, and MTFs are stimulated using parallel platinum electrodes 

connected to a Grass Stimulator to perform the contractility assay. (E) 

Schematic representation of how the radius of curvature that tracks the 

change in bending is measured from a top down image of contracting 

MTFs. The x-projection and the full length of the MTF are geometrically 

related to predict the radius of curvature (adapted from Grosberg et al
3
). 

Specifically, when x/L ≤ π/2; x=r, and when x/L > π/2; x=r*sin(L/r). F) 

Top down image of C2C12 MTF with red representing the tracked x-

projection and blue representing the full MTF length. Scale bar 1 mm. 
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Figure 5.2: Examples of best-case scenario C2C12 MTFs. (A) MTFs from C2C12s differentiated on 100x10 LAM 

lines, (B) 100x15 LAM lines, and (C) 100x20 LAM lines show measurable bending of PDMS induced by twitch of 

stimulated myotubes. Scale bars 1 mm. 

used to publish the proof of concept
6
 (Figure 5.1A). We recorded stimulation of the LAM MTFs 

using a top down rather than side on view of the bending since the radius of curvature can be 

calculated by relating the x-projection and full length of the MTF (Figure 5.1B-C)
3
. We 

successfully differentiated contractile C2C12 MTFs on LAM lines and observed muscle twitch 

in the change in x-projection of the MTFs induced by 1Hz electrical stimulation (Figure 5.2). 

However, the results Figure 5.2 are a ‘best case scenario’, and we found a significant amount of 

variability with different lots of the C2C12 cell line or with human SkMDCs, so we wanted to 

limit this variability by standardizing the MTF assay.  

5.3.2 Standardizing Length of Released MTF 

 We determined that a next step to limiting variability in the MTF assay was to 

standardize the length of the released portion of the MTF that would be released from the glass 

coverslip during the contractility assay. During previous experiments, the length of the released 

MTF was completely dependent on the amount the researcher cut with a scalpel, and this resulted 

in variability in TF length even for samples on the same coverglass. Other groups had modified 

the assay to standardize the MTF release length by controlling the area of PIPAAm underneath 



 
 

 95  
 

the PDMS layer. In order to try to make this 

assay more robust and determine if 

variability in MTF contractility results were 

the result of this inconsistency, we 

developed a method to control PIPAAm 

patterned area by using masking tape and a 

laser cutter to make a mask for PIPAAm 

(Figure 5.3). In this way, we were able to 

define the PIPAAm area underneath the 

patterned PDMS to develop a more to 

standardized skeletal MTF assay. 

 After standardizing PIPAAm area, 

we noticed that differentiating C2C12 cells 

were peeling from patterned TFs only in 

regions with underlying PIPAAm (Figures 

5.4A-C). In theory, because the PIPAAm 

layer is nanometers thick and resides under 

10 – 15 m of PDMS, the differentiating 

myotubes should not have sensed the 

transition from PDMS to PDMS+PIPAAm 

since cells are less likely to feel changes in 

stiffness at a 10 m thickness
18, 19

. We determined some of these initial results of cells peeling in 

PIPAAm regions were on 8 – 10 m thick PDMS, so we cured PDMS at room temperature for 

Figure 5.3: Modification of MTF fabrication to 

standardize MTF release length. (A) Prior to 

spincoating PIPAAm, glass coverslips are covered with 

Scotch™ tape. (B) A laser cutter is used to cut out a 

3.23 mm x 8.38 mm rectangle in the tape. (C) PIPAAm 

is spincoated onto the taped coverslip, and the tape acts 

as a mask to prevent PIPAAm covering the entire 

coverslip. (D) The PIPAAm rectangle is marked with a 

lab marker, and the tape is removed. (E) PDMS is 

spincoated onto the coverslip. (F) After PDMS cures, 

LAM lines are patterned by traditional microcontact 

printing. The stamps are centered on isolated PIPAAm 

rectangle using marked lines as visual guides to orient 

patterns perpendicular to the long side of the PIPAAm 

rectangle. 
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several hours prior to spincoating in order to increase the PDMS layer thickness to the desired 13 

– 15 m range (Figure 5.4D-F). We hypothesized that  this thicker PDMS would prevent the 

cells from sensing any differences below the PDMS layer, but we still observed delamination of 

the myotubes from the PIPAAm regions of the MTFs (Figure 5.4D-E). 

 These experiments had been done by μCP lines on the modified substrates, so we 

hypothesized that the 'evenness' of μCP transfer might be affected by the PIPAAm region under 

the PDMS. To determine if premature delamination was caused because cells sensed the 

decoupling of PDMS from glass in the PIPAAm regions or if this was an artifact of uneven 

transfer of LAM during μCP, we compared myotube formation on isotropically coated PDMS 

only, PDMS on isolated PIPAAm, and PDMS on full PIPAAm coverage (Figure 5.5A). We 

compared myotube formation on both LAM and FN to determine if this was a LAM-specific 

phenomenon since we had previously engineered MTFs with FN (Figure 5.5B). Interestingly, 

when we quantified myotube formation on these 6 conditions, we observed significantly higher 

percent area myotube formation on LAM on full PIPAAm under PDMS (12.0%) compared to 

LAM on PDMS (5.9%) and LAM on isolated PIPAAm under PDMS (4.8%) (Figure 5.6). 

Additionally, myotubes formed on FN with the isolated PIPAAm region (8.7%) had significantly 

higher myotube formation than LAM coated substrates within the same condition (4.8%) (Figure 

5.6). However, LAM coated PDMS on a full layer of PIPAAm had significantly higher myotube 

formation (12.0%) than FN coated substrates with the same conditions (5.9%) (Figure 5.6). 

These results suggested that there could have be an issue with LAM on the isolated PIPAAm 

region MTFs, but the fact that there was no observable difference in myotube formation on FN 

on all 3 substrates implied that it this difference may been an artifact of stamping that resulted in 

poorer LAM transfer in PIPAAm only regions. 
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Figure 5.4: C2C12 myotubes delaminate from LAM lines on PDMS with isolated PIPAAm. (A) Day 0 to 

Day 6 of differentiation of C2C12 myoblasts on 100x20 lines of LAM on PDMS, PDMS on a full layer of 

PIPAAm, and PDMS on an isolated region of PIPAAm at show myoblast confluence on LAM at Day 0, but 

substrates with PIPAAm result in myoblast peeling and poorer myotube formation. (B) The PDMS in the 

coverslip in (C) is ~15 µm thick, and  C2C12 cells differentiated on MTFs with the isolated PIPAAm region on 

50x15 LAM lines showed significant myotube peeling in the PIPAAm region. (D) Coverslips from the samples 

in (E) and (F) have ~13 µm thick PDMS layers. (E) C2C12s differentiated on 100x20 and (F) 100x30 LAM 

lines also showed myotube peeling in the PIPAAm only region. Scale bars 200 µm. 
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5.3.3 Equalizing ECM Transfer on Modified TFs 

 In order to ensure more uniform transfer of LAM to TFs during µCP, we used PDMS 

stamps with higher aspect ratio features. The standard stamps used for Chapter 3 studies and for 

patterning MTFs previous only had 2 - 5 µm raised features for patterning. In order to ensure 

more uniform transfer of LAM onto TFs with isolated rectangles of PIPAAm under PDMS, we 

used stamps with higher aspect ratio, or 20 µm raised features. Using these stamps allowed for 

more pressure to be applied to stamps during transfer of LAM to TFs without transferring LAM 

in between desired line patterns. Ultimately, using higher aspect ratio stamps allowed for 

differentiation of myotubes without delamination before day 6 of differentiation, as established 

in the initial methods using FN line patterns that resulted in contractile MTFs. Thus, we 

 

Figure 5.5: Myotube formation on PDMS and thin films with isotropically coated FN or LAM. (A) C2C12 

myoblasts seeded on LAM coated PDMS, PDMS on PIPAAM, or PDMS on an isolated rectangle of PIPAAm from 

Day 0 to Day 6 of differentiation. MHC staining shows possible differences in myotube formation on different 

substrates. (B) C2C12 myoblasts seeded on FN coated PDMS, PDMS on PIPAAM, or PDMS on an isolated 

rectangle of PIPAAm from Day 0 to Day 6 of differentiation. MHC staining shows similar myotube formation on 

all substrates. Red – MHC; blue – nuclei. Scale bars 200 μm. 
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successfully modified the method to standardize 

PIPAAm area and subsequently limit the MTF 

release length (Figure 5.7A-B). We were also able 

to differentiate human SkMDCs in this context and 

induce visible bending in the modified MTF assay 

(Figure 5.7C-D).  

5.3.4 Genipin Crosslinking of Fibronectin to PDMS 

to Maintain 2D Myotube Culture 

 Even with a standardized MTF release 

length, maintaining skeletal muscle myotubes 

longer than 1 week before they delaminated from 

the TFs proved to remain problematic. We found 

that C2C12 myoblasts were typically limited to 6 

days of differentiation before myotubes 

delaminated from µCP FN lines on PDMS
6
. 

Additionally, in pilot studies with human SkMDCs, when differentiation media was exchanged 

daily, as was done with differentiating C2C12s, myotube delamination occurred more rapidly 

than observed with the C2C12 cell line (Figure 5.8). Specifically, myotube formation at days 3 

and 4 of differentiation was measured at 24.9% and 31.2%, respectively. After 4 days, myotubes 

delaminated from patterned lines, and myotube area was measured at 21.2% and 10.4% at days 5 

and 6, respectively (Figure 5.9). It was determined that the delamination process could be slowed 

by exchanging media less frequently (every 48 hours instead of every 24), and this resulted in 

contractile MTFs using human SkMDCs (Figure 5.7C-D). However, these human MTFs 

appeared significantly less contractile than their mouse cell line counterparts (Figures 5.2 and 

 

Figure 5.6. Quantification of Myotube Area 

on FN and LAM PDMS Substrates. 

Quantified myotube formation showed a 

statistically significant interaction, as measured 

by a 2-way ANOVA between protein (FN or 

LAM) and substrate fabrication method (P = 

0.007). # represents significantly higher than 

other protein condition within same PIPAAm 

condition. * represents significantly higher than 

other PIPAAm conditions within same protein 

condition. (p < 0.05). 
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5.7). Even poorly 

contracting C2C12 MTFs 

still contracted with more 

twitch force than human 

SkMDC MTFs (Figure 

5.7). 

 Many of the 

examples of contractile 

skeletal muscle in the 

literature allow 

myoblasts, whether 

mouse, rat, or human, to 

differentiate for a 

minimum of 2 weeks, 

with the best examples of 

contractile muscle 

differentiated for closer to 1 month in 3D constructs
7-9

. The MTF assay did not restrict myotubes 

from delaminating, so we thought that crosslinking the patterned ECM onto PDMS might 

prevent myotube delamination as it had been used for smooth muscle cells in a similar assay
16, 17

. 

To do this, we used genipin to crosslink FN to PDMS and maintained differentiating C2C12 

myoblasts on the patterns for twice the amount of time in which they usually delaminated 

(Figure 5.10A). We fluorescently labeled FN in order to quantify patterned FN area and to 

determine if FN was being visibly pulled off of PDMS as myotubes delaminated.  

 

Figure 5.7: MTF assay is not robust enough for further development. (A) 

C2C12 myotubes on 100x20 and 50x20 LAM lines in their relaxed and (B) 

fully contracted state after 6 days of differentiation. These MTFs are not 

contracting to the same degree as MTFs shown in Figure 5.1, and are more 

consistent with typical results achieved for the MTF assay. (C) Human 

SkMDCs on 200x10 LAM lines in their relaxed and (D) fully contracted state. 

This example of a human MTF is the most amount of twitch observed, and is 

still barely measureable. These examples of contracting MTFs when using 

patterned ECM on PDMS are not robust enough to allow for maturation of 

myotubes to consistently induce bending of the thin PDMS film. Scale bars 1 

mm. White arrow indicates marker designating boundary between isolated 

PIPAAm region and PDMS only region. 
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Figure 5.8: Myotube differentiation time is limited by myotube delamination after myotubes reach a certain 

size. (A) Phase images of human SkMDCs (F17 donor) differentiating on 100x20 LAM lines show that myotubes 

begin peeling by Day 6 of differentiation. (B) Representative images of MHC staining of human SkMDCs 

differentiated on 100x20 LAM lines from 3 - 6 days. Green - MHC, Blue - nuclei Scale bars 200 μm..  

 

 

Figure 5.9. Analysis of Percent Area of Human 

Myotubes Differentiated for 3 to 6 Days.  Cook's 

SkMDCs peeled off of patterned LAM lines by day 

6 when DM was exchanged daily. Significantly less 

myotube area was measured at day 6 (p < 0.05). 

(n=3 for Day 4; n = 4 for Days 3, 5, and 6).  

 

Myotubes did not appear to peel fluorescently labeled FN from substrates (Figure 5.10B). 

However, our results also indicated that genipin crosslinking did not increase myotube culture 

maintenance after 6 days of differentiation.  Significantly higher myotube formation/area FN was 

measured at day 6 for both FN only (19.8%) and FN+Gen patterned lines (18.7%) compared to 

myotube % area measured on FN only at day 12 (12.0%)(Figure 5.10C). Additionally, FN only 

subsrates at day 6 had significantly higher percent area myotubes than Day 12 FN+Gen 

substrates as well (13.3%) (Figure 5.10C). 

Ultimately, using genipin to crosslink FN 

substrates did not appear to increase the length 

of time skeletal muscle myotubes could be 

maintained in 2D culture on PDMS. 
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5.4 Discussion  

 Initially, we were able to successfully engineer skeletal MTFs using C2C12 myoblasts 

differentiated on patterned FN lines
20

, and we also showed that we could increase the amount of 

differentiated myotubes by using patterned LAM micropatterned lines
21

. We then modified the 

MTF assay to standardize PIPAAm area and subsequently MTF release length. Initially, 

Figure 5.10: Genipin crosslinked FN lines on PDMS to prevent myotube peeling. (A) 1 - A PDMS stamp 

with 20 µm deep channels is placed in conformal contact with a PDMS coated glass coverslip. 2 - Genipin was 

pipetted along one side of the PDMS stamp, and a glass pipet pulling a vacuum was placed on the opposing side 

of the stamp to pull the genipin solution through the channels. Genipin was incubated in the channels for 1 hour. 

3) PBS was pulled through the channels in the same manner to wash excess genipin not bound to the PDMS 

coverslip. 4) FN solution was pulled through the channels after PBS washes and incubated for 1 hour. 5) The 

stamp was removed to result in patterned FN crosslinked to PDMS using genipin. 6) C2C12 myoblasts were then 

seeded on the pattern and 7) differentiated into myotubes for 6 - 12 days. (B) Representative images of C2C12 

myotubes on FN only or Gen + FN patterned coverslips after 6 to 12 days of differentiation. Red - FN, Green - 

MHC, Blue - nuclei. Scale bars 200 µm. (C) Myotube formation as measured by MHC staining and normalized 

for patterned FN area showed genipin crosslinking of FN to PDMS coverslips did not prevent myotube 

delamination past day 6 of differentiation. (Day 6, FN only: n = 12; Day 6, FN + Gen: n = 10; Day 12, both 

conditions: n = 21). * represents p < 0.05. 
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myotubes peeled from PIPAAm areas, likely due to uneven transfer of LAM. Even after 

resolving the issues associated with modifying our protocol, we wanted to increase culture time 

so that we were not limited to 6 days of differentiation. We attempted to use genipin to crosslink 

FN to PDMS coated coverslips in order to maintain myotube cultures, as this had been 

successfully achieved with smooth muscle cells
16, 17

. However, this did not successfully increase 

the maintenance of differentiating C2C12 myotubes on FN patterned PDMS. It appeared that the 

myotube delamination is not occurring at the ECM-PDMS interface since fluorescently labeled 

FN remained on PDMS after myotubes had formed and delaminated. Rather, it is likely that 

myotubes began to pull against their environment as they matured, as spontaneous contractions 

are a typical part of in vitro myotube differentiation
14

. Because nothing confined the myotubes to 

the PDMS, which has a much stiffer elastic modulus (1.72 MPa)
22

 than native tissue (~12 kPa)
23

, 

the myotubes worked themselves off of the PDMS surface, even if the FN was crosslinked. We 

would need to further verify the effectiveness of the genipin crosslinking of FN to the PDMS, 

but it is clear from the fluorescence images that a layer of fluorescent FN remains even after 

myotubes have delaminated from the patterns for both FN and Gen+FN conditions. It is possible 

that myotubes were peeling off FN only a few molecules thick, thus leaving behind much of the 

patterned FN. If this is what was happening, the fact remains that crosslinking is unlikely to 

effectively prevent myotube delamination after more than 6 days of differentiation. 

 To move forward with further development of a 2D skeletal MTF assay, we need to 

determine the cause(s) of myoblast delamination after prolonged culture time. More specifically, 

we need to determine if the failure occurs at the ECM-PDMS interface, the integrin-ECM 

interface, the integrin-cell membrane interface, or if it is occurring in the cytoskeleton of the cell 

itself. It is likely that using a native ECM hydrogel as the MTF substrate is likely to prevent 
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delamination after 1 week of differentiation based on the findings presented for maintaining 

C2C12 myotubes for at least 3 weeks on microgrooved gelatin substrates
24

. This ability to 

maintain myotube adhesion to the softer, biologically derived hydrogel suggests that the 

delamination issues may derive from interactions with the PDMS itself. Patterned ECM adsorbs 

to the PDMS through hydrophobic interactions, and this may impact the ability of ECM to bind 

key growth factors or may affect the integrity of the integrin binding sites on the protein because 

the hydrophobic domains bind to the PDMS and hydrophilic domains are exposed, possibly 

altering the protein's native conformation. We were hesitant to pattern differentiating myoblasts 

onto ECM based hydrogel MTFs because of the limited ability to align differentiating C2C12 

myoblasts when spacing conditions were too narrow, as demonstrated in Chapter 3
21

. Our lab has 

established that this can be done successfully with cardiomyocytes, but contractile 

cardiomyocytes are already differentiated and do not need to fuse in the direction of lines after 

seeding, as is necessary with differentiating skeletal muscle myotubes, so guiding alignment of 

already contractile cardiomyocytes on patterned hydrogels is more feasibly controlled
25

. It may 

prove beneficial to develop this system with grooved Col I hydrogels coated with LAM. In this 

way, a synergistic affect from maintaining 2D myotube culture on a hydrogel and providing 

specific ECM cues that maximized human and C2C12 myotube formation has the potential to 

result in more mature, contractile skeletal MTFs. Changing the substrate from hydrophobic 

PDMS to biologically derived, hydrophilic Col I will likely solve the delamination issue if the 

mechanism of failure is, in fact, directly related to conformational changes in ECM protein due 

to hydrophobic interactions with PDMS. It is also possible that other factors contributed to 

myotube delamination after 7 days of differentiation. For example, it is known that proteases, 

especially the calpain family, play a critical role in skeletal muscle growth and myogenesis
26-28

. 
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These proteases are important in skeletal muscle formation and myotube fusion as they are 

important regulators in breaking down and rebuilding the sarcomeric proteins within skeletal 

muscle myotubes. However, because their function is to break down proteins, it is possible that 

in the specific context of 2D, in vitro, micropatterned PDMS that they may be interrupting the 

integrin complex within the cell or possibly even altering the attachment sites of patterned ECM 

protein itself. It is possible to add small amounts of protease inhibitors to culture media to 

decrease the severity of the resulting myotube delamination if proteases are one of the culprits of 

2D myotube delamination. These are several ways we could address the myotube delamination if 

it the root of the failure is occurring because of PDMS hydrophobic interactions or because of 

protease activity from the differentiating cells, either of which can affect PDMS-ECM 

interaction, ECM-integrin binding, or the integrin-membrane-cytoskeleton interactions within the 

cells.   

 In order to obtain human myotubes capable of visibly bending the PDMS layer, we 

would likely need to differentiate myotubes at least 2 - 4 weeks, based on what has been 

achieved with 3D cultures of human primary myoblasts
7-9

. The most consistent means to achieve 

this length of culture time in the literature has typically been to cast cells within a 3D hydrogel 

for culture. For this reason, we decided to move forward with engineering 3D skeletal muscle 

constructs. In order to use the similar model of measuring twitch force via bending of a thin 

elastomer layer, we decided to integrate a U-shaped silicone insert by casting a polymerizing 

mixture of Col I and muscle cells around the insert ends. The insert was designed to be 

incorporated into the differentiating muscle microtissue, thus allowing us to potentially exercise 

these microtissues as well as maintain their differentiation for significantly longer periods of 

time. These 3D engineered microtissues, with the ability to measure force generation by changes 
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in insert bending, will allow similar advantages to the initial goals for the MTF assay in allowing 

measurable responses to pharmacological stimulation and as in vitro tools to investigate skeletal 

and cardiac muscle differentiation and function to better engineer functional tissues in the future. 

The initial proof-of-concept and demonstration of these functions 3D microtissues is described in 

Chapter 6. 

5.5 Conclusions 

 In this chapter, we have demonstrated the problems encountered when engineering 

skeletal MTFs from C2C12 or human derived myoblasts on PDMS. More specifically, we found 

that we are limited to ~6 days of differentiation of C2C12 or human SkMDC derived myotubes 

before the myotubes began to delaminate from the LAM lines on PDMS surfaces. Guiding 

differentiation of myoblasts to aligned, contractile myotubes required more than the 6 days we 

were limited to, and crosslinking of FN to PDMS surfaces did not retain myotube attachment 

past 1 week of differentiation. To engineer contractile skeletal muscle from the ground up, we 

need systems that maintain myotube adherence to allow cells to continue to mature up to 4 weeks 

in culture. Specifically, we need to move forward with designing 3D platforms that restrict 

differentiating myoblasts within a 3D ECM hydrogel or possibly even use microtopography of 

2D hydrogel surfaces to guide myotube alignment and maintain adherence for longer than 1 

week of differentiation.  
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Chapter 6 
Engineering Cardiac Microtissues with 

Integrated Force Indicators for Force and 

Beat Frequency Analysis 
 

 

 

6.1 Introduction 

 Engineered in vitro models of functional human cardiac muscle have applications as 

physiologically relevant but more economical platforms for pharmacological testing (compared 

to human trials), genetically-tailored disease models, and building blocks to engineer functional 

organ replacements in the future. It is well known that animal models do not always accurately 

predict the response pharmacological stimuli will have on human patients. Similarly, engineering 

in vitro cardiac muscle from human derived cells instead of animal cardiomyocytes (CMs) brings 

us one step closer to engineered cardiac muscle that is physiologically more similar to adult 

human heart muscle. Further, engineered cardiac heart muscle that is representative of human 

physiology fills a critical void between animal models and human clinical trials. However, 

human adult CMs are terminally differentiated and cannot be expanded in vitro. The only robust 

source of new human CMs are from pluripotent stem cells, either embryonic stem cells (ESCs) 

or induced pluripotent stem cells (iPSCs). In fact, much in vitro understanding of cardiac 

function has focused on individual CM behavior. Specifically, focus has been placed on 

differentiating more functionally mature CMs from ESCs or other human pluripotent stem cells
1
. 

Additional studies have examined individual pluripotent stem cell-CMs or iPSC-CM response to 
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different pharmacological stimuli in terms of electrical activity, force generation, and gene 

expression
2, 3

. The challenge with iPSC and ESC-derived CMs is that they are often more 

functionally immature than in vivo adult CMs. Specifically, these CMs are often round rather 

than spread and classically rod-shaped, exhibit disordered sarcomere organization, and have 

smaller membrane capacitance than adult CMs
4-6

.  Determining how to differentiate more 

functionally mature CMs from stem cells is key to engineering functional cardiac tissues, but a 

necessary next step is developing more complex, physiologically representative, 3D microtissues 

(µtissues) by building on these individual CM studies
4
.  

 We previously demonstrated that in vitro functional cardiac muscle constructs can be 

used as a prototype to engineer functional skeletal muscle models in vitro since contractile force 

is a useful metric for function in both tissue types
7, 8

. This proved to be problematic in 2D 

skeletal muscle models due to the limitation of  ~1 week of culture time before differentiating 

myotubes delaminated from micropatterned PDMS surfaces. We were able to observe myotube 

twitching in these muscular thin film (MTF) assays for both C2C12 and primary human skeletal 

muscle derived cells, but we determined that a more robust contractility assay allowing at least 2 

to 4 weeks of differentiation and maturation is necessary for skeletal myoblasts
9
. For this reason, 

we designed a platform to allow for 3D culture of contractile skeletal muscle or CMs for 

applications as in vitro muscle models, pharmacological test beds for personalized medicine, and 

applications as building blocks for biological or soft robotics.  

 Initial efforts to develop 3D CM µtissues involved suspending CMs in a native ECM gel 

and casting the cell+gel mixture around a structure. More specifically, CMs isolated from 

chicken embryos or neonatal Sprague-Dawley rats have been mixed with fibrin or collagen I 

(Col I) and the suspension is cast into a well with Velcro™ or polydimethylsiloxane (PDMS) 



110 
 

posts
10-12

. After matrix polymerization, the PDMS or Velcro™ posts act as anchoring points to 

induce uniaxial stresses that typically encourage cell alignment along the long axis of the 

constructs (see Chapter 2, Figure 2.7). Advancements in stem cell technology have since allowed 

for the development of more clinically relevant 3D engineered constructs by placing HESC-CMs 

or iPSC-CMs in these µtissues
13, 14

. Functional readout, in terms of force generated by cardiac 

μtissues, is typically obtained by measuring PDMS beam deflection
12, 15, 16

 or using an optical 

force transducer
17

. Additionally, because CMs generally lack the ability to significantly 

reorganize or synthesize their surrounding matrix, fibroblasts (FBs) have been added to these 3D 

µtissues to assist CMs in remodeling and subsequent compaction of the ECM hydrogel as well as 

to further mature CMs
18, 19

. Addition of FBs helped reduce μtissue size to address issues of 

diffusion limits in these non-vascularized µtissues, and their presence has also been shown to 

increase CM spreading within tissues
19

,  as well as improve beat synchronicity, beats per minute, 

conduction velocity, and the expression of muscle contractile proteins
20, 21

. 

 To build on previous work in this dissertation we engineered our own contractile 3D CM 

µtissue and demonstrated its potential as a cardiac model tissue as well as a template to engineer 

3D skeletal muscle models in the future. We designed this 3D system to enable measurement of 

twitch forces of the contractile μtissues without invasive probes or force transducers. 

Specifically, we integrated a thin, U-shaped, PDMS insert into 3D μtissues and used the change 

in bending or tissue length as a means to measure twitch force (Figure 6.1A). Specifically, 

μtissue contraction induced bending of the PDMS U-shaped insert, and the force required to 

induce changes in bending can be measured a simple beam or cantilever bending model of the 

PDMS insert (Figure 6.1B-C). HESC-CMs were used to engineer these initial μtissues with 

integrated force indicators (MIFIs). These cardiac MIFIs responded as expected to excitatory 
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pharmacological stimuli and have the potential to serve as in vitro models of human CM function 

upon further characterization. Further, the MIFI model can serve as a template that we can later 

apply to iPSC-CMs for patient specific disease modeling or skeletal muscle myoblasts since the 

well and insert design should readily translate to other contractile cell types. This system has an 

advantage over traditional PDMS post-bending based µtissues because the insert design allowed 

for easy removal of the MIFIs from culture wells without damaging or altering tissue architecture 

to investigate the effect of increased exercise load on these cardiac or skeletal muscle model 

µtissues. Specifically, the inserts created a stress field that influenced the cells to align along the 

long axis of the well, but full force of the 'unfolded' insert is partially hidden because the PDMS 

well base does most of the work of holding the inserts in place during culture. Thus, when MIFIs 

Figure 6.1 Design Concept for Microtissue wtih Integrated Force Indicator. (A) Views of the PDMS insert, 

PDMS well base, and muscle μtissue as they would appear during culture. The thin, PDMS insert had a narrow 

necking region for μtissue attachment, and the wide base of the insert is hidden in slits in the PDMS well base to 

constrain the tissue to attach to the necking region of the insert. (B) The wide base of the insert allowed the tissue 

to be removed from the well with the insert intact to perform the contractility assay and (C) upon contraction of 

the μtissue, the force (F) induced bending of the PDMS insert. 
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are removed from the PDMS wells, the applied load to the MIFI increased, forcing the cells to 

work against the insert to maintain µtissue architecture. For this reason, the platform was 

designed to serve not only as a tool to better understand cardiac and skeletal muscle normal and 

disease states but to also allow investigation of combinatorial effects of various small molecule 

or drug therapies with muscle exercise. 

6.2 Materials and Methods 

6.2.1 Design and preparation of PDMS wells and inserts 

 Solidworks was used to design molds for casting PDMS for μtissue culture. Initial 

prototypes were printed with acrylonitrile butadiene styrene (ABS) plastic using a Replicator 2X 

3D printer (MakerBot), and final molds were printed with Verowhiteplus RGD835 using an 

Objet Connex350 (Stratasys). To create wells from plastic molds, Sylgard 184 PDMS (Dow 

Corning) was mixed at 10:1 weight ratio of base to curing agent using a Thinky conditioning 

mixer (Phoenix Equipment Inc.) set to a 2 minute 2000 RPM mixing cycle and a 2 minute 2000 

RPM defoaming cycle. Universal mold release spray (Smooth-On) was sprayed onto plastic 

molds, and PDMS was poured until the molds were filled. PDMS wells were degassed for 30 

minutes and cured in a 65⁰C oven for 2 hours before being removed from the plastic molds. 

 Well inserts were designed using Adobe Illustrator and a ProtoLaser U3 (LPKF) laser 

cutter was used to cut dogbone-like inserts from non-reinforced, 0.005" thick medical PDMS 

sheeting (Bioplexus). Inserts were mounted onto glass microscopy slides and imaged with a 

VHX-5000 digital microscope to measure thickness. The average of three measurements for each 

insert was used for later analysis in the contractility assay. 

  



113 
 

6.2.2 Elastic modulus verification of PDMS inserts 

 PDMS sheeting was laser cut into dogbone strips for tensile testing using a ProtoLaser 

U3. 10 samples were mounted on an Instron 5943 and strained at a rate of 1 mm/minute until 

>10% strain was reached or until samples slipped from the grips. Two of the 10 samples slipped 

before the strips reached 10% strain, and these were excluded from elastic modulus 

measurements. Sample cross sections were calculated from average optical measurements of the 

individual strips prior to testing. Strip thicknesses were obtained by averaging 3 random 

thickness measurements per strip using a VHX-5000 digital microscope. Stress was calculated in 

Excel by dividing measured force by measured cross-sectional area. Stress was then plotted 

against strain, and the linear curve fit was obtained for the first 10% of strain. The slopes of the 

curves were averaged to obtain a final measurement of 3.10 MPa for the elastic modulus of 

PDMS inserts. The elastic modulus was used for modeling the force required to bend inserts to 

specific conformations for the contractility assay. 

6.2.3 Cell Culture - HUES9-CMs 

 HUES9 cells were a gift from the Van der Meer lab at University Medical Center 

Groningen and protocols for differentiation were obtained from their in-house differentiation 

protocol based on previous publications by other groups
22, 23

. Reagents were obtained from 

Thermofisher unless otherwise indicated. Cells were kept in continuous culture in 6-well tissue 

culture treated plates pre-coated with 12 μg/cm
2
 of Geltrex™ and kept at 37ºC and 5% CO2. All 

media was supplemented with 1:1000 Mycozap-CL (Lonza).To pre-coat well plates, Geltrex™ 

was diluted in 4ºC DMEM/F12  to a final concentration of 114 μg/mL before pipetting 1 

mL/well. Plates were then incubated with Geltrex™ at room temperature for at least 1 hour prior 
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to cell seeding or were stored at 4ºC for up to 1 week. To passage, cells were rinsed with 1x PBS 

(GE Healthcare) and incubated with TrypLE Express for 5 minutes. Cells were then detached by 

pipetting, transferred to DMEM/F12 stopping media and centrifuged at 200 G for 5 minutes.  

Media was then aspirated from the cell pellet, and cells were re-suspended and seeded at 

13.1x10
3
 cells/cm

2
 in Essential 8 media (E8) supplemented with 5 μM Y27632 (System 

Bioscience). After 24 hours, Y27632 supplemented E8 was exchanged for E8 media daily until 

cells reached 80% confluence, at which point cells were passaged or differentiated. 

 To induce differentiation, on day 0, cells were rinsed with 1x PBS and 3 mL/well of 

RPMI 1640 basal media supplemented with 1:50 B27 without insulin (RPMI/B27) and 6 μM 

CHIR99021 (LC Laboratories). On day 2, cells were washed with 1x PBS before adding 3 

mL/well of RPMI/B27 with 2 μM Wnt-C59 (Selleck Chemicals). On days 4 and 6, media was 

exchanged for 3 mL/well of RPMI/B27. On days 8 and 10, media was exchanged for 3 mL/well 

of CDM3: RPMI 1640 basal media supplemented with 500 µg/mL of O. Sativa derived 

recombinant human albumin (RHA) (Sigma-Aldrich) and 213 µg/mL of L-ascorbic acid 2-

phosphate (AAP) (Sigma-Aldrich). At day 12, if CMs were visibly beating, cells were passaged 

for purification. 

 For purification differentiated cells were passaged by washing with 1x PBS and 

incubating in TrypLE Express for 15 minutes at 37ºC. Cells were released from plates by 

pipetting into DMEM/F12 stopping media (2 mL/well) and were then centrifuged at 200 G for 7 

minutes.Cells were seeded on Matrigel™ (Corning) coated 6 well plates. Plates were coated with 

Matrigel™ following the same protocol used to coat plates with Geltrex™. Cells were 

resuspended in CDM3L (RPMI 1640 without D-glucose supplemented with 500 μg/mL RHA, 

213 μg/mL AAP, 7.1 mM sodium DL-lactate (Sigma-Aldrich) and 5 μM Y27632) media. 3 
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mL/well of CDM3L (without Y27632) was then exchanged 24 hours after seeding and at day 4. 

At day 7, cells were passaged by rinsing with 1x PBS, incubating for 15 minutes in TrypLE 

Express at 37ºC, centrifuged at 200 G for 7 minutes, and were then used for experiments. 

6.2.4 Cell Culture - Human Cardiac Fibroblasts 

 Human Cardiac Ventricular FBs (NHCF-V) were obtained from Lonza, used at <15 

doublings, and were cultured at 37°C and 5% CO2. Cells were cultured in FB Growth Medium-3 

(FGM3)  made from the FGM-3 BulletKit™ (Lonza) consisting of FBM supplemented with 

0.1% rhFGF-B, 0.1% insulin, 10% fetal bovine serum, and 0.1% 1000x 

gentamicin/amphotericin-B. Upon thawing, cells were resuspended in FGM3 and seeded at 

~6.5x10
3
 cells/cm

2
. After reaching 80% confluence, cells were rinsed with 1X PBS and 

incubated with 0.25% Trypsin-EDTA (Thermofisher) for 3 – 5 minutes at 37°C. After cells 

began to detach, 2 mL Trypsin Neutralizing Solution (Lonza) was added at per mL of Trypsin-

EDTA, and the cell suspension was centrifuged at 220 G for 5 minutes. The media supernatant 

was aspirated, and cells were either resuspended in FGM3 and passaged at a density of 3.5x10
3
 

cells/cm
2
 or used for casting MIFIs. 

6.2.5 Cell Culture - C2C12s 

 C2C12s were obtained from Abcam and cultured according to manufacturer specifications. 

Specifically, cells used in experiments were kept below passage 12 and below 80% confluence while in 

continuous culture. C2C12 cells were kept in growth media (GM) consisting of high-glucose DMEM 

(Corning) supplemented with 1% 100x Penicillin-streptomycin (Thermofisher), 1% 100x L-glutamine 

(Thermofisher), and 10% fetal bovine serum (J R Scientific). When cells reached 80% confluence, they 

were passaged by washing with 1x PBS and incubated with 0.05% Trypsin-EDTA for 3 – 5 minutes. 

Cells were then resuspended in GM at a 2:1 ratio of GM to Trypsin-EDTA and centrifuged at 2000 RPM 
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for 5 minutes. The supernatant was aspirated from the cell pellet, and cells were reseeded at ~6.5 x 10
3
 

cells/cm
2
 in a new flask or cast in MIFI construct. 

6.2.6 Casting Microtissues with Integrated Force Indicators 

 Prior to tissue culture, PDMS wells were cleaned by sonicating in 50% ethanol for 30 

minutes. PDMS inserts and vacuum grease (Dow Corning) were UV-treated for 15 minutes prior 

to use. PDMS wells were dried using a nitrogen air gun and then incubated with 1% w/v Pluronic 

F-127 (Sigma) for 3 - 5 minutes to prevent cell attachment to PDMS. Pluronic F-127 was 

aspirated and wells were rinsed 3 times with 1x PBS. Inserts were then placed in the wells by 

securing both ends in the slits in the base of the PDMS wells. Insert bases were visible through 

the PDMS well, and were adjusted with forceps until the entire base rested flush within the slit. 

After insert placement, a 1000 µL micropipette tip was used to manually coat the bottom of the 

PDMS well with vacuum grease, and wells were then firmly placed in the well of a 6-well 

culture plate. Wells with inserts were then used immediately or sterilely stored for later use. 

Micropipettes were used for aspiration instead of a full force vacuum in order to prevent inserts 

from being disturbed from their resting position. 

 Rat tail Col I (Corning) was gelled following the neutralization reaction using 1N NaOH 

(Sigma) as recommended by the manufacturer. MIFIs were cast with final concentrations of 2 

mg/mL Col I, 20% v/v Matrigel™, 10% 10x PBS (Hyclone), 2.3% 1 N NaOH, and 18.75 x 10
6
 

cells/mL for CMs and 15 x 10
6
 cells/mL for C2C12s. When NHCV-Fs were included with 

HUES9-CMs, they were mixed at ratios of 10 or 20 % of total cell concentration. After manual 

mixing, the cell/gel mixture was pipetted gently into wells (80 µL/well) to avoid creation of 

bubbles. To prevent MIFIs from coming out of the wells due to vigorous beating at later dates in 

culture, No. 2 55x45 mm cover glasses (Fisher Scientific) were cut into rectangles <3 mm in 
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width and at least 10 mm in length using a diamond tip pen, inserted on top of PDMS wells but 

under inserts and secured with vacuum grease. MIFIs were then placed in a 37⁰C incubator for 

45 minutes to allow gelation of the Col I prior to addition of culture media. CMs were cultured in 

RPMI 1640 with 1% knock-out serum replacement (Thermofisher) and 1:1000 Mycozap. 

C2C12s were cultured in GM for 1 week before switching to DM. CM and C2C12 media was 

exchanged every 48 hours. MIFIs were kept in culture up to 14 days before removal from wells 

for the contractility assay.  

6.2.7 Image Analysis of Tissue Compaction Tracking 

 MIFIs were imaged on a Nikon SMZ1000 stereo microscope with oblique illumination 

using a Nikon D5100 DSLR camera during culture for top down images of tissue area. ImageJ 

was used for image processing. Images were converted to grey-scale, threshholded, and then 

converted to an 8-bit binary in order to distinguish the µtissue area (black) from the rest of the 

well (white). The µtissue area was measured as 'positive' pixels. Occasionally, the outline of the 

µtissue had to be hand drawn due to light-scattering interference from the inserts. The percent 

area of the tissues was tracked in this way for the duration of culture. 

6.2.8 Contractility Assay 

 MIFIs were removed from wells using forceps and were transferred to a 35 mm petri dish 

filled with 37ºC Tyrode’s solution (1.192 g HEPES, 0.203 g MgCl2, 0.403 g KCl, 7.889 g NaCl, 

0.04 g NaH2PO4, 0.901 g C6H12O6, and 0.265 g CaCl2 per liter of distilled water, pH 7.4) . MIFIs 

were anchored by placing the wide base of the insert into a slit in a PDMS block glued to the 

bottom of the stimulation dish. The Tyrode’s bath was maintained between 30º and 37°C using a 

heated stage regulated by an in house LabVIEW program. Videos of samples were taken using a 
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Nikon D5100 DSLR camera mounted on a Nikon SMZ1500 stereomicroscope. Samples were 

paced from 2 to 10 Hz using parallel platinum electrodes placed 2 cm apart and immersed in 

Tyrode’s. Samples were stimulated using a Grass Stimulator set to 40V using a 10 ms square 

pulse wave. 

6.2.9 Pharmacology assay 

 Drugs were obtained from Sigma-Aldrich. Carbachol and isoprenaline were mixed to 

stock concentrations of 5mM in 1x Tyrode’s solution. 5mM epinephrine stock solution was made 

by dissolving epinephrine at 500mM in HCl before diluting with Tyrode’s to a final 

concentration of 5 mM. Caffeine was dissolved directly in Tyrode’s to make a stock solution of 

20 mM. All stock solutions were diluted further with Tyrode’s to reach concentrations of 50 nM, 

500 nM, 5 μM, and 50 μM for carbachol, isoprenaline, and epinephrine. Caffeine was used at 

500 μM or 5 mM concentrations. These concentrations were used because this range had been 

previously demonstrated to elicit changes in force exertion and beats per minute (BPM) from 

cardiac µtissues in a dose-dependent manner. During the contractility assay, MIFIs were washed 

3x with Tyrode’s between drugging conditions, and videos of constructs in Tyrode’s only were 

taken between different drug conditions to determine if the MIFI had recovered to its initial, pre-

drugged state. 

6.2.10 Fixing and Immunofluorescence Staining  

 Reagents were obtained from Thermofisher unless otherwise indicated. Samples were 

fixed in 4% formaldehyde (electron microscopy sciences) in PBS with 1:200 Triton-X 100 

(Fisher Scientific) for 1 hour followed by 3 30 minute washes in PBS. Samples were blocked in 

5% goat serum in PBS overnight at 20°C followed by 3 30 minute washes in PBS. Mouse anti-
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sarcomeric-α-actinin (Sigma-Aldrich) was diluted to 1:100 in PBS, and samples were incubated 

overnight at 20°C in 500 μL of antibody solution in 24 well culture plates to ensure coverage of 

the 3D tissues. Samples were then washed 3 times for 30 minutes each in PBS before incubating 

with 1:200 DAPI, 3:200 phalloidin tagged with Alexa-Fluor 488, and 1:100 goat anti-mouse 

antibody tagged with Alexa-Fluor 555 in PBS at 20°C overnight. After the final incubation step, 

samples were rinsed 3times for 30 minutes each in PBS before imaging or storing in PBS. 

6.2.11 Force measurements from bending inserts 

 Alkiviadis Tsamis performed the finite element modeling of bending PDMS inserts in 

Abaqus software (Dassault Systemes) to create lookup tables for inserts ranging in thickness 

from 125 to 154 µm (Appendix B). Specifically, The elastic strip was modeled as 3D deformable 

extruded solid, with extruded thickness varying between 125 and 154 μm. The elastic strip was 

considered as linearly elastic, isotropic and incompressible material, with Young’s modulus 

equal to 3.09 MPa according to elastic modulus measurements. The section of the elastic strip 

was considered as solid homogeneous. The force-driven bending simulation was designed to 

mimic the experimental procedure. One static general analysis step was used where the elastic 

strip was deformed by application of equal contractile force in three parallel axial connectors 

placed in the regions where the tissue was attached during the experiment, so that the total force 

would equal the sum of the contractile force of the three connectors (Figure 6.8). The total force 

ranged between 60 and 155 μN for the experimentally measured tissue length which 

corresponded to the deformed length of the connectors. Additional boundary conditions were 

imposed based on geometrical symmetry. The general analysis step did not have automatic 

stabilization applied, and the step increments were assigned automatically. Finally, the finite 

element mesh was composed of 20-node quadratic, hybrid, reduced integration brick elements 
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(C3D20RH), which are suitable for general analysis work. From this model, the change in tissue 

length could then be used to calculate the force necessary to bend the inserts to these 

conformations. Custom MATLAB code was used to manually track length changes of 

contracting MIFIs (Appendix C), and resulting length data was also run through custom 

MATLAB code to calculate the corresponding force based on tissue length and insert thickness 

(Appendix D). 

 To approximate tissue cross-sectional area to normalize measured twitch forces, 

microtissue width and thickness were measured manually in ImageJ. Specifically, width and 

thickness measurements were taken per construct, one within 1 mm of either insert attachment 

site and 1 from the middle of the tissue. Tissues were assumed to have an ellipsoid cross-section, 

and these width and thickness measurements were used as the long and short diameters of the 

calculated ellipsoid cross-section. Additionally, muscle cross-sectional area was approximated to 

normalize force per muscle area by assuming full cell coverage within the outer 100 µm diameter 

of constructs. Muscle area was then calculated as 90% or 80% of full area for 10% and 20% FB 

tissues, respectively. In this way, muscle cross-section was likely over estimated, but this 

allowed for the normalized force to be an underestimation for a worst case scenario. Specific 

force was calculated by dividing twitch force by the approximate cross-sectional area and for 

approximate muscle cross-sectional area for each individual tissue. 

6.2.12 Statistical Analysis 

 All statistical analyses were carried out in SigmaPlot (Systat). ANOVA on ranks was 

performed on data presented in Figures 6.4K, 6.9C-D, and 6.11E using the Dunn's method post-

hoc test, and ANOVA on ranks with post-hoc Tukey test was performed on Figure 6.11F. Two-
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Way ANOVAs with Holm-Sidak post-hoc comparisons were performed for figures 6.11A-C. A 

Mann-Whitney Rank Sum test was performed on Figure 6.11D. A One-Way ANOVA was 

performed on data in Figure 6.9E with no post-hoc test as no significant differences were found. 

Differences were considered significant at p ≤ 0.05. Sample sizes for twitch force graphs in 

6.9C-D represent 5 technical replicates/sample, i.e. if n = 30, then 5 beats/sample for 6 separate 

samples are represented. 

6.3 Results 

6.3.1 Design of 3D Platform for Microtissues with Integrated Force Indicators 

 The goal of this project was to engineer a platform for contractile, 3D muscle µtissues 

that could be easily removed from culture wells and analyzed in a side on contractility assay. To 

do this, we used a U-shaped, thin PDMS insert acting as an indicator to track force exerted by 

beating µtissues (Figure 6.1). Inspired by the PDMS post models that have worked for both 

cardiac and skeletal muscle µtissues, we wanted to use two anchor points within a PDMS well in 

order to guide alignment of cells in a Col I+Matrigel™ gel. The insert is designed to have bases 

hidden in slits in the PDMS culture well and a narrower attachment around which the µtissue can 

polymerize, compact, and mature (Figure 6.1A). This wide insert base allowed for eventual 

removal of the µtissue from the well, at which point, contraction of the beating cells induced a 

change in tissue length and bends the insert (Figure 6.1B-C). In this way, MIFIs were easily 

assessed for overall µtissue beat frequency and muscle force generation. Typical 3D construct 

designs in the past had PDMS posts that dictated µtissue geometry designed as a part of the well 

itself, and removal of the µtissue would result in a contractile tissue with no load to work against 

relative to itself. In order to allow removal of the µtissue while still maintaining adherence to 

post-like structures, we initially designed PDMS molds to have a slit in the base of the well 
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between 2 small posts (Figure 6.2A-B). U-shaped, thin, PDMS dogbone-like insert was designed 

to be placed perpendicular to either end of the µtissue during the Col I polymerization process, 

but hidden between the PDMS posts (Figure 6.2A-D). Initial designs were tested using C2C12 

µtissues, and we observed µtissue attachment, but there we large holes resulted from the double 

post design (Figure 6.2C). To reduce resulting holes in the µtissues but maintain the classical 

post design, we removed the inner posts and made the wells smaller (Figure 6.2E-F, H). The 

Figure 6.2. Iterative Plastic Mold and PDMS Insert Design Process. (A) Perspective view of CAD model of 

plastic mold Design 1, intended to hide the insert between 2 PDMS posts on either side. This is the negative of what 

PDMS wells would look like. A cutaway view of the dotted black rectangle shows (B) Side view of Design 1 where 

green arrows point out what will become PDMS base slits and red arrows point out what will become PDMS posts. 

(C) A C2C12 MIFI created using Design 1 resulted in the possibility of large holes in the µtissue around the insert 

because it was 'hidden' between 2 PDMS posts (white arrow). (D) PDMS insert dimensions for mold Design 1.  

(E) Perspective view of CAD model of plastic mold Design 2, intended to hide the insert against 1 PDMS post on 

either side to decrease hole size in µtissues. This is the negative of what PDMS wells would look like. A cutaway 

view of the dotted black rectangle shows (F) Side view of Design 2 where green arrows point out what will become 

PDMS base slits and red arrows point out what will become PDMS posts. (G) A C2C12 MIFI created using Design 2 

has better tissue integrity around the attachment sites, leading us to question if posts could be completely removed. 

(H) PDMS insert dimensions for mold Design 2 - the insert length was shorted to match the shorter well dimensions 

after removal of inner posts. (I) Perspective view of CAD model of plastic mold Design 3, intended to completely 

replace posts with the insert. This is the negative of what PDMS wells would look like. A cutaway view of the dotted 

black rectangle shows (J) Side view of Design 3 where green arrows point out what will become PDMS base slits. 

(K) A C2C12 MIFI created using Design 3. We observed small overhangs of µtissue formed from seeping into the 

base slits before the Col I had polymerized and the µtissue was beginning to slip up the insert (white arrows). Scale 

bars: C, G - 4 mm. K - 3 mm. 
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resulting MIFIs appeared to have improved tissue integrity at the attachment sites (Figure 6.2G). 

After successfully removing the inner posts for Design 2, we wanted to determine if posts were 

necessary or if the PDMS insert alone was enough of an anchor point on either side of the well 

for µtissues to attach and compact without any posts. We developed Design 3 to determine if we 

could cast µtissues around the insert alone (Figure 6.2I-J). C2C12 MIFIs attached and compacted 

with no apparent issues in Design 3, however, we did observe that the well slits for insert 

placement were wide enough to allow the cell+gel mixture to seep into the slits, which were ~ 1 

mm wide, before polymerization had occurred, resulting in small tissue overhangs (Figure 6.2K). 

We also observed that the µtissues were able to move up the inserts since there was nothing 

restricting them to the initial attachment sites after removal from wells (Figure 6.2K). Ultimately, 

we used PDMS wells with 5 x 10 mm wells and insert slots 500 µm wide (to prevent µtissue 

overhangs) and 3 mm deep (Figure 6.3A-B, D-E).  The thin, PDMS insert was designed to have 

a base to sit flush within the well slit, a 1.5 mm necking region for the cast µtissue attachment, 

and a small 3.4x1 mm flap above the attachment region to prevent µtissue slippage (Figure 

6.3C). These inserts were laser-cut from pre-made 127 µm thick PDMS sheeting, and the final 

PDMS well with inserts placed in allowed for the base of the inserts to sit flush against the well 

slit portion (Figure 6.3 F-H). 
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Figure 6.3 Finalized Mold and Insert Design. (A) Top down view of the dimensions of the raised portion 

of the plastic mold used for casting wells for MIFIs. Smaller rectangles (arrows) served as the insert slots in 

the PDMS well. (B)The final design had a base with 3 mm deep slots to 'hide' insert base in the PDMS well 

during culture. (C) Insert design included 3 mm x 3.4 mm regions to be hidden in the PDMS well base, a 1 

mm wide necking region for tissue attachment, and a small 3.4 mm wide overhang to prevent the μtissue 

from sliding up the insert. (D) Top down images of the plastic master mold and (E) resulting PDMS wells. 

(F-G) Side, top, and perspective views of the insert placed in the final well design. The insert can be seen 

resting flush against the in the PDMS base slits (red arrows). All dimensions are in mm. 
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6.3.2 Fibroblast Co-culture with HUES9-CM MIFIs 

 In an initial study to determine if Col I gels with HUES9 derived CMs induced bending 

of PDMS inserts, µtissues with CMs only were cast in the prototyped well design and allowed to 

culture for 10 days after casting (Figure 6.4D). While contraction of MIFIs induced bending of 

inserts, the CM-only tissues did not significantly remodel the surrounding Col I gel (Figure 

6.4H). This was problematic as these µtissues are diffusion limited to having viable cells within 

Figure 6.4 Cardiac Fibroblast Coculture is Necessary to Compact 3D Cardiac Microtissues.  Day 1 images of 

constructs cast with HUES9-CMs and (A)10% FBs, (B-C) 20% FBs and (D) 0% FBs. Day 10 images of (E) 10% 

FBs, (F-G) 20% FBs and (H) 0% FBs only show visibly more compact tissues in μtissues seeded with FBs 

compared to HUES9-CMs only. However, ~30% of μtissues with 20% FBs exhibit irregular remodeling and break 

away from the inserts as seen in (G). (I) 10% FB μtissues continue to uniformly compact at day 14 in culture. (J) 

Plots of tissue compaction over time, as represented by % original area, show that both 10% and 20% FB tissues 

have slowed compaction rates after the first 3 days in culture. µtissues with 20% FBs have less uniform 

compaction compared to 10% FB tissues, as shown by larger standard deviation bars associated with these tissues. 

(K) Day 10 of compaction area, as represented by percent of original area, is significantly affected by the addition 

of FBs. ** = p<0.05 compared to 10 and 20% FBs; * = p<0.05 compared to 20% FBs. 0% FBs: n=5; 10% FBs: n 

= 27; 20% FBs: n = 22. Dotted black lines outline the μtissues. Scale bars 2 mm. 
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the outer 100 µm of gel, and the initial tissue dimensions (~1 x 10 x 5 mm) were an order of 

magnitude outside of the diffusion limits of non-vascularized tissues. 

 In order to engineer more cell-dense MIFIs that compacted over time, we added cardiac 

ventricular FBs to assist the CMs in remodeling the surrounding Col I+Matrigel™ mixture, a 

method that had been previously shown to work in 3D engineered cardiac muscle. FB 

populations used in the literature were derived from varying sources and may behave differently 

than the commercially available FBs we used, so we added 10% or 20% FBs to MIFIs as ranges 

of 3% - 30% FBs had been reported as effective
19-21

. We found that the addition of FBs resulted 

in visual compaction of the MIFIs, and representative images of those with 10% FBs at Days 1, 

10, and 14 showed relatively uniform compaction as far as 2 weeks in (Figure 6.4A, E, I). For 

20% FB MIFIs, some tissues displayed uniform compaction by Day 10 in culture (Figure 6.4B, 

F), but as many as 50% of constructs tore due to less uniform compaction by the higher FB 

population (Figure 6.4C, G). We tracked the compaction area of these tissues from Day 0, when 

all wells were 100% filled (by area), to Day 10 or 14, depending on FB composition. We found 

that both FB concentrations resulted in compaction to ~50% of initial area by Day 3 after casting 

(10% FB - 52.2%, 20% FB - 46.0%) (Figure 6.4J). By Day 10, 20% FB MIFIs had compacted to 

~10% less area (27.8% ± 6.62) than 10% FB MIFIs (38.5%  ±  3.88), but as previously 

mentioned, these tissues were less uniformly compacted. 10% FB MIFIs, were easily maintained 

in culture for at least 14 days, when they reached 31.7%  ± 3.26% of their original area (Figure 

6.4I-J). Thus, while 20% FB MIFIs were significantly more compacted by Day 10 than the 10% 

and 0% FB MIFIs, the compaction was less predictable and often resulted in up to 50% sample 

loss due to breakage (Figure 6.4K). The 10% FB MIFIs were able to compact significantly more 
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than 0% FB MIFIs (Figure 6.4K) and were able to be maintained for longer culture times due to 

more uniform compaction by the smaller FB population. 

6.3.3. Immunofluorescence Staining of Microtissues with Integrated Force Indicators 

 MIFIs with 10% and 20% FBs were fixed and stained for sarcomeric α-actinin, F-actin, 

and nuclei to qualitatively observe if more spread, striated CMs were observed as length of 

culture time increased (Figures 6.5 and 6.6). Generally, 10% FB MIFIs appeared to have more 

spread cells at all time points compared to 20% FB MIFIs, as observed by F-actin staining across 

Figure 6.5 Representative Immunofluorescence Staining of Cardiac Microtissues with 10% Fibroblasts. 

Meso-scale images of CM µtissues with 10% FBs stained for nuclei, actin, and sarcomeric α-actinin appear to 

show increased cell spreading as tissues were kept in culture over longer periods of time. Representative 

microscale images of features of the same tissues show that cells appear well spread for all time points, but the 

differences observed in meso-scale and microscale images at Day 10 compared to Day 7 and Day 14 may result 

from remodeling within µtissues since visible beating was observed in wells beginning around Day 7. 

Sarcomeric α-actinin staining overlaps with most actin staining, showing that FBs are not overpopulating the 

µtissues and CMs were the major cell type at all time points. Finally, zooming in on the microscale images 

shows striations are present in all of the µtissues, and they appear to became more organized and uniform over 

time (white arrows). Black arrows represent long axis of µtissues. 
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Figure 6.6. Representative Immunofluorescence Staining of Cardiac Microtissues with 20% Fibroblasts. 

Meso-scale images of CM MIFIs with 20% FBs stained for nuclei, actin, and sarcomeric α-actinin appear to 

show increased cell spreading as tissues are kept in culture over longer periods of time. Representative 

microscale images of features of the same tissues show that cells were not as well spread at days 6 and 8 for 20% 

FB tissues compared to 10% FB tissues at Day 7. Sarcomeric α-actinin staining did not appear as dense at Day 6 

and Day 8 tissues compared to Day 7, 10% FB µtissues. However, zooming in on the microscale images showed 

striations were present in all of these µtissues as well (white arrows). Black arrows represent long axis of 

µtissues. 

samples. Additionally, 10% FB MIFIs did not appear to be out-populated by the FB sub-

population of cells, as most tissues had cells with well-spread regions of α-actinin throughout, 

and striations were observed in these CMs as early as 7 days in culture. Tissues appeared to have 

sarcomeres that were more aligned in the direction of the long-axis of the MIFI as culture time 

was extended to 14 days (Figure 6.5). 20% FB MIFIs appeared to have less CM coverage until 

Day 10 of culture, but in these samples, sarcomeres did not appear to organize along the long-

axis of the MIFIs as much as was observed in 10% FB MIFIs (Figure 6.6).  

 The second-harmonic generation of Col I was used to observe the Col I structure in 10% 
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FB MIFIs (Figure 6.7 A-B). The cells and Col I were densely packed in the outer 100 µm of 

MIFIs, so imaging the Col I structure past 400 µm will not be possible until clearing protocols 

are implemented to reduce light scattering and allow imaging through the full µtissue thickness 

(Figure 6.7B). Unsurprisingly, cells were generally restricted to the outer 100 µm of the MIFIs  

  

 

Figure 6.7 3D Collagen I Structure and Cell Organization. (A) Top down image of 

second-harmonic signal of Col I in fixed µtissue with 10% FBs after 10 days in culture 

shows some alignment in the direction of the long axis of the tissue (represented by 

white arrows). (B) Cross-sectional view of Col I shows it is more densely packed in the 

outer 100 µm, likely due to cellular remodeling in this region. The cross section only 

shows half of the tissue; the Col I and cells caused significant light scattering, and 

clearing methods will need to be used in the future to analyze full µtissue cross-section 

and structure. (C) Representative top down and (D) perspective images of a day 10, 

20% FB µtissue stained for nuclei, actin, and α-actinin. A more densely packed middle 

region appears to be aligning parallel to the long axis of the tissue, resulting in a less 

elliptical µtissue cross-section, a phenomenon observed in several of the 20% FB 

tissues. 
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due to diffusion limits in these unvascularized tissues (Figure 6.7 C-D). Interestingly, in several 

of the 20% FB MIFIs, at Day 10 of culture, the cells remodeled the middle region of the MIFI to 

be more compact and aligned with the long axis of the MIFI (Figure 6.7 C-D). It is possible that 

this less-uniform remodeling was also responsible for the breakage of 30-50% of MIFIs/trial that 

was observed in 20% FB samples.  

 Overall, striated CMs were found in the MIFIs after Day 6 for both 10% and 20% FB 

tissues. 10% FB MIFIs appeared to have better spread CMs at later time points and had more 

evenly distributed CMs at Days 7 and 10 compared to 20% FB MIFIs. Unsurprisingly, tissues 

had a 'dead zone' 100 µm deep into the 

tissues, likely because cells migrated to 

the outer region of the gel and began 

remodeling from the outside-in. However, 

more analysis needs to be done on cell-

orientation, more precise cell-composition 

at different time points, and improved 

clearing or  imaging methods must be 

implemented to further characterize these 

aspects of the engineered MIFIs. 

 6.3.4 Microtissues with Integrated Force 

Indicators Exert Measurable Force and 

Respond to Drugs in Contractility Assay 

 Finite element modeling of 

bending of the thin, PDMS inserts was 

Figure 6.8. Finite Element Modeling of PDMS Insert 

Bending. Images of finite element modeling of a bending 

PDMS insert 125 µm thick with the µtissue modeled as 

connectors (dotted black lines) attached to either side of the 

insert. Images represent insert bending under tissue loads 

of (A) 65 µN, (B) 75 µN, and (C) 85 µN. (D) Plots of the 

curves used to generate lookup tables from  tissue length. 

Specifically, tissue length is plotted against and force 

required to bend the insert to said conformation, and each 

line represents a separate  lookup table for insert 

thicknesses in 1 µm increments (125 - 150 µm and 

154µm).  
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used to generate lookup tables that relate µtissue length and force required to induce bending of 

the insert to that conformation (Appendix B). Specifically, the inserts were modeled as having 

connectors (or the tissue) attached at either side of the necking region of the insert (Figure 6.8A). 

As the compressive force required to bend the insert increases, the connector (or µtissue) length 

decreases (Figure 6.8B-C). In this way, plots of the relationship between µtissue length and force 

exerted on PDMS inserts were generated for insert thicknesses ranging from 125 - 154 µm 

(Figure 6.8D).  

 MIFIs were removed from wells for the contractility assay at Day 7, 10, or 14 (10% FBs) 

or at Day 6, 8, or 10 (20% FBs). By tracking the change in tissue length of beating MIFIs, we 

calculated force generated by these µtissues using force lookup tables. MIFIs were removed 

from wells, one side of the insert was placed in a slit in a PDMS block to anchor the MIFI for 

side-on viewing, and the construct was submerged in Tyrode's and placed between two parallel 

platinum electrodes for later stimulation (Figure 6.9A). MIFIs spontaneously beat, resulting in 

visible deformation of the PDMS insert when imaged in the side-on contractility assay (Figure 

6.9B-C). We found that Day 14, 10% FB MIFIs exerted significantly higher twitch force (3.62 ± 

1.7 µN) compared to 20% FB tissues at Days 6, 8 and 10 (1.03 ± 0.70 µN, 1.65 ±1.4 µN, and 

0.82 ± 0.45 µN respectively) (Figure 6.9D). These tissues also beat with higher twitch force than 

Day 10 MIFIs with the same FB percentage (0.773 ± 0.55 µN) (Figure 6.9D). Interestingly, Day 

7 MIFIs with 10% FBs also exerted higher twitch forces (2.44 ± 1.3 µN) than Day 10 MIFIs with 

10% or 20% FBs. It is possible that this decrease in contractility at Day 10 was a result of 

remodeling in these tissues around Day 10, something that was reflected in the fluorescence 

staining as well (Figures 6.5 and 6.6). Because MIFIs began visibly beating in the wells by Day 

7, it is possible that this induced the CMs and FBs to remodel the surrounding matrix at a 



132 
 

mesoscopic level. However, more analysis of tissue composition and organization at each time 

point will need to be performed in addition to contractility analysis to better understand the 

morphological changes that occurred as these cardiac MIFIs matured over time. Tissues also 

responded to electric field stimulation and were capable of being electrically paced. When twitch 

forces of MIFIs paced at 2Hz were measured, we found that Day 14, 10% FB MIFIs exerted 

higher twitch force (3.07 ± 1.54 µN) compared to Day 6, 8, and 10 MIFIs with 20% FBs (1.08 ± 

0.52 µN, 1.61 ± 0.89 µN, and 0.93 ± 0.426 µN) (Figure 6.9E). It appeared that, overall, 20% FB 

MIFIs did not exert as much force as 10% FB MIFIs. In part, this is due to earlier testing dates of 

the 20% tissues because these µtissues were not able to be stably maintained in culture as long as 

the tissues with 10% FBs. Thus, these MIFIs had less time to mature and reorganize matrix, and 

it is also possible that the FBs in these tissues overpopulated the MIFIs and prevented CMs from 

synchronizing throughout the tissue. Constructs at all time points were assessed for spontaneous  

beat frequencies which ranged from 60 BPM ± 15 (10% FB, Day 7) to 107 BPM ± 38 (20% FB, 

Day 10) (Figure 6.9F). However, no significant differences were found between groups since 

MIFIs at these time points native beat frequencies are still variable, something that had been 

observed in individual wells of differentiating CMs as well. 
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Figure 6.9. Measuring Force Generation and 

Drug Response of Cardiac MIFIs. (A) 

Schematic of the side-on contractility assay for 

MIFIs. The microscope objective views the top 

of the set up. The MIFI is placed on its side, 

with one insert anchored in a slit in a PDMS 

block glued to the bottom of the petri dish. The 

MIFI is submerged in Tyrode's and placed 

between two parallel platinum electrodes for 

electrical pacing. Side on images of cardiac 

MIFIs in the contractility assay in (B) systole 

and (C) diastole, with the yellow dotted line 

showing the change in tissue length. Scale bars 

4 mm. (D) Twitch forces (systole-diastole) for 

spontaneously beating µtissues showed that 

10% FB µtissues at Day 14 had significantly 

higher twitch forces than Day 10 samples with 

10% FB and 20% FB samples at all time 

points. Day 7, 10% FB tissues also had 

significantly higher spontaneous twitch force 

than Day 10 samples with 10% or 20% FBs.  

(E) Twitch forces for electrically paced (2 Hz) 

samples showed similar trends, with Day 14, 

10% FBs exerting significantly higher twitch 

force than Day 10, 10 and 20% FBs and Day 6, 

20% FB samples. Twitch force appears to 

decrease slightly upon electrical stimulation, 

but variation in resulting forces decreases. * = 

p<0.05. (F) Spontaneous beat frequencies (in 

BPM) of cardiac µtissues with 10% or 20% 

FBs analyzed at Day 7, 10, 14 or Day 6, 8, and 

10 in culture, respectively. No statistically 

significant differences were found among 

samples with n ≥ 3, with mean values ranging 

from 60 to 107 BPM (Day 7, 10% FBs and Day 

10, 20% FBs, respectively). (D)10% FBs: Day 

7, n = 15; Day 10, n = 35; Day 14, n = 25. 20% 

FBs: Day 6: n = 10, Day 8, n = 10; Day 10, n = 

30  (E) 10% FBs: Day 7, n = 10; Day 10, n = 

35; Day 14, n = 25. 20% FBs: Day 6: n = 10, 

Day 8, n = 10; Day 10, n = 30  (F) 10% FBs: 

Day 7, n = 3; Day 10, n = 8; Day 14, n = 8. 

20% FBs: Day 6: n = 3, Day 8, n = 2; Day 10, 

n = 14. 
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 Example force vs. time plots of a Day 14, 10% FB MIFIs demonstrate a regular beat 

frequency and the ability to electrically pace the samples at 2 Hz (Figure 6.10A). Titrating in 

isoprenaline, an excitatory drug, had the intended stimulatory effect on the native beat frequency 

of MIFIs at 500 nM and 5 µM (Figure 6.10B-C), but it did not interrupt the ability to electrically 

pace the constructs at these concentrations. The addition of isoprenaline did not noticeably affect 

the twitch force of this specific MIFI at these concentrations, which exerted twitch forces ~4.6 

µN when beating spontaneously in Tyrode's and ~4.0 µN when beating spontaneously in 5 M 

isoprenaline. Washing out the isoprenaline dosage with Tyrode's recovers the MIFI to its initial 

beat frequency (Figure 6.10D). Subsequent treatment with 5mM caffeine also increased the 

spontaneous beat frequency with minimal impact on the twitch force, and dosing with the 

muscarinic agonist, carbachol, reduced the spontaneous beat frequency while having surprisingly 

little impact on twitch force (Figure 6.10E-F).  

 While most MIFIs beat more synchronously as culture time increased, occasionally 

“disease-like” arrhythmic beating was observed in these Day 14 constructs (Figure 6.10G). 

While this "disease-like" construct was still able to be electrically paced (Figure 6.10G), its’ 

native and paced beating plots of force reflect the abnormal beating, especially when compared 

to more synchronous constructs (Figure 6.10A). To determine if the MIFI could recover to a 

more normal beating phenotype, increasing carbachol doses were administered (500 nM, 5 µM, 

and 50 µM) and resulted in improvement in the spontaneous beat frequency of the constructs, but 

the twitch force profiles were still ~30% the strength of the twitch force of synchronous 

constructs (Figure 6.10H). We then electrically paced the arrhythmic construct at doses of 5 µM 

and 50 µM of carbachol. Unlike electrical stimulation of the construct with no drug treatment 
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(Figure 6.10G), the combinatorial effect of carbachol treatment with electric pacing at 2 Hz 

resulted in significantly higher twitch forces and a normal phenotype beating waveform was 

observed (Figure 6.10I). More interestingly, a significant interaction between the stimulation and 

drug treatment was found during 2-way ANOVA analysis of twitch force under these conditions 

(Figure 6.11A). 2-Hz pacing significantly increased twitch force, with or without drug treatment, 

and pacing coupled with 5 or 50 µM carbachol resulted in 2.5x and 2.8x stronger twitch 

contractions (Figure 6.11A). 
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Figure 6.10. Force Plots of Day 14, 10% Fibroblast 

Constructs.  (A) Spontaneous beating of a MIFI 

sample with consistent beat pattern and plot of 2-Hz 

paced force generation showed ability to pace the 

MIFI. (B) The addition of isoprenaline (500nM final 

concentration) increased the beat frequency, but had 

little affect on the spontaneous or paced force 

generation. (C) Increasing isoprenaline concentration 

to 5 µM resulted in slightly less regular beat 

frequency, as shown by the force plot. (D) Washing 

the construct with Tyrode's after isoprenaline 

treatment appeared to recover the tissue's native beat 

frequency. (E) Addition of 5mM caffeine increased 

the spontaneous beat frequency of the construct, while 

(F) addition of 50 µM of carbachol appeared to reduce 

beat frequency and return the MIFI closer to baseline 

twitch force. Overall twitch force of this construct did 

not appear affected by drug treatments at these 

concentrations. (G-I) Force/time plots of an 

irregularly beating Day 10, 10% FB construct. Pacing 

appeared to slightly improve the beat frequency of the 

construct. (H) Addition of the cholinergic agent 

carbachol in increasing doses (500 nM, 5 µM, 50 µM) 

appeared to improve the spontaneous beat frequency 

of this construct, but the spontaneous beats still 

appeared somewhat asynchronous. (I) Pacing of the 

construct at 5 and 50 µM carbachol, however, had a 

visible effect on the synchronous beating of this 

construct.  
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 Additional analysis of specific specimens of Day 14, 10% FB MIFIs showed decreasing 

twitch force as stimulatory drug dose was increased. Specifically, one MIFI exerted 3.54 µN ± 

0.12 spontaneous twitch force and 3.34 µN ± 0.935 twitch force under 2 Hz pacing with no drug 

treatment (Figure 6.11B). Dosing with 500 nM isoprenaline resulted in a drop to ~80% of initial 

twitch force to 2.85 µN ± 0.84  and 2.81µN ± 0.71 for spontaneous and 2 Hz paced beating, 

respectively (Figure 6.11B).  Increasing drug dosage to 5 mM resulted in an even further 

decrease (1.78 µN ± 0.21) to ~50% of initial twitch strength, and electric pacing at 2 Hz was 

unable to recover full twitch strength (2.15 µN ± 0.33) (Figure 6.11B). Epinephrine treatment of 

a separate MIFI construct also resulted in a dose-dependent decrease in twitch force (Figure 

6.11C). Specifically, during spontaneous beating, no drug treatment and 500 nM drug treatment 

resulted in 5.93 µN ± 0.44 and 5.49 µN ± 0.25 twitch force respectively. These values dropped to 

66% and 61% of the initial twitch force at 5 µM and 50 µM epinephrine doses (Figure 6.11C). 

Interestingly, two-way ANOVA analysis found that, the effect of electrical stimulation was 

significantly higher only as dosage of epinephrine increased (Figure 6.11C). The twitch forces at 

5 µM and 50 µM were significantly recovered by electrical pacing back to 85% and 80% of 

initial twitch force, respectively. While it is not initially intuitive that some stimulatory drugs 

resulted in decreasing twitch force as dosage increased, it is possible that this was a result of 

increased beat frequency of the constructs, resulting in an increasde diastolic force between 

beats. This hypothesis is also supported by the evidence that pacing constructs at 2 Hz 

significantly improved the twitch force of dosed constructs (Figure 6.11 A,C).  

 We compared the magnitude change in BPM, and normalized each MIFI to its native beat 

frequency due to the wide range of beat frequencies we observed in all constructs. When we 

dosed MIFIs with increasing concentrations of isoprenaline, we found that constructs beat at  
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Figure 6.11 Cardiac Microtissues Twitch Force and Beat Frequency Response to Stimulatory Drugs. 

(A) Two-way ANOVA analysis of drug-treatment of the arrhythmic tissue from (Figure 5.8G-I) showed an 

interaction between carbachol dose and 2-Hz electric pacing. Twitch force resulting from pacing the construct 

was significantly higher than native beat frequency within the same drug treatment group, and carbachol dose 

paired with 2-Hz pacing resulted in significantly higher twitch force compared to no-drug with electrical 

pacing. (B) Two-way ANOVA analysis showed that drug treatment significantly affected twitch force, but 

there was not an interaction between stimulation and drug treatment. Overall, isoprenaline treatment of a MIFI 

resulted in gradual decrease of overall twitch force. (C) Two-way ANOVA analysis determined that the effect 

of stimulation on twitch force was dependent upon the level of epinephrine treatment. Overall, epinephrine 

treatment resulted in significant decrease in twitch force, with 5 µM and 50 µM dosings resulting in a drop to 

61% - 66% of initial, spontaneous twitch force. (D-F) Plots of the change in beat frequencies as a response to 

drug stimulation, normalized to each µtissue's initial beat frequency. (D) Isoprenaline dosing resulted in a 

gradual increase in BPM compared to initial beat frequency at 50 nM (1.21x initial), 500 nM (1.26x initial), 

and a statistically significant increase at 5 µM (1.48x initial). (E) Epinephrine dosing resulted in a significant 

increase in BPM compared to initial beat frequency at 500 nM (1.42x initial) and at 5 µM (1.65x initial). (F) 

Caffeine dosing at 5 mM also significantly increased beat frequency to 1.59x initial beat frequency. (A-C) 

Results are from 3 separate constructs. (A)Spontaneous beating: no carbachol, n = 7; 5 µM carbachol, n = 4; 

50 µM carbachol, n = 6. 2 Hz pacing: no carbachol, n = 6; 5 µM carbachol, n = 5; 50 µM carbachol, n = 6. (B-

C) n = 5 (D) no drug: n = 9, 50 nM: n = 3; 500 nM: 9; 5 µM: n = 7 (E) n = 8 (F) n = 7.  Reported values are 

means; box plots show median values with quartile ranges for data was not normally distributed. * = p<0.05. 

** = p < 0.001 
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1.21x ± 0.2, 1.27x ± 0.10, and 1.48x ± 0.47 initial beat frequency for 50 nM, 500 nM, and 50 µM 

treatments, respectively (Figure 6.11E). Epinephrine dosing similarly affected MIFI beating 

frequencies by raising it to 1.42x ± 0.51 and 1.65x ± 0.47 initial BPM (Figure 6.10F). Finally, 

caffeine dosing at 5mM significantly increased BPM to 1.59x ± 0.451 initial BPM (Figure 

6.10D).  Thus, we successfully engineered a cardiac µtissue by co-culturing HUES9-CMs and 

FBs and integrating a U-shaped PDMS insert, and we demonstrated that MIFIs induced visible 

bending of the insert and responded as expected to pharmacological stimuli. 

 Additionally, further characterization of MIFIs is necessary to calculate the force 

measurements per cross-sectional area of the full tissue section as well as the muscle-only cross-

section, a step that is necessary to determine if the actual muscle cells in specific tissues are 

stronger at specific time points. However, we measured average tissue width and thickness to 

approximate an ellipsoidal cross-section to perform initial normalization calculations (Figure 

6.12). We calculated the ellipsoidal cross-section by measuring 3 points per construct, and we 

observed that the distribution of calculated cross-sections had higher variability in the 20% FB 

constructs, which is reflective of the less-uniform compaction observed in those tissues (Figure 

6.12). When we normalized each MIFI to its average ellipsoidal cross-section, we found that 

D14, 10% FB MIFIs exerted higher specific force (med = 1.1 Pa) compared to 20% FB MIFIs at 

D6 (med = 0.45 Pa), D8 (med = 0.56 Pa) and D10 (med = 0.29 Pa) and compared to D10, 10% 

FB MIFIs (med = 0.30 Pa) (Figure 6.13A). We also calculated that D7 10% FB MIFIs exerted 

higher specific twitch force (med = 0.85 Pa) compared to D10 MIFIs for both 10% and 20% FB 

constructs (Figure 6.13A). To further approximate the actual force per muscle cross-section, we 

assumed that the outer 100 µm of MIFIs contained cells, based on initial imaging and the 

diffusion limits of non-vascularized tissues. We also assumed that this outer, cell-containing 
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region was composed of 90% CMs for 

10% FB constructs and 80% CMs for 

20% FB constructs to calculate the 

normalized force per muscle cross-

section. These assumptions were made 

with the intent of over-estimating the 

actual muscle cross-sectional area to 

prevent over-estimating the specific 

force of the CMs. We found that, 

using these approximations, D14 10% 

FB MIFIs exerted significantly higher 

specific force per CM area (med = 

12.0 Pa) compared to D6 and D10 20% FB MIFIs (meds = 4.8 Pa and 3.7 Pa, respectively) and 

compared to D10 10% FB MIFIs (med = 1.9 Pa) (Figure 6.13B). We also found that D7 10% FB 

MIFIs exerted higher forces per approximated muscle cross-section (med = 9.4 Pa) than D10 

10% FB constructs (Figure 6.13B). This dip in force at D10 for 10% FB constructs may have 

occurred because of tissue remodeling and cell reorganization that occurred after CMs began to 

visibly deform the inserts in the wells after Day 7. More importantly, these approximations to 

normalize force for tissue cross-section and CM cross-section still exhibit that constructs are 

stronger by D14 of culture, and 10% FB constructs have more uniform remodeling compared to 

20% FB constructs. 

 

 

 

Figure 6.12. Approximate Microtissue Cross-sectional Area 

Per Sample.  The thickness and width of MIFIs were measured 

at 3 separate points per tissue - the middle and at either end 

near insert attachment sites - to approximate cross-section by 

calculating tissue cross-section to be ellipsoid in shape. Overall, 

MIFIs compacted to smaller cross-sectional areas with 

increased time in culture. 20% FB MIFIs exhibited higher 

variability in cross-sectional area compared to 10% FB tissues. 

Overall cross-sectional area ranged from approximately 1- 4 

mm
2
. Bars represent individual MIFIs; n = 3 per sample. 
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6.4 Discussion and Conclusions 

 In this chapter, we designed a 3D platform to study the compaction, contractility, and 

beating behavior of cardiac µtissues composed of Col I, Matrigel, HUES9-CMs and cardiac FBs. 

PDMS wells and inserts enabled casting of 3D muscle tissues around attachment sites at either 

end of the flexible, PDMS insert, maturation of constructs for at least 2 weeks in culture, and 

easy removal of MIFIs from the wells to test  the contractility and beat frequency as well as 

probe their response to specific pharmacological stimulation. This platform design will allow for 

 

Figure 6.13. Twitch Force Normalized for Approximate Microtissue and CM Area. (A) 

Twitch force was normalized for full MIFI cross-sectional area, as approximated by assuming an 

ellipsoidal cross-section and measuring width and thickness of individual samples. Day 14, 10% 

FB MIFIs exerted higher specific twitch force (1.1 Pa) compared to all 20% FB MIFIs (D6 = 

0.45 Pa, D8 = 0.56 Pa, and D10 = 0.28 Pa) and compared to D10, 10% MIFIs (0.30 Pa). D7, 10% 

FB MIFIs also exerted higher specific twitch force (0.85 Pa) compared to D10 MIFIs with both 

10% and 20% FBs. (B) Twitch force was also normalized for approximate muscle cross-sectional 

area by assuming contractile cells only resided within the outer 100 µm of MIFIs, and assuming 

that CM populations remained at 90% and 80% of total cell population. These results showed 

that D14, 10% MIFIs exerted higher specific twitch force (12 Pa) compared to D6 and D10, 20% 

MIFIs (4.8 Pa and 3.4 Pa, respectively) and compared to D10, 10% FB MIFIs (1.9 Pa). D7, 10% 

MIFIs also had higher specific twitch force (9.4 Pa) compared to D10, 10% FB MIFIs. Values 

are reported as medians. 10% FBs: Day 7, n = 15; Day 10, n = 35; Day 14, n = 25. 20% FBs: 

Day 6: n = 10, Day 8, n = 10; Day 10, n = 30 
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future studies to examine how in vitro exercise, as in removal of MIFIs from culture wells to 

load µtissues with the full unfolding force of the deformed insert, affects the strength and 

contractility of both cardiac and skeletal muscle platforms. This platform can serve as a template 

for engineered skeletal muscle studies as well, and we hope to incorporate patient-specific 

induced pluripotent stem cells (iPSCs) into this format to develop patient specific treatments and 

disease models. We have sent the PDMS wells and inserts to our collaborators in the Van Der 

Meer lab at the University Medical Center Groningen, and they have reported successful 

incorporation of patient-derived iPSCs into our designed MIFI format. Future work will include 

force and beat frequency analysis of these patient-specific MIFIs and development of disease-

model MIFIs from patients treated at that facility that have specific genetic mutations that 

manifest as heart disease. 

 In initial prototypes of these engineered constructs, we used pure HUES9-CM 

populations, but found that constructs with CMs only were unable to significantly remodel and 

compact the surrounding Col I/Matrigel matrix to result in cell-dense, synchronous cardiac 

µtissues (Figure 6.4H,K). In addition to being problematic for CM synchronicity from cell-cell 

gap junctions, we wanted µtissues to compact further to reduce the cell-free 'dead zone' that often 

occurs in engineered tissue constructs due to the lack of a blood vessel network and subsequent 

restriction of viable cells to the first 100 µm of constructs due to diffusion limits for exchange of 

nutrients and waste.  Based on previous studies, we wanted to incorporate a small sub-population 

of FBs in order to condense the matrix and increase CM spreading
19, 21

. Because each FB 

population is likely to behave differently, and matrix compaction is dependent on Col I and 

Matrigel concentrations, which often differ lab to lab, we tested 10% and 20% FB constructs 

since 3% to 33% percent had been shown to be effective in other studies
19-21

. We found that the 
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particular population of cardiac ventricular FBs in 2.5 mg/mL Col I compacted MIFIs less 

uniformly when the initial population was 20% FBs, but 10% FB sub-populations were 

maintained in culture and studied for at least 2 weeks. Up to 50% of 20% FB MIFIs were unable 

to be maintained by Day 10 of culture due to tearing away from insert attachment sites caused by 

uneven matrix remodeling by FBs (Figure 6.4G). Because these µtissues began visibly beating in 

the wells and effectively exercising against the inserts at this time point, increased culture time 

was shown to be effective in engineering stronger µtissues (Figure 6.9C-D). Ongoing studies not 

included in this chapter have shown that we can keep these 10% FB MIFIs in culture at least 4 

weeks after the initial seeding date, so future studies will examine twitch force and drug response 

of constructs at these 2, 3, and 4 week time points. 

 To further characterize the cell-subpopulations of these tissues and assess the full cross-

sectional area of constructs, further imaging and image analysis must be done. While we can 

observe that constructs have not compacted enough to completely eliminate a cell-free 'dead 

zone', we also are limited to observing the first 500 µm of MIFIs due to severe light scattering of 

these more cell-dense constructs (Figure 6.7). Future work will include clearing tissues for better 

visualization during fluorescence microscopy as well as tissue histological sectioning to visualize 

muscle and gel cross sections. However, we were able to observe that CMs exhibited striations in 

all 10% and 20% FB constructs (Figures 6.5 and 6.6). Interestingly, it appeared that remodeling 

of the tissues may be occurring between Day 7, when µtissues begin to visibly beat in the wells, 

and Day 14, a fact that was mirrored in the observed decrease in twitch force exerted by MIFIs at 

Day 10 compared to Day 7 and Day 14 constructs with 10% FBs (Figures 6.5, 6.6, and 6.9). 

Further analysis needs to be done to quantify sarcomere organization as MIFIs mature as well as 
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to quantify how much of these µtissues are CMs and what percentage remain fibroblasts or other 

non-contractile cells.  

 Despite a limited analysis of exact cell composition, spreading, organization, and 

remodeling within these MIFIs, we demonstrated that we have engineered cardiac µtissues that 

are easily removed from culture wells and that induce deformations in the PDMS inserts to allow 

optical measurement of twitch forces of these µtissues in a side-on contractility assay. We have 

showed that twitch force of these MIFIs typically fell in the 1- 7 µN range, and full systolic force 

in the range of 80 - 100 µN (typically dependent on insert thickness). Further analysis of the full 

muscle layers within these µtissues is necessary to normalize force to twitch stress to determine 

how this system compares to other engineered cardiac muscle models, but we have been able to 

approximate the specific force of the most mature MIFIs was in the range of 10s of Pa. Other 3D 

engineered cardiac μtissues have been reported to exert full systolic force anywhere from 10’s or 

100’s of µN
13, 15, 16

 to 1’s or 10’s of mN
17, 19

, and though it is difficult to compare constructs 

since these reported forces are not normalized for cell cross-sectional area, our engineered MIFIs 

are on par with many of other these other in vitro cardiac µtissues in terms of force generation. 

Additionally, our calculation of force normalized for approximate cross-sectional area of muscle 

in the range of 10s of Pa. However, native muscle typically generates forces in the range of 1s to 

100s of kPa. It is unlikely that CM twitch forces can be at such a low specific force and still 

induce visible bending of the PDMS inserts, but there are several factors that may explain this 

discrepancy 1000x off of the expected measured forces. It is possible that 1) the lookup tables 

derived from the finite element model may have small errors that need to be addressed, or 2) the 

Col I hydrogel is restricting full contraction of the CMs and the resulting measurements are not 

reflective of full cell force due to hindrance by the ECM hydrogel. Further analysis into the 
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assumptions made in developing the finite element model need to be investigated to determine if 

this is the root of the problem, if the Col I matrix is limiting full contractions, or if these 

engineered tissues are a few orders of magnitude weaker than native muscle. These initial studies 

showed that longer culture time resulted in stronger muscle, future work will examine if culture 

time of 4 weeks results in specific force closer to the kPa range. We also hypothesize that 

removal of these MIFIs from culture wells to allow isotonic contraction rather than more 

isometric-like contractions MIFIs are restricted to in culture wells will result in significantly 

stronger engineered muscle. Future experiments will determine if this hypothesis proves true. 

Finally, MIFIs had spontaneous beat frequencies slightly higher (60 - 110 BPM) than other 

engineered cardiac µtissues, which typically range from ~30 BPM 
13, 16

 in CM only constructs 

~to 60 BPM
20,21

 in constructs co-cultured with FBs. The higher range of beat frequencies was 

typically observed in 20% FB tissues (Figure 6.9E), and thus may have been a result of less 

synchronization in these MIFIs with higher FB populations, but further studies on conduction 

velocity of these µtissues will be necessary to determine if this is the cause of higher beat 

frequencies.  

 We also demonstrated that MIFIs responded as expected to the stimulatory drugs 

epinephrine, isoprenaline, and caffeine (Figures 6.10 and 6.11).  Specifically, we saw significant 

increases in BPM for the tissues when increasing doses of these drugs were administered
4, 21

. We 

did observe some discrepancies compared to what was expected based in literature, as increased 

epinephrine and isoprenaline dosing decreased the twitch force of some MIFI constructs. While 

this was recoverable in the case of epinephrine (Figure 6.11C), isoprenaline dosing resulted in 

significant twitch force decrease that was not recovered by controlling the MIFI beat rate by 2 

Hz electric pacing (Figure 6.11B). However, we were demonstrating these tissues show a dose 
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dependent response, and many observable increases in twitch force caused by isoprenaline were 

previously recorded in the 10 - 100 nM range, 4, concentrations lower than we administered to 

constructs in this study. Thus, this result may be more attributable to increasing drug dosage to 

toxic levels, something that these cardiac µtissue models are designed to detect. We also 

demonstrated that a case of an asynchronous MIFI could be 'rescued' to a normal beat phenotype 

by combining carbachol dosing with 2 Hz electric pacing (Figure 6.10G-I, 6.11A). Carbachol has 

typically been reported to decrease beat frequencies of dosed tissue constructs
4
, so it appears that 

treating an arrhythmic MIFI while simultaneously pacing, slowed the over-excited tissue and 

enabled full-tissue depolarization upon stimulation, which initially had insignificant effect on 

tissue twitch force (Figure 6.11A). While it is problematic that a small percentage of MIFIs 

exhibited more disease-like states, the nature of the contractility enables easy identification of 

these 'problem' samples. Additionally, it is promising that in these arrhythmic MIFIs we are able 

to induce a significant response with drug treatment and pacing, indicating that this design will 

be useful for modeling both healthy and disease states with patient specific cells in the future. 

 Future analysis of cardiac MIFIs is required to characterize these cardiac models, in terms 

of Col I/ECM organization, sarcomere alignment and organization, approximate cell 

composition, and full µtissue and muscle layer thicknesses. Future studies will utilize clearing 

protocols and tissue-sectioning for both fluorescence immunostaining and histological analysis 

of 10% FB MIFIs at 2, 3, and 4 week time points. Additionally, further confirmation of tissue 

responsiveness to inhibitory pharmacological agents in addition to the stimulatory agents shown 

here must be determined. Analysis of conduction velocity of these tissues will also be a useful 

metric for determining how similarly cardiac MIFIs behave compared to in vivo cardiac muscle. 

Finally, there are several important considerations that were not taken into account for the finite 
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elemental modeling that may affect the accuracy of calculated twitch force from tissue length. 

These models were generated assuming that the construct was isolated at specific tissue 

conformations but was not developed to account for the dynamic movement that the MIFIs 

undergo in the side-on contractility assay. Specifically, the construct is moving through a saline 

solution, and this solution adds resistance against the construct movement. While this may be 

negligible, it is important to consider that the insert base is significantly wider than the middle 

region and attachment region and likely encounters a large amount of resistance during large 

contractions as it behaves similarly to a paddle. Future work can address these issues by 

modification of the model to adjust the assumptions initially made that the insert was not 

working against additional forces.  Alternatively, the insert design can be modified to remove the 

wider base during the contractility assay to reduce the resistance encountered by the paddle-like 

portion as it moves through the solution. In this scenario, the finite element model will need to be 

adjusted to account for the change in insert geometry for the contractility assay.  

 Even with the necessity of these future studies to further verify our findings, we have 

successfully engineered a contractile muscular tissue by co-culturing HUES9-CMs and FBs in a 

3D Col I/Matrigel suspension. These constructs compact significantly from the initial volume 

and are easily maintained and matured in culture for ≥ 2 weeks. The side on contractility assay, 

combined with ImageJ and MATLAB analysis derived from Abaqus models of bending PDMS 

inserts, resulted in easily obtainable force/time curves of these pharmacologically responsive 

beating cardiac µtissues. These engineered MIFIs have future applications for deriving patient-

specific drug therapies and modeling specific genetic mutations that cause cardiac disease, and 

this 3D platform can also serve as a template for engineering functional skeletal muscle tissues 

for future applications as controllable soft robotics actuators. 
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Chapter 7 

Summary and Future Directions 

 

 

7.1 Summary 

 In this dissertation, we have introduced the breadth of literature documenting methods of 

engineering contractile 2D and 3D skeletal and cardiac muscle engineered tissues in vitro. We 

aimed to build on findings in the literature by further investigating the role the extracellular 

matrix (ECM) plays guiding the formation and alignment of differentiating skeletal muscle 

myoblasts. Specifically, we demonstrated that microcontact printed lines of laminin (LAM) 

increased myotube formation for the popular C2C12 mouse skeletal myoblast cell line as well as 

for human primary skeletal muscle derived cells (SkMDCs) in comparison to fibronectin and 

collagen types I and IV. We additionally investigated the effect of microgeometry, in terms of 

line width and spacing, on C2C12 and human SkMDC myotube alignment, and we found that 

there was a clear species-specific difference in the line geometries that uniaxially aligned human 

myotubes compared to C2C12 mouse myotubes. In particular, we found that human myotubes 

aligned on line spacings that were 'too narrow' to effectively dictate C2C12 myotube alignment, 

and we also observed less variability in human myotube alignment on 'wider' line widths that 

also resulted failed to align differentiating C2C12 myotubes. These findings have broader 

implications overall in that (1) it makes apparent the fact that animal cell line models do not 

always predict how human primary cells will behave and (2) when engineering functional human 

skeletal muscle at this scale, we can effectively increase the area of patterned LAM, and 
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consequently the volume of differentiating human skeletal muscle, while still maintaining 

myotube alignment in the direction of patterned lines. Had we used the line patterns that resulted 

in maximal C2C12 alignment and myotube formation to dictate studies using human engineered 

muscle, we would have less patterned area (narrower lines with wider spacings) and 

consequently less myotube formation. 

 We also investigated fundamental differences in composition in LAM from different 

commercial sources, as these different LAM brands had opposing effects on both C2C12 and 

human SkMDC myotube formation. Specifically, we found that Invitrogen LAM resulted in 

significantly increased myotube formation, as presented in Chapter 3, but Beckton Dickinson 

sourced LAM, at 3 different purities, resulted in myoblast delamination from patterned LAM 

lines upon inducing differentiation. Ultimately, we determined via liquid chromatography mass 

spectroscopy that perlecan, an important basement membrane proteoglycan, is the likely 

contaminant in Invitrogen LAM that significantly increased myotube formation. Further 

experimentation will need to be done to confirm this finding. However, this observation was 

supported by other findings in the literature that recently determined that perlecan is crucial to 

skeletal muscle formation in the embryo, and further work will determine if this is a synergistic 

effect of LAM with perlecan or an effect of perlecan alone. Either way, we have further 

information on a critical ECM guidance cue that impacts human myotube formation in vitro. 

 For our final contribution in engineering 2D skeletal muscle, we demonstrated the ability 

to engineer contractile muscular thin films (MTFs) with C2C12 myoblasts on patterned 

fibronectin lines. When we built on our previous work that demonstrated that micropatterned 

LAM lines should result in MTFs with more myotube coverage, we determined that this 2D 

assay is not ideal for skeletal muscle because of the limited time range in which differentiating 
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myotubes remained attached to LAM lines on polydimethylsiloxane (PDMS). Specifically, we 

found that we were limited to 7 days of differentiation at best, but differentiating human primary 

skeletal muscle needs 2 - 4 weeks to reach a mature, contractile state in vitro. Genipin cross-

linking ECM to the PDMS surface was ineffective at maintaining myotubes past 1 week of 

differentiation despite evidence in the literature that this was a feasible solution to maintain 

smooth muscle cells on fibronectin patterned PDMS. We determined that, while there are other 

means of attempting to maintain skeletal muscle myotubes in 2D culture for longer periods of 

time, we ultimately wanted to develop a more robust, 3D assay to enable maintainenance of 

differentiating myoblasts within a 3D construct for significantly longer periods of time. 

 Finally, we designed a 3D assay for measuring force generation and beat frequency of 

contractile muscle tissues. Specifically, we used previous designs in the literature of muscle cell 

and hydrogel mixtures cast around PDMS posts as anchoring points as inspiration to integrate a 

muscle microtissue (µtissue) with a U-shaped PDMS insert that would act as a force indicator. 

More specifically, after an iterative design process using C2C12 cells suspended in collagen type 

I + Matrigel™, we designed a thin (~130 µm) dogbone-shaped PDMS insert to be bent to a U-

shaped conformation and inserted into  PDMS well to act as an anchor point on either end of the 

rectangular well. In this way, the polymerizing Col I + Matrigel based µtissue attached to the 

insert at designated attachment points, and the entire tissue construct with insert intact was easily 

removed from the culture wells without damaging the µtissue. These µtissues with integrated 

force indicators (MIFIs) were further developed using HUES9 derived cardiomyocytes (CMs) 

co-cultured with fibroblasts, and we demonstrated that these µtissues were easily maintained up 

to 14 days when 10% fibroblasts were present. We also showed that we could measure the twitch 

force exerted by these µtissues by measuring change in tissue length and relating this changes to 



152 
  

lookup tables derived from finite element modeling of the force required to bend silicone inserts. 

These engineered cardiac muscle µtissues responded as expected to stimulatory drugs and 

exhibited CMs that became more spread with more aligned sarcomeres as the µtissues were 

maintained in culture for longer periods of time. 

7.2 Future Directions 

 Our findings on the micropatterned LAM geometries that maximized human SkMDC 

myotube formation and alignment have future impact in engineering more complex, contractile 

human skeletal muscle in vitro. More specifically, we determined that the MTF assay is a less 

feasible route for engineering robust, contractile human skeletal muscle when using PDMS as the 

patterning substrate, future work can use topographical cues on softer, biological hydrogels to 

align and maintain differentiating myotubes. To build on that, it may prove useful to coat 

topographically patterned biologically-derived hydrogels with LAM to maximize myotube 

formation. Additionally, to determine if perlecan is in fact that critical protein in Invitrogen LAM 

that has been influencing 2D myotube formation, we need to run additional experiments, such as 

addition of recombinant perlecan to the perlecan-free LAM to determine if this rescues myotube 

formation. These findings all have application in understanding the specific role that ECM cues 

provide in guiding in vitro skeletal muscle formation.  More thorough studies on the mechanism 

responsible for this significant increase in myotube formation on Invitrogen LAM will also prove 

useful. For instance, it is crucial to determine the integrin binding mechanism and subsequent 

internal signaling cascade that dictate this improved myotube formation. Investigating the 

integrin responsible for increased myotube formation may also support findings of whether it is 

in fact perlecan contamination that is critical to 2D myotube formation on LAM.  
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 Future work with the 3D MIFI system will focus on further characterization of these 

cardiac µtissues. Additionally, ongoing experiments (not shown in this dissertation) have shown 

that the 10% fibroblast cardiac MIFIs are capable of being maintained in culture for 4 weeks, 

double the amount of time presented in Chapter 6. Further contractility and pharmacological 

stimulation experiments on MIFIs carried out to time points of 2, 3, and 4 weeks will need to be 

carried out to determine if these longer culture times result in stronger µtissues with more mature 

CMs. Additionally, we have engineered the MIFI design with the potential to perform exercise 

modeling of cardiac or skeletal muscle µtissues. Specifically, removal of MIFIs from wells at 

specific time points would force the µtissues to take on the load of the insert that is normally 

held in place by the PDMS well base. We could then compare MIFIs that have been removed 

from wells (or forced to 'exercise') to control MIFIs that remain in wells for the duration of 

culture. 

  We also want to further investigate the feasibility of applying the techniques used to 

engineer cardiac MIFIs to skeletal muscle myoblasts to determine if this platform is applicable 

for other contractile muscle cells. This will allow us to build on the work presented in this 

dissertation on engineered 2D mouse and human contractile skeletal muscle as differentiating 

myoblasts from both sources would be capable of being maintained >1 week, the limiting factor 

we encountered when engineering 2D MTFs with skeletal muscle. We also hypothesize that this 

cardiac MIFIs can also be readily developed with human induced pluripotent stem cell (iPSC) 

derived CMs. Specifically, we used HUES9-CMs because they were the most consistently 

differentiated stem cell line in use in our laboratory. However, we also have an iPSC line that has 

been generating CMs on a consistent basis recently. Additionally, we have been working with 

collaborators at the University Medical Center Groningen in the Netherlands who have reported 
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successfully incorporating patient derived iPSC-CMs in our MIFI design. This has potential 

impacts developing patient specific models of engineered cardiac µtissues, and the collaborators 

we are working with are specifically interested in using the MIFIs to determine if genetic 

mutations from patients will present themselves as disease phenotypes when these iPSC-CMs are 

used in the context of the MIFI assay. Overall, this method of engineering a contractile µtissue 

with a PDMS insert that acts as both an anchor during culture as well as a force indicator after 

removal from the well has potential applications in engineering genetic cardiac or skeletal 

muscle disease models, as an in vitro platform for testing pharmacological stimuli, as a tool to 

investigate how ECM cues influence skeletal muscle or cardiac formation in vitro, and as a 

stepping stone for engineering functional muscle building blocks or soft robotics actuators. 
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Appendix A - LCMS Spectral Counts 

 
BD LAM >90% Inv LAM BD LAM+ENT BD LAM >95% 

Protein Names 
Averag

e SD 
Averag

e SD 
Averag

e SD Average SD 

Laminin subunit alpha-1 25.2% 0.0105 31.7% 0.0034 32.2% 0.0201 38.0% 
0.009

2 

Laminin subunit beta-1 30.7% 0.0085 27.3% 0.0068 24.8% 0.0099 30.0% 
0.020

2 

Laminin subunit gamma-
1 29.8% 0.0021 22.9% 0.0005 21.6% 0.0079 29.3% 

0.007
1 

Nidogen-1 13.7% 0.0015 6.3% 0.0045 11.8% 0.0042 1.3% 
0.002

4 

Basement membrane-
specific heparan sulfate 
proteoglycan core 
protein - - 4.5% 0.0042 1.2% 0.0026 - - 

Laminin subunit beta-2 - - - - 0.4% 0.0003 0.6% 
0.001

9 

Actin, cytoplasmic 1 - - 0.5% 0.0010 - - - - 

Fibrinogen beta chain - - 0.5% 0.0017 0.3% 0.0007 - - 

SPARC - - - - 0.4% 0.0012 - - 

Tubulin alpha-1B chain - - 0.4% 0.0013 - - - - 

Nidogen-2 - - 0.5% 0.0010 0.2% 0.0009 - - 

Clathrin heavy chain 1 - - 0.7% 0.0011 0.0% 0.0000 - - 

Myosin-9 - - - - 0.3% 0.0033 - - 

Tubulin beta-5 chain - - 0.4% 0.0012 0.1% 0.0003 - - 

Myosin-10 - - - - 0.3% 0.0000 - - 

Fibrinogen alpha chain - - 0.4% 0.0013 0.3% 0.0007 0.0% 
0.000

0 

Glyceraldehyde-3-
phosphate 
dehydrogenase - - 0.3% 0.0005 0.2% 0.0000 - - 

Actin, cytoplasmic 2 0.2% 0.0002 - - 0.2% 0.0006 0.2% 
0.000

0 

Transitional endoplasmic 
reticulum ATPase - - 0.2% 0.0006 0.2% 0.0018 - - 

Fibrinogen gamma chain - - 0.3% 0.0008 0.3% 0.0006 0.0% 
0.000

1 

Histone H2A type 2-A - - 0.2% 0.0005 - - - - 

Vimentin - - 0.1% 0.0002 0.3% 0.0008 - - 

Collagen alpha-1(IV) 
chain 0.1% 0.0000 0.2% 0.0001 0.3% 0.0008 0.2% 

0.000
2 

Heat shock cognate 71 
kDa protein - - 0.1% 0.0003 0.3% 0.0004 - - 

Lamin-B1 - - 0.1% 0.0000 0.3% 0.0012 - - 

Protein disulfide-
isomerase A6 - - - - 0.2% 0.0000 - - 
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Histone H2A.J - - 0.2% 0.0004 - - - - 

ATP synthase subunit 
beta, mitochondrial - - - - 0.2% 0.0008 - - 

Histone H3.2 0.2% 0.0000 0.2% 0.0005 - - - - 

78 kDa glucose-regulated 
protein - - 0.1% 0.0006 0.4% 0.0010 0.0% 

0.000
0 

Filamin-B - - 0.3% 0.0008 0.0% 0.0000 - - 

Clathrin light chain A - - 0.1% 0.0002 - - - - 

Histone H2B type 3-A - - 0.1% 0.0000 - - - - 

Fibulin-1 - - 0.0% 0.0000 0.3% 0.0016 - - 

Complement factor H - - - - 0.1% 0.0010 - - 

Protein disulfide-
isomerase - - 0.1% 0.0004 0.2% 0.0013 - - 

Elongation factor 1-alpha 
1 - - 0.1% 0.0003 0.2% 0.0000 - - 

Pregnancy zone protein - - 0.1% 0.0005 - - - - 

Serum albumin - - 0.0% 0.0000 0.2% 0.0002 - - 

Collagen alpha-2(IV) 
chain - - 0.1% 0.0002 0.2% 0.0004 0.1% 

0.000
3 

Peptidyl-prolyl cis-trans 
isomerase FKBP9 - - - - 0.1% 0.0007 - - 

Serpin H1 - - 0.1% 0.0003 0.2% 0.0004 0.0% 
0.000

0 

Hemoglobin subunit 
beta-1 OS - - - - 0.1% 0.0000 - - 

Small nuclear 
ribonucleoprotein Sm D3 - - - - 0.1% 0.0000 - - 

Lamin-B2 - - - - 0.1% 0.0000 - - 

Heterogeneous nuclear 
ribonucleoprotein A1 - - - - 0.1% 0.0000 - - 

Nucleoprotein TPR - - 0.1% 0.0001 0.2% 0.0012 - - 

40S ribosomal protein S3 - - 0.1% 0.0002 0.1% 0.0004 - - 

Heterogeneous nuclear 
ribonucleoproteins 
A2/B1 - - - - 0.1% 0.0001 - - 

Splicing factor, proline- 
and glutamine-rich - - - - 0.2% 0.0006 0.0% 

0.000
0 

60S ribosomal protein 
L10a 0.1% 0.0000 - - - - - - 

Histone H4 - - 0.1% 0.0009 - - 0.0% 
0.000

0 

Elongation factor 1-alpha 
2 - - - - 0.1% 0.0000 - - 

Ig kappa chain - - - - 0.1% 0.0000 - - 

Laminin subunit alpha-5 - - 0.0% 0.0000 0.2% 0.0000 - - 

Spectrin alpha chain, 
non-erythrocytic 1 - - 0.1% 0.0000 0.1% 0.0000 - - 
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Prolactin-7C1 0.1% 0.0000 - - - - - - 

40S ribosomal protein SA - - 0.1% 0.0000 0.1% 0.0003 - - 

Kininogen-1 - - - - 0.1% 0.0001 - - 

60S ribosomal protein 
L14 - - 0.1% 0.0001 - - 0.1% 

0.000
0 

MAP7 domain-containing 
protein 2 - - - - - - 0.1% 

0.000
0 

60S ribosomal protein 
L18 - - 0.1% 0.0001 0.0% 0.0000 - - 

Prelamin-A/C - - 0.0% 0.0000 0.2% 0.0009 - - 

Peptidyl-prolyl cis-trans 
isomerase FKBP10 - - - - 0.1% 0.0003 - - 

Actin, alpha skeletal 
muscle 0.1% 0.0000 - - 0.0% 0.0000 0.1% 

0.000
7 

Heterogeneous nuclear 
ribonucleoprotein F - - 0.1% 0.0000 0.1% 0.0005 - - 

Clusterin - - 0.1% 0.0000 0.0% 0.0001 - - 

Ceruloplasmin - - - - 0.1% 0.0000 - - 

Heterogeneous nuclear 
ribonucleoprotein K - - - - 0.1% 0.0000 - - 

Vitamin D-binding 
protein - - - - 0.1% 0.0000 - - 

Vinculin - - - - 0.1% 0.0000 - - 

Fibronectin - - - - 0.1% 0.0000 - - 

Stress-70 protein, 
mitochondrial 0.1% 0.0000 - - 0.0% 0.0000 - - 

Keratin, type II 
cytoskeletal 1 0.1% 0.0000 - - - - 0.0% 

0.000
0 

60 kDa heat shock 
protein, mitochondrial 0.1% 0.0000 - - 0.0% 0.0002 - - 

Histone H3.3 0.1% 0.0001 - - 0.0% 0.0002 - - 

Annexin A7 - - - - - - 0.1% 
0.000

0 

Tubulin alpha-1C chain - - - - 0.1% 0.0003 0.0% 
0.000

0 

Lactadherin - - 0.1% 0.0000 - - - - 

Eukaryotic translation 
initiation factor 3 subunit 
C - - 0.1% 0.0000 - - - - 

Collagen alpha-3(IV) 
chain - - 0.1% 0.0000 - - - - 

Heat shock protein HSP 
90-beta - - 0.0% 0.0002 0.1% 0.0003 - - 

Collagen alpha-1(XIV) 
chain - - 0.1% 0.0000 - - - - 

Collagen alpha-1(XII) 
chain - - 0.1% 0.0000 - - - - 

40S ribosomal protein S6 - - 0.1% 0.0000 - - - - 
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ATP-dependent RNA 
helicase Dhx29 - - 0.0% 0.0000 0.1% 0.0000 - - 

Histone H1.3 - - 0.1% 0.0001 - - - - 

40S ribosomal protein S8 - - 0.1% 0.0000 - - - - 

Receptor of activated 
protein C kinase 1 - - 0.1% 0.0000 - - - - 

Tripartite motif-
containing protein 30A - - 0.1% 0.0000 - - - - 

40S ribosomal protein S2 - - 0.1% 0.0003 0.0% 0.0002 - - 

60S ribosomal protein L6 - - 0.0% 0.0000 0.0% 0.0000 0.1% 
0.000

0 

Cytoplasmic dynein 1 
heavy chain 1 - - 0.0% 0.0004 0.1% 0.0000 - - 

Complement C3 - - 0.0% 0.0000 0.1% 0.0001 - - 

Alpha-actinin-1 - - 0.0% 0.0000 0.1% 0.0001 - - 

60S ribosomal protein 
L13 0.1% 0.0000 - - 0.0% 0.0000 - - 

Thioredoxin domain-
containing protein 12 - - 0.1% 0.0004 0.0% 0.0000 - - 

Keratin, type II 
cytoskeletal 6B - - 0.1% 0.0001 0.0% 0.0000 0.0% 

0.000
0 

Basigin - - 0.0% 0.0000 - - - - 

Murinoglobulin-1 - - 0.0% 0.0000 - - - - 

Dihydrolipoyllysine-
residue acetyltransferase 
component of pyruvate 
dehydrogenase complex, 
mitochondrial OS - - 0.0% 0.0000 - - - - 

Procollagen-lysine,2-
oxoglutarate 5-
dioxygenase 3 - - 0.0% 0.0000 - - - - 

Filamin-A - - 0.0% 0.0000 - - - - 

Bifunctional 
glutamate/proline--tRNA 
ligase - - 0.0% 0.0000 - - 0.0% 

0.000
0 

40S ribosomal protein 
S28 - - - - 0.0% 0.0000 - - 

EF-hand and coiled-coil 
domain-containing 
protein 1 - - - - - - 0.0% 

0.000
0 

Granulins - - - - 0.0% 0.0000 - - 

Growth hormone-
inducible 
transmembrane protein - - - - 0.0% 0.0000 - - 

Tyrosine-protein kinase 
Srms - - - - 0.0% 0.0000 - - 

Glutathione peroxidase 3 - - - - 0.0% 0.0000 - - 

Eukaryotic translation 
initiation factor 3 subunit - - 0.1% 0.0001 0.0% 0.0000 - - 
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A 

Kinectin - - 0.1% 0.0000 0.0% 0.0000 - - 

Vitronectin - - 0.1% 0.0004 0.0% 0.0000 - - 

40S ribosomal protein 
S26 - - 0.0% 0.0000 0.0% 0.0000 - - 

Galectin-1 - - - - 0.0% 0.0001 - - 

ATP synthase subunit 
alpha, mitochondrial - - - - 0.0% 0.0000 - - 

Probable helicase 
senataxin - - - - - - 0.0% 

0.000
0 

Alpha-actinin-4 - - 0.0% 0.0003 0.0% 0.0000 - - 

Prolyl 3-hydroxylase 1 - - - - 0.0% 0.0000 - - 

Isoleucine--tRNA ligase, 
cytoplasmic - - - - 0.0% 0.0000 - - 

Elongation factor 1-
gamma - - - - 0.0% 0.0000 - - 

Protein transport protein 
Sec23A - - - - 0.0% 0.0000 - - 

Signal transducing 
adapter molecule 1 - - - - 0.0% 0.0000 - - 

Tumor protein D54 - - - - 0.0% 0.0000 - - 

Cartilage-associated 
protein - - - - 0.0% 0.0000 - - 

Cleavage and 
polyadenylation 
specificity factor subunit 
6 - - - - 0.0% 0.0000 - - 

Methionine--tRNA ligase, 
cytoplasmic - - - - 0.0% 0.0000 - - 

ATP-dependent RNA 
helicase DDX3X - - - - 0.0% 0.0000 - - 

Coatomer subunit delta - - - - 0.0% 0.0000 - - 

Creatine kinase B-type - - - - 0.0% 0.0000 - - 

IgE-binding protein - - - - 0.0% 0.0000 - - 

Ig gamma-1 chain C 
region, membrane-
bound form - - - - 0.0% 0.0000 - - 

Paraspeckle component 
1 - - - - 0.0% 0.0000 - - 

T-complex protein 1 
subunit alpha - - - - 0.0% 0.0000 - - 

Polyadenylate-binding 
protein 1 - - - - 0.0% 0.0000 - - 

Procollagen-lysine,2-
oxoglutarate 5-
dioxygenase 2 - - - - 0.0% 0.0000 - - 

Galactokinase - - - - 0.0% 0.0000 - - 
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Heterogeneous nuclear 
ribonucleoproteins 
C1/C2 - - - - 0.0% 0.0000 - - 

Vacuolar protein sorting-
associated protein 35 - - - - 0.0% 0.0000 - - 

Eukaryotic translation 
initiation factor 3 subunit 
K - - - - 0.0% 0.0000 - - 

Protein FAM210A - - - - 0.0% 0.0000 - - 

Non-POU domain-
containing octamer-
binding protein - - - - 0.0% 0.0000 - - 

Peroxiredoxin-1 - - - - 0.0% 0.0000 - - 

Myosin light polypeptide 
6 - - - - 0.0% 0.0000 - - 

Bifunctional purine 
biosynthesis protein 
PURH - - - - 0.0% 0.0000 - - 

Calreticulin - - - - 0.0% 0.0000 - - 

Histidine-rich 
glycoprotein - - - - 0.0% 0.0000 - - 

Small nuclear 
ribonucleoprotein-
associated protein N - - - - 0.0% 0.0000 - - 

Chymotrypsinogen B - - - - 0.0% 0.0000 - - 

KH domain-containing, 
RNA-binding, signal 
transduction-associated 
protein 1 - - - - 0.0% 0.0000 - - 

Nesprin-1 - - - - 0.0% 0.0000 - - 

Pyruvate kinase PKM - - 0.0% 0.0000 0.1% 0.0000 - - 

Apolipoprotein A-I - - 0.1% 0.0000 0.0% 0.0000 - - 

Histone H2B type 1-P - - 0.0% 0.0003 - - - - 

60S ribosomal protein L4 - - 0.0% 0.0003 - - - - 

40S ribosomal protein 
S11 - - 0.0% 0.0003 - - - - 

Cyclin-dependent kinase 
18 - - - - 0.0% 0.0002 - - 

Cytosolic 5-nucleotidase 
1A - - 0.0% 0.0000 - - 0.0% 

0.000
0 

Galectin-3 - - 0.0% 0.0002 0.0% 0.0000 0.0% 
0.000

0 

Ribosome-binding 
protein 1 - - 0.0% 0.0000 0.0% 0.0000 - - 

Spectrin beta chain, non-
erythrocytic 1 - - 0.0% 0.0000 0.0% 0.0000 - - 

Elongation factor 2 - - 0.0% 0.0000 0.0% 0.0000 - - 

Low-density lipoprotein 
receptor-related protein - - - - 0.0% 0.0002 - - 
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2 

Elongation factor 1-delta - - 0.0% 0.0000 0.0% 0.0001 0.0% 
0.000

0 

Pro-epidermal growth 
factor 0.0% 0.0000 - - - - - - 

Eukaryotic translation 
initiation factor 3 subunit 
I - - 0.0% 0.0000 - - - - 

Calumenin - - 0.0% 0.0000 - - - - 

40S ribosomal protein 
S16 - - 0.0% 0.0000 0.0% 0.0000 - - 

60S ribosomal protein 
L34 - - 0.0% 0.0000 - - - - 

Collagen alpha-1(XVI) 
chain - - 0.0% 0.0000 - - - - 

Myotubularin-related 
protein 10 - - 0.0% 0.0000 0.0% 0.0000 - - 

Transcription 
intermediary factor 1-
beta - - 0.0% 0.0000 - - - - 

Disks large-associated 
protein 2 - - 0.0% 0.0000 - - - - 

60S ribosomal protein 
L10 - - 0.0% 0.0000 - - - - 

Apolipoprotein E - - 0.0% 0.0000 - - - - 

Long-chain-fatty-acid--
CoA ligase 6 - - 0.0% 0.0000 - - 0.0% 

0.000
0 

Coagulation factor XIII A 
chain - - 0.0% 0.0000 - - - - 

Ras and EF-hand domain-
containing protein 
homolog - - 0.0% 0.0000 - - - - 

116 kDa U5 small nuclear 
ribonucleoprotein 
component - - 0.0% 0.0000 - - - - 

Coatomer subunit alpha - - 0.0% 0.0000 - - - - 

Hemoglobin subunit 
alpha - - 0.0% 0.0000 - - - - 

Ubiquitin-conjugating 
enzyme E2 K - - 0.0% 0.0000 - - - - 

Galactocerebrosidase - - 0.0% 0.0000 - - - - 

Testis-specific Y-
encoded-like protein 5 - - 0.0% 0.0000 - - - - 

Ig gamma-2A chain C 
region - - - - 0.0% 0.0000 - - 

UPF0193 protein - - - - 0.0% 0.0000 - - 

Putative thiamine 
transporter SLC35F3 - - - - 0.0% 0.0000 - - 

Protein FAM65B - - - - 0.0% 0.0000 - - 
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Helicase ARIP4 - - - - 0.0% 0.0000 - - 

ATP-dependent RNA 
helicase A - - - - 0.0% 0.0000 - - 

Bromodomain and WD 
repeat-containing 
protein 3 - - - - 0.0% 0.0000 - - 

Heterogeneous nuclear 
ribonucleoprotein A3 - - - - 0.0% 0.0000 - - 

DnaJ homolog subfamily 
C member 10 - - - - 0.0% 0.0000 - - 

AP-2 complex subunit 
beta - - - - 0.0% 0.0000 - - 

Developmental 
pluripotency-associated 
protein 4 - - - - 0.0% 0.0000 - - 

Heat shock protein HSP 
90-alpha - - - - 0.0% 0.0000 - - 

Structural maintenance 
of chromosomes protein 
4 - - - - 0.0% 0.0000 - - 

ELAV-like protein 1 - - - - 0.0% 0.0000 - - 

Protein PTHB1 - - - - 0.0% 0.0000 - - 

Matrin-3 - - - - 0.0% 0.0000 - - 

UV excision repair 
protein RAD23 homolog 
B - - - - 0.0% 0.0000 - - 

Vacuolar protein sorting-
associated protein 13C - - - - 0.0% 0.0000 - - 

Maestro heat-like 
repeat-containing 
protein family member 
2A - - - - 0.0% 0.0000 - - 

40S ribosomal protein 
S17 - - - - 0.0% 0.0000 - - 

CAP-Gly domain-
containing linker protein 
2 - - - - 0.0% 0.0000 - - 

CAP-Gly domain-
containing linker protein 
2 - - - - 0.0% 

0.0000
0 - - 

                  

Sum 1.008   1.013   1.035   1.007   

Other protiens 0.5% 
0.00071

4 7.2% 
0.00207

5 8.3% 
0.0326

3 1.4% 
0.002

9 
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Appendix B - MIFI Length to Force Lookup Tables 

Total Tissue

force length

[µN] [mm]

60 9.290

61 9.048

62 8.809

63 8.573

64 8.341

65 8.113

66 7.889

67 7.668

68 7.450

69 7.236

70 7.026

71 6.822

72 6.619

73 6.421

74 6.228

75 6.034

76 5.849

77 5.666

78 5.485

79 5.320

80 5.140

81 4.972

82 4.804

83 4.643

84 4.485

85 4.329

86 4.177

87 4.028

88 3.881

89 3.737

90 3.599

126 µm

  

Total Tissue

force length

[µN] [mm]

60 9.616

61 9.394

62 9.139

63 8.907

64 8.675

65 8.446

66 8.221

67 7.998

68 7.783

69 7.568

70 7.356

71 7.149

72 6.944

73 6.748

74 6.549

75 6.359

76 6.169

77 5.984

78 5.804

79 5.626

80 5.450

81 5.282

82 5.113

83 4.949

84 4.786

85 4.631

86 4.475

87 4.323

88 4.175

89 4.029

90 3.886

127 µm

  

Total Tissue

force length

[µN] [mm]

60 9.941

61 9.713

62 9.469

63 9.236

64 9.006

65 8.777

66 8.554

67 8.331

68 8.113

69 7.897

70 7.687

71 7.478

72 7.273

73 7.071

74 6.873

75 6.682

76 6.491

77 6.303

78 6.118

79 5.939

80 5.764

81 5.591

82 5.421

83 5.256

84 5.092

85 4.932

86 4.774

87 4.620

88 4.470

89 4.321

90 4.176

128 µm

  

Total Tissue

force length

[µN] [mm]

60 10.259

61 10.021

62 9.803

63 9.559

64 9.330

65 9.107

66 8.881

67 8.660

68 8.441

69 8.225

70 8.014

71 7.806

72 7.600

73 7.397

74 7.198

75 7.003

76 6.813

77 6.624

78 6.439

79 6.258

80 6.076

81 5.904

82 5.729

83 5.562

84 5.396

85 5.232

86 5.076

87 4.920

88 4.766

89 4.616

90 4.469

129 µm

  

Total Tissue

force length

[µN] [mm]

60 10.570

61 10.343

62 10.106

63 9.883

64 9.650

65 9.441

66 9.206

67 8.983

68 8.767

69 8.554

70 8.341

71 8.131

72 7.925

73 7.722

74 7.522

75 7.325

76 7.132

77 6.940

78 6.757

79 6.574

80 6.393

81 6.215

82 6.040

83 5.872

84 5.702

85 5.540

86 5.377

87 5.218

88 5.065

89 4.913

90 4.763

130 µm

  

Total Tissue

force length

[µN] [mm]

60 10.880

61 10.641

62 10.417

63 10.191

64 9.967

65 9.759

66 9.525

67 9.305

68 9.092

69 8.874

70 8.661

71 8.455

72 8.246

73 8.058

74 7.844

75 7.648

76 7.453

77 7.261

78 7.071

79 6.889

80 6.705

81 6.530

82 6.354

83 6.180

84 6.012

85 5.846

86 5.681

87 5.521

88 5.361

89 5.210

90 5.059

131 µm
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Total Tissue

force length

[µN] [mm]

60 11.153

61 10.938

62 10.718

63 10.498

64 10.275

65 10.058

66 9.846

67 9.622

68 9.422

69 9.195

70 8.983

71 8.776

72 8.571

73 8.367

74 8.166

75 7.968

76 7.771

77 7.581

78 7.393

79 7.205

80 7.022

81 6.844

82 6.667

83 6.494

84 6.321

85 6.153

86 5.988

87 5.826

88 5.667

89 5.508

90 5.350

132 µm

  

Total Tissue

force length

[µN] [mm]

75 8.288

76 8.091

77 7.898

78 7.709

79 7.522

80 7.337

81 7.156

82 6.977

83 6.804

84 6.633

85 6.462

86 6.294

87 6.126

88 5.969

89 5.811

90 5.655

91 5.502

92 5.351

93 5.202

94 5.060

95 4.917

96 4.777

97 4.638

98 4.502

99 4.371

100 4.240

101 4.112

102 3.986

103 3.861

104 3.741

105 3.621

133 µm

  

Total Tissue

force length

[µN] [mm]

75 8.604

76 8.408

77 8.216

78 8.025

79 7.838

80 7.652

81 7.470

82 7.289

83 7.113

84 6.939

85 6.771

86 6.601

87 6.436

88 6.270

89 6.111

90 5.953

91 5.800

92 5.647

93 5.498

94 5.349

95 5.205

96 5.065

97 4.924

98 4.789

99 4.653

100 4.520

101 4.391

102 4.262

103 4.138

104 4.013

105 3.891

134 µm

  

Total Tissue

force length

[µN] [mm]

75 8.916

76 8.723

77 8.531

78 8.339

79 8.151

80 7.965

81 7.783

82 7.603

83 7.426

84 7.247

85 7.076

86 6.907

87 6.741

88 6.576

89 6.415

90 6.256

91 6.097

92 5.945

93 5.794

94 5.645

95 5.499

96 5.353

97 5.213

98 5.077

99 4.940

100 4.804

101 4.673

102 4.543

103 4.413

104 4.288

105 4.162

135 µm

  

Total Tissue

force length

[µN] [mm]

80 8.278

81 8.094

82 7.914

83 7.735

84 7.558

85 7.383

86 7.214

87 7.045

88 6.881

89 6.717

90 6.558

91 6.399

92 6.244

93 6.090

94 5.940

95 5.792

96 5.646

97 5.504

98 5.361

99 5.223

100 5.090

101 4.953

102 4.823

103 4.692

104 4.565

105 4.439

106 4.316

107 4.195

108 4.075

109 3.957

110 3.842

136 µm

  

Total Tissue

force length

[µN] [mm]

80 8.586

81 8.403

82 8.224

83 8.044

84 7.868

85 7.692

86 7.521

87 7.353

88 7.184

89 7.019

90 6.860

91 6.700

92 6.544

93 6.389

94 6.238

95 6.085

96 5.940

97 5.794

98 5.652

99 5.512

100 5.372

101 5.237

102 5.104

103 4.975

104 4.845

105 4.719

106 4.592

107 4.468

108 4.346

109 4.227

110 4.110

137 µm
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Total Tissue

force length

[µN] [mm]

80 8.894

81 8.712

82 8.529

83 8.352

84 8.175

85 8.000

86 7.825

87 7.657

88 7.486

89 7.324

90 7.160

91 6.999

92 6.845

93 6.688

94 6.535

95 6.382

96 6.235

97 6.087

98 5.943

99 5.800

100 5.661

101 5.524

102 5.386

103 5.255

104 5.124

105 4.996

106 4.867

107 4.743

108 4.620

109 4.500

110 4.380

138 µm

  

Total Tissue

force length

[µN] [mm]

85 8.305

86 8.126

87 7.962

88 7.794

89 7.627

90 7.462

91 7.302

92 7.141

93 6.984

94 6.833

95 6.679

96 6.528

97 6.380

98 6.234

99 6.089

100 5.950

101 5.811

102 5.673

103 5.539

104 5.404

105 5.277

106 5.147

107 5.022

108 4.897

109 4.773

110 4.652

111 4.532

112 4.415

113 4.300

114 4.186

115 4.075

139 µm

  

Total Tissue

force length

[µN] [mm]

85 8.611

86 8.437

87 8.267

88 8.096

89 7.932

90 7.765

91 7.603

92 7.441

93 7.286

94 7.130

95 6.976

96 6.823

97 6.675

98 6.527

99 6.380

100 6.238

101 6.099

102 5.959

103 5.823

104 5.689

105 5.555

106 5.427

107 5.296

108 5.170

109 5.047

110 4.924

111 4.805

112 4.684

113 4.569

114 4.453

115 4.340

140 µm

  

Total Tissue

force length

[µN] [mm]

90 8.065

91 7.905

92 7.742

93 7.581

94 7.425

95 7.275

96 7.120

97 6.969

98 6.819

99 6.672

100 6.530

101 6.385

102 6.246

103 6.108

104 5.972

105 5.840

106 5.707

107 5.578

108 5.449

109 5.323

110 5.198

111 5.077

112 4.956

113 4.837

114 4.721

115 4.607

116 4.492

117 4.381

118 4.271

119 4.162

120 4.053

141 µm

  

Total Tissue

force length

[µN] [mm]

90 8.362

91 8.202

92 8.039

93 7.880

94 7.723

95 7.566

96 7.413

97 7.261

98 7.114

99 6.966

100 6.819

101 6.676

102 6.534

103 6.396

104 6.258

105 6.121

106 5.990

107 5.857

108 5.728

109 5.601

110 5.474

111 5.352

112 5.230

113 5.110

114 4.993

115 4.872

116 4.760

117 4.645

118 4.535

119 4.424

120 4.316

142 µm

  

Total Tissue

force length

[µN] [mm]

90 8.665

91 8.501

92 8.338

93 8.176

94 8.019

95 7.864

96 7.709

97 7.555

98 7.405

99 7.257

100 7.113

101 6.965

102 6.825

103 6.686

104 6.544

105 6.407

106 6.273

107 6.139

108 6.009

109 5.879

110 5.755

111 5.628

112 5.505

113 5.383

114 5.263

115 5.145

116 5.026

117 4.913

118 4.800

119 4.687

120 4.579

121 4.470

122 4.363

123 4.256

124 4.154

125 4.050

126 3.948

127 3.849

128 3.752

143 µm
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Total Tissue

force length

[µN] [mm]

95 8.164

96 8.002

97 7.852

98 7.699

99 7.550

100 7.402

101 7.256

102 7.112

103 6.973

104 6.830

105 6.692

106 6.559

107 6.423

108 6.291

109 6.159

110 6.032

111 5.904

112 5.781

113 5.657

114 5.535

115 5.416

116 5.296

117 5.181

118 5.067

119 4.952

120 4.840

121 4.733

122 4.624

123 4.516

124 4.411

125 4.307

144 µm

  

Total Tissue

force length

[µN] [mm]

95 8.453

96 8.300

97 8.143

98 7.991

99 7.843

100 7.694

101 7.547

102 7.403

103 7.259

104 7.116

105 6.979

106 6.844

107 6.706

108 6.572

109 6.443

110 6.311

111 6.183

112 6.058

113 5.933

114 5.810

115 5.687

116 5.568

117 5.451

118 5.335

119 5.220

120 5.107

121 4.997

122 4.886

123 4.778

124 4.670

125 4.566

145 µm

  

Total Tissue

force length

[µN] [mm]

100 7.983

101 7.839

102 7.692

103 7.550

104 7.407

105 7.266

106 7.127

107 6.993

108 6.858

109 6.725

110 6.594

111 6.463

112 6.334

113 6.211

114 6.088

115 5.963

116 5.841

117 5.723

118 5.605

119 5.489

120 5.375

121 5.260

122 5.150

123 5.040

124 4.931

125 4.823

126 4.720

127 4.616

128 4.513

129 4.410

130 4.310

146 µm

  

Total Tissue

force length

[µN] [mm]

100 8.275

101 8.126

102 7.980

103 7.838

104 7.694

105 7.555

106 7.414

107 7.276

108 7.138

109 7.008

110 6.875

111 6.744

112 6.617

113 6.487

114 6.361

115 6.238

116 6.114

117 5.995

118 5.875

119 5.758

120 5.643

121 5.528

122 5.415

123 5.305

124 5.197

125 5.086

126 4.981

127 4.874

128 4.769

129 4.668

130 4.567

131 4.465

132 4.368

133 4.268

134 4.174

135 4.080

136 3.986

147 µm

  

Total Tissue

force length

[µN] [mm]

100 8.565

101 8.416

102 8.270

103 8.122

104 7.982

105 7.840

106 7.700

107 7.561

108 7.425

109 7.289

110 7.154

111 7.022

112 6.896

113 6.767

114 6.637

115 6.515

116 6.390

117 6.268

118 6.148

119 6.031

120 5.912

121 5.796

122 5.684

123 5.570

124 5.459

125 5.349

126 5.239

127 5.134

128 5.029

129 4.925

130 4.821

148 µm

  

Total Tissue

force length

[µN] [mm]

110 7.437

111 7.302

112 7.174

113 7.041

114 6.919

115 6.789

116 6.666

117 6.545

118 6.423

119 6.300

120 6.185

121 6.068

122 5.950

123 5.835

124 5.725

125 5.613

126 5.503

127 5.395

128 5.289

129 5.185

130 5.080

131 4.975

132 4.876

133 4.775

134 4.677

135 4.580

136 4.483

137 4.388

138 4.294

139 4.201

140 4.108

149 µm
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Total Tissue

force length

[µN] [mm]

115 7.067

116 6.944

117 6.820

118 6.697

119 6.577

120 6.456

121 6.336

122 6.220

123 6.105

124 5.990

125 5.879

126 5.767

127 5.660

128 5.551

129 5.443

130 5.339

131 5.233

132 5.132

133 5.030

134 4.929

135 4.832

136 4.733

137 4.638

138 4.543

139 4.448

140 4.355

141 4.263

142 4.173

143 4.083

144 3.996

145 3.910

150 µm

  

Total Tissue

force length

[µN] [mm]

125 6.951

126 6.838

127 6.724

128 6.609

129 6.499

130 6.388

131 6.278

132 6.171

133 6.067

134 5.961

135 5.858

136 5.752

137 5.652

138 5.552

139 5.452

140 5.357

141 5.259

142 5.162

143 5.069

144 4.976

145 4.884

146 4.793

147 4.701

148 4.614

149 4.526

150 4.439

151 4.353

152 4.269

153 4.184

154 4.101

155 4.019

154 µm
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Appendix C - MATLAB Code - MIFI Length Measurement 

% Basic script to load a stack of tiff images of MIFI constructs (side view 

of bending)  
% in diastole and systole and determine tissue length change.  The user 
% click points of attachment of the tissue to the insert to measure change 
% in length of the tissue 
% Rebecca Duffy, Regenerative Biomaterials Group, Carnegie Mellon University 

(07/09/2016) 

  
clear all 
% ask user to select file 
[file,path]=uigetfile({'*.tif';'*.bmp';'*.jpg';'*.*'},'Select Image 

File...','D:/Parker Lab/');    
filename = [path file];                  

  
% get file info 
info = imfinfo([filename]); 
frames = length(info); 
X = info(1).Height; 
Y = info(1).Width; 

  
prompt = {'Enter image calibration factor (mm/pixel):'}; 
dlg_title = 'Input constants to calculate stress'; 
num_lines = 1; 
def = {'.00849'}; 
answer = inputdlg(prompt,dlg_title,num_lines,def); 
calibration = str2double(answer); 

  
cal_factor = calibration(1); 

  
% load in image stack 
for frame=1:frames 
    [stack(:,:,frame)] = imread([filename],'tif',frame); 
end 

  
% Instructions for selecting points 
disp('Left mouse button picks points.') 
disp('Right mouse button picks last point.') 

     
% Set frame to 1 
frame = 1; 

  
% View each frame and select point for fitting the circle 
while frame <= frames 
    % display image 
    image(stack(:,:,frame)); 
    colormap(gray(256)); 
    text(15,15,sprintf('Frame: 

%g',frame),'BackgroundColor','white','FontWeight','bold'); 

  
    % Code to select point 
    hold on 
    % Initially, the list of points is empty. 
%     xy = []; 
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    n = 0; 
    % Loop, picking up the points. 
    btn = 1; 
    while btn == 1 
        [xi,yi,btn] = ginput(1); 
        h1 = plot(xi,yi,'ro'); 
        n = n+1; 
        frame_stack(frame).x(n)=xi; 
        frame_stack(frame).y(n)=yi; 
        %xy(:,n+frame) = [xi,yi]; 

  
    end 
    %measuring x and y relative distances and length where length converts 
    %pixels to mm 
    frame_stack(frame).diff(1) = abs(frame_stack(frame).x(2)- 

frame_stack(frame).x(1)); 
    frame_stack(frame).diff(2) = abs(frame_stack(frame).y(2)- 

frame_stack(frame).y(1)); 
    frame_stack(frame).length = sqrt(frame_stack(frame).diff(1)^2 + 

frame_stack(frame).diff(2)^2)*cal_factor; 

    
           hold off 

     
    % Any key to repeat point selection on current frame, else click left 

mouse button to continue to next frame  
    w = waitforbuttonpress; 
    if w == 0 
        disp('Processing next slice...' ) 
       % xlsfile(frame,:) = [xc yc Re 0 0]; 
        frame = frame+1; 
    else 
        disp('Re-analyze slice...') 
    end 

   
end      

  

  
%make array to save into excel from frame_stack.length 
for cnt=1:length(frame_stack) 
    length_array(:,cnt) = frame_stack(cnt).length; 
end 
length_array_c=length_array'; 
% save data 
save(strrep(file, 'tif', 'mat')); 
xlswrite(strrep(file, '.tif', '_length.xlsx'),length_array_c); 
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Appendix D - MATLAB Code - MIFI Force from Lookup Tables 

clear all 

  
%select excel file 
[file,path]=uigetfile({'*.xlsx';'*.xls';'.csv';'*.*'},'Select Excel 

File...'); 
filename = [path file]; 

  
%select Matlab workspace; variable is called 'length_array_c' 
% [file,path]=uigetfile({'*.mat';'*.*'},'Select Matlab Workspace File...'); 
% filename = [path file]; 

  
%load lookup tables 
load lookup_tables.mat; 

  
%get file data 
%length data should be in first column of sheet1 
length_array_c = xlsread(filename,'Sheet1','A:A'); 

  

  
%prompt which lookup table to access based on insert thickness 
%e.g. if insert is 135 um thick, 'm135' will be the excel file name 
prompt = {'Enter lookup table based on insert thickness (t###):'}; 
dlg_title = 'Select lookup table'; 
num_lines = 1; 
def = {'t149'}; 
answer = inputdlg(prompt,dlg_title,num_lines,def); 
%calls specific force lookup table based on insert thickness 
force_table = getfield(lookup_tables,char(answer)); 

  
%create matrix for points to calculate 'weighted' force averages from 
%lookup table 
%force1,force2 are the force 'coordinates' of lesser and greater forces for 

the 
%measured tissue length in the lookup table. length1 and length2 are the 

matching 
%length values for those forces. calculate slope and y intercept to solve 
%'y=ax+b' to find force for the specified length value 
for a = 1:length(length_array_c) 
    for b=1:length(force_table) 
        if length_array_c(a,1)>force_table(b,1) 
            force1 = force_table(b,2); 
            force2 = force_table(b-1,2); 
            length1 = force_table(b,1); 
            length2 = force_table(b-1,1); 
            slope = (force2-force1)/(length2-length1); 
            y_int = force1 - slope*length1; 
            length_array_c(a,2) = slope*length_array_c(a,1) + y_int; 
            break; 
        end 
    end 
end 
% save data 
xlswrite(strrep(file, '.xlsx', '_length_force.xlsx'),length_array_c); 
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Appendix E - Publications, Presentations, and Posters 

Publications:  

 Duffy R, Sun Y, and Feinberg AW. “Understanding the role of ECM protein composition 

and geometric micropattering in engineering human skeletal muscle.” Annals of 

Biomedical Engineering. 16 March 2016, pp 1 - 14  

 Duffy R and Feinberg AW. “Engineered skeletal muscle tissue for soft robotics: 

fabrication strategies, current applications and future challenges.” WIREs Nanomedicine 

and Nanobiotechnology. 2013.  

 Sun Y, Duffy R, Lee A and Feinberg AW. “Optimizing the Structure and Contractility of 

Skeletal Muscle Thin Films.” Acta Biomaterialia, 9(8), 2013, pp 7885-7894.  

Presentations:  

 “Driving 2D and 3D Muscle Formation Using Extracellular Matrix Cues and Additive 

Manufacturing”. R Duffy and AW Feinberg. McGowan Institute for Regenerative 

Medicine Retreat, Rapid Fire Trainee Presentation. Nemacolin Woodlands, March 2016. 

  “Engineering Laminin Micropatterned Surfaces to Maximize the Alignment and 

Contractility of Skeletal Muscle Tissue”. Duffy R and Feinberg AW. Biomedical 

Engineering Society Annual Meeting, Seattle, WA, September 2013.  

Posters:  

 "Using micropatterned laminin lines to increase human myotube density and alignment". 

R Duffy. Y Sun. AW Feinberg. World Biomaterials Congress. Montreal, QC. May 2016 

 “Using Micropatterned Extracellular Matrix Cues to Guide Murine and Human Myotube 

Formation”. R Duffy, Y Sun, AW Feinberg. McGowan Institute for Regenerative 

Medicine Retreat, Nemacolin Woodlands, March 2016.  

 “Tracking Cell-Generated Compaction Strains in 3D Tissue Using Fibronectin Based 

Nanomechanical Biosensors”. S Liu, A Tsamis, R Duffy, T Hinton, AW Feinberg. 

Biomedical Engineering Society Annual Meeting, Tampa, FL, October 2015. 

 “Maintaining In Vitro Myotube Cultures by Genipin Modification of Micropatterned 

Fibronectin Lines” S Chang, R Duffy, AW Feinberg. Biomedical Engineering Society 

Annual Meeting, Tampa, FL, October 2015.  

 “Skeletal Muscle Thin Films: A Tool for Understanding the Effect of 2D Extracellular 

Matrix Cues on Myotube Density, Alignment, and Contractility”. R Duffy, Y Sun, A 

Feinberg. TERMIS World Congress, Boston, MA, September 2015.  

 “Development of Spatially Patterned Extracellular Matrix Cues to Direct the 

Differentiation and Alignment of Human Skeletal Muscle Tissue” R Duffy, L Friedman, 

AW Feinberg. Biomedical Engineering Society Annual Meeting, San Antonio, TX, 

October 2014.  



 

172 
 

 “Engineering ECM Composition and Geometric Patterning to Maximize Skeletal Muscle 

Myogenesis and Contractility” R Duffy, Y Sun, A Feinberg Gordon Research 

Conference: Signal Transduction by Engineered Extracellular Matrices, Bentley 

University, July 2014.  

 “Extracellular Matrix Composition Influences Differentiation and Contractility of Human 

Skeletal Muscle Constructs In Vitro” R Duffy, L Friedman, AW Feinberg. McGowan 

Institute for Regenerative Medicine Retreat, Nemacolin Woodlands, March 2014.  

 “Engineering Skeletal Muscle via Micropatterning Techniques for Optimization of 

Structure and Contractility” R Duffy, Y Sun, A Feinberg. McGowan Institute for 

Regenerative Medicine Retreat, Nemacolin Woodlands, March 2013.   
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