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Abstract

The behavior of adherent cells is known to be affected by both chemical signals

and physical cues in the extracellular environment, including substrate topography

and rigidity. The process of sensing physical features and converting them to

intracellular signals is believed to rely on the formation of adhesion structures and

the generation of actomyosin-based traction forces. Equally important is signaling

in the reverse direction, as internal cellular activities regulate mechanical output to

the extracellular environment. This thesis explores how substrate dimension and

migration state are monitored by adherent cells and how they affect cell behavior.

By micropatterning soft hydrogels, I am able to simultaneously control cell size,

shape, and migration as well as measure mechanical output. I find that migrating

NIH 3T3 fibroblasts use traction forces to differentiate between one-dimensional lines

and two-dimensional surfaces. Furthermore, oncogene-transformed fibroblasts, which

generate disorganized traction forces, are unable to sense a change in substrate

dimension. Additionally, I show that stationary cells confined to micropatterned

islands exhibit significantly increased traction forces, less dynamic focal adhesions,

and altered protein phosphorylation patterns compared to cells migrating freely.

These results suggest that migration state itself can act as an input to control both

mechanical and signaling behavior in adherent cells. Microtubules are involved in this

migration-dependent regulation of traction forces, as migrating and stationary cells
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respond differently to microtubule depolymerization. The mechanism of migration-

dependent regulation of mechanical output likely involves altered interactions between

microtubules and focal adhesions. Understanding how cells sense and respond to

mechanical signals provides insight for diseases where mechanical properties are

altered, including cancer. These insights may lead to new strategies for disease

diagnosis and treatment.
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Chapter 1

Introduction
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1.1 Physical cues guide cell behavior

1.1.1 Cell behavior is regulated by external, environmental

mechanics

In addition to chemical signals, cells are able to respond to mechanical signals in their

environment. External mechanical signals include topographic features and substrate

dimension which have been shown to affect many important cellular processes.

Some of the earliest studies have focused on cell behavior in response to substrate

topography. In a phenomenon termed contact guidance, multiple types of cells

including epithelial cells, neurons, and fibroblasts have been shown to elongate and

align parallel to substrates with micron- or nano-scale grooves (Curtis & Wilkinson,

1997; Rajnicek et al., 1997; Teixeira et al., 2003; Kim et al., 2009). In addition to cell

orientation, grooved surfaces have been shown to induce faster neurite growth and to

change migration speed depending on the groove spacing and depth (Rajnicek et al.,

1997; Kim et al., 2009). Mode of migration can also vary, as cells that encounter a

transition from a smooth surface to a pillar topography develop elongated protrusions

instead of a broad lamellipodia (Ghibaudo et al., 2009). Of particular interest to

biomedical engineers is the ability of substrate topography to influence stem cell

behavior. Poly(ε-caprolactone) fibers electrospun in an aligned manner were able

to enhance neural differentiation of embryonic stem cells more than fibers spun in

a random pattern (Xie et al., 2009). Stem cell differentiation was also enhanced

when cells were seeded on substrates with deep nanopits (Zouani et al., 2012) or

on titanium nanotubes with a 70-100 nm diameter (Oh et al., 2009). Interestingly,

30 nm diameter nanotubes did not promote differentiation, which indicates that the

response to topography is highly sensitive.
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Conventional cell culture relies on two-dimensional surfaces which are sometimes

coated with extracellular matrix proteins. However, cells in vivo experience a more

complex, often three-dimensional environment. Recently, researchers are becoming

more aware that substrate dimension can drastically alter cell behavior (Figure 1.1)

(Baker & Chen, 2012). Fibroblasts adopt a dendritic structure in collagen matrices

but not on collagen-coated surfaces (Grinnell et al., 2003). Elongation and loss of

large, stable focal adhesions was also observed when integrins on the dorsal side of

cells were activated in a sandwich-type culture (Beningo et al., 2004). Additionally,

multiple modes of migration exist in three-dimensional cultures (Doyle et al., 2009;

Fraley et al., 2012) which are not well characterized by parameters commonly used

to describe two-dimensional cell migration. Such dramatic changes in morphology

and basic behaviors like migration suggest that research done on two-dimensional

substrates may not translate fully to cells in more complex environments.

Along with readily observed features such as topography and dimension, substrate

stiffness is also becoming an important parameter in cell mechanics (Discher et al.,

2005). Hydrogels made with varying amounts of crosslinkers are now routinely used

to control substrate compliance (Beningo & Wang, 2002). Early studies found that

substrate rigidity regulates rates of proliferation and apoptosis (Wang et al., 2000),

migration direction and speed (Lo et al., 2000; Pathak & Kumar, 2012), tissue

formation (Guo et al., 2006), and traction force generation (Lo et al., 2000; Trichet

et al., 2012). Like other mechanical inputs, substrate rigidity is also known to affect

stem cell differentiation. Differentiation of stem cells into particular lineages has

been shown to be enhanced on substrates of optimal stiffness. That is, soft (<1 kPa)

substrates favor neurogenic differentiation, moderately stiff (11 kPa) substrates favor

myogenic differentiation, and stiff (34 kPa) substrates favor osteogenic differentiation

3



Figure 1.1. Three-dimensional substrates differ from two-dimensional cell

culture substrates. Adhesive, topographical, mechanical, and soluble cues

differ in 2D and 3D, which affects cell polarity, migration, and focal adhesion

distribution and maturation. Adapted with permission from Journal of Cell

Science (Baker & Chen, 2012).
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(Engler et al., 2004, 2006). Thus physical features of the extracellular environment

alter intracellular signaling to change cell behavior in a form of outside-in signaling.

1.1.2 Cell behavior is also regulated by internal, cellular

mechanics

Adherent cells are also able to monitor their own mechanics and change behavior in

response. Distinct from the external features described above, such internal features

include cell spreading, cell shape, and elongation or aspect ratio. In normal cells,

spread area has been shown to affect growth and apoptosis rates (Chen et al., 1997),

traction force generation (Rape et al., 2011), and terminal differentiation of human

epidermal keratinocytes (Watt et al., 1988). Increasing aspect ratio has also been

linked to increasing traction force generation (Rape et al., 2011), increasing collagen

I expression in human tendon fibroblasts (Li et al., 2008), and decreasing proliferation

rates in vascular smooth muscle cells (Thakar et al., 2009). In macrophages, imposing

cell elongation was shown to enhance the expression of the pro-healing M2 phenotype

over the pro-inflammatory M1 phenotype (McWhorter et al., 2013).

Beyond normal conditions, cells in extraordinary conditions, such as stem cell

differentiation or cancerous epithelial-to-mesenchymal transition (EMT) can also

be manipulated by mechanical features of the cell. Confinement of stem cells to

small spread area enhanced maintenance of stemness without affecting the ability to

differentiate later (Zhang & Kilian, 2013). When exposed to mixed media, human

mesenchymal stem cells confined to small areas became adipocytes, but became

osteocytes when allowed to spread to a large area (McBeath et al., 2004). Elongation

promoted more robust myocardial differentiation (Tijore et al., 2014). Shape has

5



also been shown to direct differentiation to an adipogenic lineage or an osteogenic

lineage (Kilian et al., 2010). Limiting cell area prevented MMP3-induced epithelial-

to-mesenchymal transition in mouse mammary epithelial cells (Nelson et al., 2008).

Regions of high mechanical stress in cells or groups of cells correlated with areas of

high traction force generation (Li et al., 2010) and were shown to regulate spatial

patterning of EMT (Gomez et al., 2010). It is believed that RhoA activity plays a

role in many of these shape-based phenomena (McBeath et al., 2004), suggesting that

cells are able to regulate intracellular signals based on size and shape.
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1.2 Cytoskeletal structures mediate

mechanosensing

1.2.1 Focal adhesions link the cytoskeleton and the

extracellular matrix

Focal adhesions are composed of hundreds of proteins, including integrin, paxillin,

focal adhesion kinase (FAK), and vinculin. Super-resolution imaging of adhesion

proteins revealed that focal adhesions are organized into functional layers that

mediate integrin signaling, force transduction, and actin regulation (Figure 1.2)

(Kanchanawong et al., 2010). Integrin engagement to the extracellular matrix

(ECM) initiates signaling cascades that recruit more adhesion proteins and drive

mechanotransduction. Phosphorylation of paxillin is involved in assembly of focal

adhesions (Zaidel-Bar et al., 2007), likely by regulating recruitment of vinculin

(Pasapera et al., 2010), FAK (Choi et al., 2011), and talin (Kwak et al., 2012).

FAK phosphorylates paxillin (Pasapera et al., 2010) and recruits talin (Lawson et al.,

2012). Vinculin was believed to mostly function as a scaffolding protein, known for its

interactions with talin and actin (Humphries et al., 2007). More recent studies have

suggested that vinculin is able to regulate adhesion protein recruitment and release

(Carisey et al., 2013), and its functions are activated by talin (Case et al., 2015).

Focal adhesion signaling is capable of activating multiple pathways associated with

force generation. Integrin signaling has also been associated with activation of both

RhoA (Ren et al., 1999) and Rac (Wehrle-Haller, 2012). Paxillin signaling is able

to activate Rac (Vicente-Manzanares et al., 2009). FAK activity has been shown to

suppress Rho activity (Ren et al., 2000) to regulate focal adhesion turnover (Hamadi
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Figure 1.2. Focal adhesions are composed of many proteins that interact

physically and chemically. Schematic model of focal adhesion molecular

architecture. Focal adhesions mediate interaction between the cytoskeleton and

the extracellular matrix with direct binding to the ECM via integrins and to

actin. Proteins in the adhesion plaque undergo phosphorylation and conformation

changes during mechanotransduction. Adapted by permission from Macmillan

Publishers Ltd: Nature 468: 580-584, copyright 2010 (Kanchanawong et al.,

2010).
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et al., 2005), and it is a key player in many mechanosensing behaviors (Wang et al.,

2001a). Signaling in the reverse direction, referred to as inside-out signaling, tension

was shown to regulate the binding strength between integrins and ECM (Friedland

et al., 2009).

Early work correlated adhesion assembly with force (Balaban et al., 2001; Galbraith

et al., 2002). However, other work suggests that the relationship between traction

force and focal adhesion size is more complex (Beningo et al., 2001; Stricker et al.,

2011). More recent work observed force fluctuations within individual focal adhesions

(Plotnikov et al., 2012), suggesting that focal adhesions may function as force sensors

themselves. Individual proteins in the focal adhesion may also act as force sensors.

Fluorescence resonance energy transfer experiments revealed that vinculin can exist

in a closed, inactive state as well as an open, active state (Chen et al., 2005), and

the conformational change is dependent on tension (Carisey et al., 2013). Talin,

too, is capable of stretch-activated unfolding to promote binding to vinculin (del Rio

et al., 2009). Focal adhesion proteins further function as a molecular clutch, with

some reports suggesting a critical role for vinculin (Thievessen et al., 2013). During

cell migration the actin polymerization rate is increased compared to retrograde flow

because the linkage between actin and focal adhesions shifts some of the forces driving

retrograde flow to the substrate (Alexandrova et al., 2008; Vicente-Manzanares et al.,

2009).
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1.2.2 The actin network facilitates migration and

mechanotransduction

Migration on a two-dimensional substrate has been extensively studied and distilled

into a multistep process. In general, migration involves cell polarization, extension

of protrusions, formation of adhesions, cell contraction, and release of the rear

(Lauffenburger & Horwitz, 1996; Ridley et al., 2003). Of all the molecules involved

in migration, actin plays the most prominent role. Initial protrusions at the leading

edge, including lamellipodia and filopodia, are driven by actin polymerization (Pollard

& Cooper, 2009). As mentioned above, adhesion stabilization is force-dependent.

Stress fibers are anchored to focal adhesions (Hotulainen, 2006), and myosin II

incorporated along the stress fibers generate contractile force that may enhance

adhesion maturation. Actomyosin contractility funneled through focal adhesions

also provides the traction force for forward translocation (Beningo et al., 2001;

Ridley et al., 2003). Even though current understanding of adherent cell migration

depends on heavily on actomyosin contractility, stress fibers may not be necessary

for migration, as cells in three-dimensional environments rarely have stress fibers

(Cukierman et al., 2002; Beningo et al., 2004). Furthermore, it has been observed

that non-migrating cells often have thicker stress fibers while migrating cells have

fewer, thinner stress fibers (Pellegrin & Mellor, 2007). These observations point to

an important role for regulation of actin dynamics in normal cell behavior.

A complex relationship exists among focal adhesions, actin, and traction forces

(Discher et al., 2005). The downstream effect of these interactions means that actin

stress fibers are force-sensitive. It has been shown that substrate stiffness affects stress

fiber alignment (Prager-Khoutorsky et al., 2011). Stress fibers are also dependent
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on myosin II-mediated contractility (Chrzanowska-Wodnicka & Burridge, 1996), as

inhibition of contractility with blebbistatin abolishes stress fibers. GTPase activity

mediates both outside-in and inside-out signaling through its ability to regulate actin

dynamics. Rho directly promotes stress fiber formation, Rac promotes lamellipodia

and membrane ruffle formation, and Cdc42 promotes filopodia formation (Burridge

& Wennerberg, 2004; Tojkander et al., 2012). Rho-kinase (ROCK) enhances the

formation of stress fibers and focal adhesions by activation of myosin light chain

and by inactivation of myosin phosphatase (Totsukawa et al., 2000). Precise

spatiotemporal control of GTPase activities at the leading edge is essential for efficient

cell migration (Machacek et al., 2009).

1.2.3 Microtubules interact with focal adhesions and

enhance cell polarity

Microtubules, another major component of the cell cytoskeleton, are portrayed as

a structural counterpart to actin. Microtubules have a longer persistence length

compared to actin (Gittes et al., 1993) and are considered incompressible. For

this reason, mechanical models of the cell liken microtubules to struts that resist

actomyosin contractility (Wang et al., 2001b). However, other studies indicate that

actin and microtubules work in concert to promote cell migration (Waterman-Storer

& Salmon, 1999) through both physical interactions and chemical signaling.

Microtubule kinetics are characterized by dynamic instability (Brouhard, 2015) with

periods of fast polymerization capped by rapid depolymerization. Interestingly,

a subpopulation of microtubules may become protected from this tendency for

catastrophe. Though the mechanism of microtubule stabilization is still unknown,
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others have observed that microtubules become stabilized after interaction with

focal adhesions (Kaverina et al., 1998) and that FAK and Rho signaling facilitates

stabilization (Palazzo et al., 2004).

Besides microtubule stabilization, interaction between microtubules and focal

adhesions is known to promote focal adhesion disassembly (Kaverina et al., 1999),

a process which requires FAK and dynamin (Ezratty et al., 2005). A number

of microtubule associated proteins mediate the interaction between microtubules

and focal adhesions (Figure 1.3). Cytoplasmic linker associated protein (CLASP)

(Mimori-Kiyosue et al., 2005), adenomatous polyposis coli (APC) (Näthke et al.,

1996), and MACF1/ACF7 (Karakesisoglou et al., 2000) mediate the interaction

between microtubule plus tips and the cell cortex. Further studies showed that

CLASPs cluster at focal adhesions, possibly facilitating the exocytosis of matrix

metalloprotease (MMP)-containing vesicles to promote focal adhesion disassembly

(Stehbens et al., 2014). Alternative microtubule-based mechanisms of focal adhesion

disassembly focus on the role of microtubules in intracellular transport. Focal

adhesions were shown to enlarge after inhibition of the molecular motor kinesin-1

(Krylyshkina et al., 2002), suggesting that microtubules transport a focal adhesion

modulation signal. Focal adhesion disassembly was also dependent on dynamin,

hinting at a possible role for microtubules in the integrin endocytosis and recycling

process (Ezratty et al., 2005). Others have also speculated that membrane type 1

matrix metalloprotease is transported to adhesion sites via microtubules (Stehbens

& Wittmann, 2012).

Microtubules also play a role in Rho GTPase signaling. Early studies noted

that microtubule disruption increased cell contractility (Danowski, 1989), an

observation later attributed to an increase in RhoA activity (Ren et al., 1999).
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Figure 1.3. Microtubule interactions with focal adhesions are mediated by

microtubule associated proteins. Polarity signals result in local inactivation of

GSK3β which then stimulates activity of various microtubule-associated proteins.

APC is delivered by microtubules to the cell edge and stabilizes nascent adhesions

(A). MACF1/ACF7 mediates microtubule interactions with actin and guides

microtubules to focal adhesions (B). CLASPs stabilize microtubules at mature

focal adhesions (C ). Copyright Stehbens and Wittmann, 2012. Originally

published in The Journal of Cell Biology 198: 481-489.
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The favored mechanism to explain how microtubules regulate RhoA activity

involves guanine nucleotide exchange factors (GEFs), in particular GEF-H1 which

binds both to microtubules and to the active form of RhoA. Accordingly,

microtubule polymerization sequesters GEF-H1 and active RhoA, while microtubule

depolymerization releases RhoA to induce cell contractility (Krendel et al., 2002;

Chang et al., 2008).

While not required for migration, microtubules are important in establishing

cell polarity and persistent migration (Etienne-Manneville, 2013). Structurally,

polarization can be seen in the distribution and orientation of microtubules in

migrating cells (Etienne-Manneville, 2013) and the increase in stable microtubules

pointing to the leading edge (Gundersen & Bulinski, 1988). Cell polarity is reinforced

through precise spatiotemporal control of Rac1, RhoA, and Cdc42 activity that occurs

at the leading edge of migrating cells (Machacek et al., 2009). Part of this regulation

has been attributed to the organization of RhoA activity at the leading edge by

GEF-H1 and microtubule polymerization (Nalbant et al., 2009). These studies are

focused on the effect of microtubules at the leading edge of migrating cells, but recent

studies suggest that microtubules also play a role in defining the tail by redistributing

inhibitory signals (Zhang et al., 2014a).
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1.3 Experimental techniques in cell mechanics

1.3.1 Control of mechanical forces experienced by adherent

cells

The discovery that substrate stiffness affects almost all aspects of cell behavior was

enabled by the use of hydrogels with tunable rigidity, usually polyacrylamide. By

varying the ratio of acrylamide and bis-acrylamide crosslinker, the compliance of

polyacrylamide hydrogels can be readily adjusted to match the compliance of soft

tissues (Pelham & Wang, 1997; Tse & Engler, 2010). While conventional hydrogels

have a Young's modulus that remains constant in space and time, a number of

strategies have been explored to create hydrogel substrates with dynamic properties.

Efforts to create stiffness gradients have included casting thin polyacrylamide gels

over a stiff topography (Kuo et al., 2012) and layering polyacrylamide with different

degrees of crosslinking over each other (Choi et al., 2012). Inclusion of a UV-sensitive

crosslinker into polyacrylamide gels allowed spatiotemporal control over substrate

softening. This technique was used to observe cell behavior in response to localized

softening at the front or at the tail of polarized NIH 3T3 cells, and results indicated

that rigidity sensing occurs at the cell anterior (Frey & Wang, 2009). Dynamic

control of a three-dimensional cell culture system was developed with UV-degradable

polyethylene glycol (PEG) hydrogels (Kloxin et al., 2009). Others have explored ways

to create stiffening substrates by modifying hyaluronic acid so that it gradually stiffens

over time to match the mechanical properties of a developing chicken embryo heart.

In that study, the authors found that cardiomyocyte maturation was enhanced on

the time-stiffening substrate compared to a static susbtrate (Young & Engler, 2011).

Alternative approaches for manipulating substrate rigidity include changes induced
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by pH, temperature, enzymes (Vats & Benoit, 2013).

Micropatterning in biological applications makes it easy to isolate and study single

cells or small defined groups of cells with high reproducibility and at high throughput.

Early biological applications employed microcontact printing of alkanethiols on gold

surfaces; extracellular matrix protein was then adsorbed to the alkanethiol ink,

and the remaining surface backfilled with non-adhesive polymers (Whitesides et al.,

2001). Others soon improvised methods to circumvent the need for gold deposition,

fabrication of stamps, and the limited resolution of initial microcontact printing

protocols. Deep-UV illumination through a chrome mask was used to pattern poly-

L-lysine-grafted-polyethylene glycol on glass (Azioune et al., 2009). A two-photon

confocal microscope was used to ablate patterns into a polyvinyl alcohol monolayer

coated on glass (Doyle et al., 2009). ECM protein could then be adsorbed to uncovered

glass surfaces. Micropatterning on soft hydrogels proved more difficult, and typically

required an extra chemical activation step. Our lab developed a new protocol that

allowed oxidized protein to be covalently linked directly into the hydrogel surface

during the initial polymerization step (Figure 1.4) (Rape et al., 2011). Dynamic

micropatterning has been demonstrated with self-assembled monolayers that release

patterned, confined cells upon stimulation. Electrochemical desorption was used to

study polarization induced by cell shape (Jiang et al., 2005), and UV-induced release

of polyethylene glycol was used to study collective cell migration (Rolli et al., 2012).

Spatiotemporal patterning using lasers to ablate portions of a nonadhesive monolayer

have been used to change cell shape in real time (Vignaud et al., 2012).

Besides micropatterning and tuning substrate rigidity, other techniques to

mechanically probe adherent cells have been developed. Microneedle manipulation

of soft substrates has been used to observe reorientation of migration (Wang et al.,
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Figure 1.4. Micropatterning polyacrylamide gels with oxidized protein.

Schematic describing our protocol for micropatterning soft hydrogels. The desired

pattern is microcontact printed onto a small coverglass using a PDMS stamp

coated with oxidized ECM protein. A drop of acrylamide solution is placed on

a large coverslip that has been activated with Bind-Silane. The small coverglass

containing the protein pattern is inverted on top of the acrylamide drop during

polymerization. After polymerization is complete, the small coverglass is carefully

removed to reveal a polyacrylamide hydrogel with ECM protein covalently linked

directly into its surface. Adapted with permission from Elsevier: Biomaterials

32: 2043-2051, copyright 2011 (Rape et al., 2011).
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2001a; Plotnikov et al., 2012) and to study filopodia stability during cell spreading

(Wong et al., 2014). Laser ablation of actin stress fibers has been used to release

isometric tension (Kumar et al., 2006) and to initiate new leader cells in a migrating

cell sheet (Reffay et al., 2014). Application of shear flow and cyclic cell stretching

has also been shown to affect cell organization and function, especially in endothelial

cells (McCue et al., 2004; Califano & Reinhart-King, 2010).

1.3.2 Measuring the mechanical output of the cell

Efforts to detect the mechanical output of adherent cells started with scientists plating

cells on very thin silicone substrates and measuring the length of the resulting wrinkles

(Harris & Wild, 1980). Traction force microscopy as we know it began with the

development of polyacrylamide hydrogels embedded with fluorescent beads to act as

fiduciary markers (Beningo & Wang, 2002). Bead position is imaged before and after

removal of an adherent cell, bead displacement is calculated, and traction stress is

numerically computed from the displacement field (Dembo & Wang, 1999). Efforts to

improve the spatial resolution and the reconstruction of the traction field have since

been introduced, including Fourier transform traction cytometry (Butler et al., 2002),

traction reconstruction with point forces (Schwarz et al., 2002), use of two bead colors

(Sabass et al., 2008), and introduction of sparsity regularization (Han et al., 2015).

Polydimethylsiloxane (PDMS) micropillars are a common alternative to flat

polyacrylamide gels for measuring traction force. The micropillars are deflected when

cells are plated on top, and force is easily calculated using beam bending equations

(Tan et al., 2003). The effective rigidity of the micropillars can be tuned without

changing the geometry presented to the cell by changing the pillar length (Fu et al.,
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2010). Using micropillars to measure traction force has the advantage of being less

computationally intensive, and it facilitates measurement of traction force generated

by collective cell migration (du Roure et al., 2005). However, the micropillars are

challenging to fabricate, the spatial resolution of traction is limited by the number of

pillars, and the topography presented to cells is unnatural with likely effects on focal

adhesion distribution.

Recently, two groups published separate methods to measure cell-generated forces

using DNA tension probes (Blakely et al., 2014; Zhang et al., 2014b). The tension

probes consist of DNA hairpins, a fluorophore-quencher pair, and an adhesive peptide.

The DNA hairpins were designed to unravel in response to different levels of force such

that the fluorophore is separated from its quencher to produce a high fluorescence

signal. The number of force-transducing integrin receptors can be measured since

each tension probe can only bind to a single receptor. This type of probe is able to

report forces at a sub-focal adhesion resolution and is not restrained to hydrogels or

pillars. However, the probes can only function as a switch, and are unable to report

direction of traction and limited in range.

The development of three-dimensional traction force microscopy had been hampered

by difficulties associated with imaging and tracking fiduciary markers in three-

dimensions and with calculating forces from those deflections. A method to calculate

traction forces generated by green fluorescent protein (GFP)-tagged fibroblasts

encapsulated in PEG hydrogels was recently published (Legant et al., 2010). Matrix

deformations were visualized by tracking the displacement of 60,000-80,000 fluorescent

beads near the cell. The cell was lysed with detergent to obtain a reference state, a

discretized Greens function was applied to a finite element mesh generated around

the cell boundary, and traction stress was obtained by numerical calculation. The
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authors reported that the largest strains occur near long thin protrusions, suggesting

that the lack of large focal adhesions does not hamper force generation. Tools tailored

for cells in a three-dimensional environment are needed since cell migration in a three-

dimensional matrix is known to differ from migration on a two-dimensional surface.
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1.4 Mechanobiology offers insight into disease

Increased crosslinking following injury creates scar tissue that is significantly stiffer

and may interfere with normal tissue function. This type of pathology is especially

prevalent in cardiovascular and liver disease (Janmey & Miller, 2011). Cancer, too, is

characterized by tumor formation caused by unregulated cell growth which results

in a cell mass with different mechanical properties than the surrounding matrix

(Paszek et al., 2005). While cancerous tissue becomes more rigid, an increasing

degree of fibroblast transformation corresponds with decreasing Young's modulus

of the cell (Efremov et al., 2014). Fibroblasts transformed with the ras oncogene

also have unorganized traction forces which may underlie the irregular motility

observed in these cells (Munevar et al., 2001). A more recent study using cell lines

derived from breast, prostate, and lung cancers found a positive correlation between

traction stress and metastatic potential (Kraning-Rush et al., 2012). Thus, disease

progression changes the mechanics of the in vivo extracellular environment as well as

the mechanical output of individual cells.

Changes in cell and tissue mechanics may also play a role in disease advancement.

Increased actin-binding by a mutated form of α-actinin was shown to change force

generation and to promote renal disease (Ehrlicher et al., 2015). High mechanical

stress promotes EMT in mouse mammary epithelial cells treated with transforming

growth factor β (TGFβ) (Gomez et al., 2010). Cancer cells were more invasive when

mechanical stimulation was applied using a magnet to deform paramagnetic beads

embedded within a substrate (Menon & Beningo, 2011). Increased matrix crosslinking

has been shown to enhance integrin signaling to promote cancer malignancy (Levental

et al., 2009). Increasing matrix rigidity has also been linked to changes in signaling
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pathways during disease progression. Stiff substrates lower the threshold of epidermal

growth factor necessary to override contact inhibition of proliferation (Kim &

Asthagiri, 2011). Stiff substrates also causes epithelial cells to undergo EMT instead

of apoptosis after treatment with TGFβ (Leight et al., 2012). These observations

suggest that matrix stiffening is not just a byproduct but may play a role in cancer

progression.

Recent efforts to test drug efficacy are starting to take into account how the

mechanical environment affects cancer cell behavior. Results show that cancer cells

respond differently to drug treatment depending on substrate dimension (Weigelt

et al., 2010) and matrix stiffness (Tokuda et al., 2014). These results show that

breast cancer cells readily adapt to different environments which may contribute

to drug resistance. Signaling pathways that alter mechanical forces may also be

targeted. The destabilizing effect on tissue architecture, which resulted from an

increase in matrix stiffness and the corresponding increase in Rho activity, was

reversed when extracellular signal-regulated kinase (ERK) activation or contractility

was inhibited (Paszek et al., 2005). Inhibition of lysyl oxidase (LOX)-dependent

collagen crosslinking disrupted tumor progression (Levental et al., 2009). The idea

that tensional homeostasis is necessary for normal behavior (Paszek et al., 2005)

suggests a possible direction for the development of drug therapies.
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1.5 Organization of the thesis

This thesis investigates mechanisms that adherent cells might employ to monitor

physical parameters important in regulating cell processes. These parameters go

beyond the well-established mechanobiology themes of cell size and shape or substrate

rigidity and topography introduced above.

Physical features of the environment are well-known to cause changes in cell

behavior. A switch from traditional two-dimensional experimental substrates to

more physiologically relevant three-dimensional tissues dramatically changes cell

morphology and migration characteristics. In Chapter 2, I test the hypothesis that

a migrating cell is able to sense and respond to substrate dimension to control

localization. I find that migrating NIH 3T3 fibroblasts use myosin II-dependent

traction forces to distinguish between one-dimensional lines and two-dimensional

surfaces. I also show that oncogene-transformed fibroblasts are unable to differentiate

between one-dimensional and two-dimensional substrates, a mechanosensing defect

which may contribute to the invasive behavior observed in transformed cells. This

work is published in Biophysical Journal (Chang et al., 2013).

An adherent cell utilizes various mechanosensing mechanisms to probe physical

aspects of its environment as well as to monitor internal conditions. Detecting

mechanical perturbations allows the cell to control functions such as growth and

differentiation in proper response to its environment. The goal of Chapter 3 is

to demonstrate that the state of cell migration can also function as an input for

mechanosensing purposes. I find that a migrating cell has significantly altered cellular

mechanical output, focal adhesion dynamics, and internal signaling compared to a

stationary cell. This work introduces the concept of migration sensing, in which an
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adherent cell is able to regulate important cellular activities based on its migration

state.

Force generation, regulation, and transmission to the extracellular environment

rely on the cytoskeleton and focal adhesions. Though the role of actin in

mechanotransduction is well studied, the mechanism of how microtubules regulate

traction output remains elusive. In Chapter 4, I investigate the role of microtubules

in migration-dependent regulation of mechanical output. I find that microtubule

disruption induces a dramatic increase in cellular traction stress only in stationary

cells. Inhibition of GSK3β, which promotes microtubule stabilization and upregulates

the interaction between microtubules and CLASP, blocks this increase. These results

suggest that microtubule interactions with focal adhesions differs in migrating and

stationary cells, and these interactions help control mechanical output.
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Meister, Jean-Jacques, Bershadsky, Alexander D., & Verkhovsky, Alexander B.

2008. Comparative Dynamics of Retrograde Actin Flow and Focal Adhesions:

Formation of Nascent Adhesions Triggers Transition from Fast to Slow Flow. PLoS

One, 3(9), e3234.

Azioune, Ammar, Storch, Marko, Bornens, Michel, Théry, Manuel, & Piel, Matthieu.
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Chapter 2

Guidance of Cell Migration by
Substrate Dimension

There is increasing evidence to suggest that physical parameters, including substrate

rigidity, topography, and cell geometry, play an important role in cell migration.

As there are significant differences in cell behavior when cultured in 1D, 2D, or

3D environments, we hypothesize that migrating cells are also able to sense the

dimension of the environment as a guidance cue. NIH 3T3 fibroblasts were cultured

on micropatterned substrates where the path of migration alternates between 1D

lines and 2D rectangles. We found that 3T3 cells had a clear preference to stay

on 2D rather than 1D substrates. Cells on 2D surfaces generated stronger traction

stress than did those on 1D surfaces, but inhibition of myosin II caused cells to

lose their sensitivity to substrate dimension, suggesting that myosin-II-dependent

traction forces are the determining factor for dimension sensing. Furthermore,

oncogene-transformed fibroblasts are defective in mechanosensing while generating

similar traction forces on 1D and 2D surfaces. Dimension sensing may be involved

in guiding cell migration for both physiological functions and tissue engineering, and

for maintaining normal cells in their home tissue.
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2.1 Introduction

Cell migration is essential for many biological processes, including development and

wound healing. Migration also plays a key role in cancer metastasis and tissue

engineering. The process of cell migration involves tightly regulated cycles of

polarization, cytoplasmic protrusion, and adhesion formation and detachment (Ridley

et al., 2003) guided by environmental cues. Although early work emphasized the role

of chemical gradients, it is becoming evident that physical features of the substrate

play an equally important role in guiding cell migration.

The effects of physical cues have been demonstrated in a variety of contexts. It has

been known for decades that cells migrate preferentially along grooves on a substrate,

a phenomenon referred to as contact guidance (Curtis & Wilkinson, 1997). Other

surface topography, such as pillars, also affect cell shape and migration (Ghibaudo

et al., 2009; Frey et al., 2006; Han et al., 2012). Migrating fibroblasts also respond

to substrate rigidity by moving toward stiffer substrates, and to stretching forces by

reorienting in the direction of tensile forces (Lo et al., 2000). By micropatterning

adhesion areas, it was further discovered that spreading area and cell shape can

profoundly affect traction forces (Rape et al., 2011), differentiation (McBeath et al.,

2004), growth (Singhvi et al., 1994), and apoptosis (Chen et al., 1997).

Accumulating evidence indicates that adhesive cells respond profoundly to the

dimension of adhesive surfaces. Most conventional studies have been performed in

2D environments, on either charged plastic or glass surfaces. Adhesive cells under

such conditions form prominent actin bundles (stress fibers), large wedge-shaped focal

adhesions, and broad lamellipodia (Hakkinen et al., 2011). In contrast, cells migrating

along narrow lines form fewer interior stress fibers but strong peripheral actin
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bundles and small punctuate adhesion structures (Doyle et al., 2009). Furthermore,

centrosomes in cells on 1D substrate typically trail the nucleus (Doyle et al., 2009),

whereas centrosomes on 2D surfaces are typically located in front of the nucleus (Doyle

et al., 2009; Luxton & Gundersen, 2011). Cells in 3D extracellular matrices (ECMs)

are often stellar in shape and share many characteristics with cells in 1D (Doyle et al.,

2009; Fraley et al., 2012), likely due to the fibrillar structure of many ECM proteins.

Physical cues must be sensed by cells with some form of physical interactions.

Traction forces, myosin-II-dependent mechanical forces exerted by adhesive cells on

the substrate (Dembo & Wang, 1999; Legant et al., 2010), were believed to be the

driving force for cell migration (Munevar et al., 2001a). However, there is increasing

evidence to suggest that the role they play in sensing the physical environment

and guiding cell migration (Lo et al., 2000) is at least equal in importance. The

concentration of active traction forces near the leading edge, where protrusion and

steering of cell migration take place, supports this view (Dembo & Wang, 1999;

Munevar et al., 2001a). Traction forces may be used for probing the stiffness of

the substrate based on the deformability of the material upon mechanical stress. Cell

shape and size can also be measured based on the amount of traction force required to

maintain a mechanical equilibrium (Rape et al., 2011; Wang et al., 2002). A similar

mechanism may be used to detect whether a cell is spreading over 2D surfaces or

stretching along a 1D line.

Given the sensitivity of cell structures to substrate dimension, we hypothesized that

migrating cells may be able to use dimension as a guidance cue. However, most

studies of cell migration have focused on cells migrating in a homogeneous dimension,

whereas any systematic investigation of dimension-mediated guidance must place cells

on substrates with changing dimension. In this study, we created such an environment
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by micropatterning flexible polyacrylamide surfaces with alternating 1D lines and 2D

rectangles of identical adhesiveness, which allowed us both to detect dimensional

preference during cell migration and to measure the underlying traction stress. We

further investigate whether dimension sensing might be impaired in transformed cells.
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2.2 Methods and Materials

2.2.1 Preparation of Polyacrylamide Gels

Patterned polyacrylamide hydrogels were prepared as described previously (Rape

et al., 2011). A 0.1% solution of 50 Bloom gelatin was activated with 3.6 mg/mL

sodium m-periodate (Sigma-Aldrich, St. Louis, MO) at room temperature for 30 min.

A polydimethylsiloxane stamp was fabricated by standard soft lithography techniques

and incubated with the activated gelatin solution for 45 min. Excess solution was

blown away under a nitrogen stream and the stamp was brought into contact with a

small glass coverslip for 5 min.

Polyacrylamide was prepared with a final concentration of 5% acrylamide (Bio-Rad,

Hercules, CA), 0.1% bis-acrylamide (Bio-Rad), and a 1:2000 dilution of 0.2 µm

fluorescent beads (Molecular Probes, Carlsbad, CA). Initiators ammonium persulfate

(Sigma-Aldrich) and N,N,N',N' tetra-methylethylenediamine (Bio-Rad) were added

to the acrylamide solution after degassing, and a 30 µL drop was pipetted onto a

large coverslip activated with Bind-Silane (GE Healthcare, Waukesha, WI). The small

stamped coverslip carrying activated gelatin was placed pattern-side down onto the

acrylamide drop. After polymerization was complete, the top coverslip was gently

removed. Patterned polyacrylamide hydrogels were mounted into chamber dishes,

sterilized under ultraviolet light for 30 min, and incubated in cell culture media for 1

h at 37◦C. The final gel had an estimated Young's modulus of 3.5 kPa.
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2.2.2 Cell Culture and Microscopy

NIH 3T3 cells and PAP2 cells (Dr. Ann Chambers, London Regional Cancer Program,

Ontario, Canada) were maintained in Dulbecco's modified Eagle's medium (Life

Technologies, Carlsbad, CA) supplemented with 10% donor adult bovine serum

(Thermo Scientific, Waltham, MA), 2mM L-glutamine, 50 µg/mL streptomycin, and

50 U/mL penicillin (Life Technologies). Cells were treated with 10 µM blebbistatin

(Calbiochem, San Diego, CA) for 1 h to inhibit myosin contractility. In some

experiments, cells were treated with 30 µM mitomycin (Calbiochem) for 2 h to inhibit

mitosis.

Phase-contrast images of migrating cells were collected with a Nikon Eclipse Ti

microscope using a 10X N.A. 0.3 Plan Fluor air objective (Nikon, Tokyo, Japan).

Images were collected every 10 min for a period of 20 h. To avoid the influence

that neighboring cells might have on migration, only single cells were counted. For

quantification of migration parameters, phase-contrast images were collected using

a 20X N.A. 0.5 Plan Fluor air objective (Nikon) every 2 min for a period of 6

h. Persistence is given as a ratio of net migration distance divided by the total

pathlength.

Cells seeded on patterned substrates were fixed in 4% formaldehyde (Thermo) and

stained with phalloidin (Molecular Probes, Eugene, OR), and antibodies against

vinculin (Santa Cruz Biotechnology, Santa Cruz, CA) or Ser19- phosphorylated

myosin regulatory light chain (MRLC, Cell Signaling Technology, Danvers, MA).

Fluorescence images were collected using a 100X oil immersion lens. Focal adhesion

size was quantified by thresholding each image and creating a binary mask in ImageJ

(National Institutes of Health, Bethesda, MD). Fluorescence intensity was measured
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by subtracting the average background intensity and summing the total intensity over

each cell using custom software.

2.2.3 Traction Force Microscopy

Phase-contrast images of single cells adhered to the pattern were collected with a

Nikon Eclipse Ti microscope using a 40X N.A. 0.75 Plan Fluor air objective (Nikon).

Fluorescent images of the embedded beads near the surface of the hydrogel were taken

before and after cells were removed with 0.05% Trypsin-EDTA (Life Technologies)

to remove traction forces. Cell outlines were manually drawn and bead displacement

fields computed using custom software. Traction stress maps were computed using

the LIBTRC package (Dr. Micah Dembo, Boston University, Boston, MA (Dembo &

Wang, 1999)).

2.2.4 Statistical Analysis

The mean±SE was determined, and unpaired two-tailed t-tests were performed

using the Analysis ToolPak in Microsoft Excel. To determine the significance of

cell distribution in 2D versus 1D, the chi-square statistic was calculated and the

corresponding p-value was obtained in Microsoft Excel. The number of cells observed

for each experiment is indicated in the figure captions.
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2.3 Results

2.3.1 Fibroblasts preferentially localize in 2D areas over 1D

lines

To test the hypothesis that the dimension of the adhesive environment is able to

guide cell migration, we designed micropatterned substrates such that migrating cells

encounter alternating 1D and 2D environments. We define 1D as a strip sufficiently

narrow to confine the trajectory of the nucleus along a straight line. Our pattern

consisted of 50 × 100 µm rectangular 2D regions connected by 1D lines 10 µm in width

and 400 µm length (Figure 2.1A). Substrates were generated by micropatterning

gelatin on the surface of nonadhesive polyacrylamide sheets. Inadvertently we found

that fluorescent polystyrene beads became more concen- trated in areas conjugated

with gelatin than in areas without gelatin, thereby allowing easy detection of the

micropattern (Figure 2.1B).

NIH 3T3 cells were allowed to adhere on the micropatterned substrate, and their

Figure 2.1. Micropattern with alternating 1D lines and 2D rectangles. The

surface of polyacrylamide hydrogels is conjugated with gelatin in a defined

micropattern (A), which is easily detected due to the concentration of fluorescent

beads (B). Scale bar, 100 µm.
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migration was recorded with time-lapse phase contrast microscopy. Preference

between 1D and 2D regions was determined by counting the number of cells that

were able to move across the dimension border versus those switching directions. We

found that 100% of the cells entered 2D rectangular areas as they approached from a

1D line. These cells migrated persistently along the original direction (Table 2.2) until

the frontal process exited the 2D region and entered the 1D line on the opposite side.

The majority of these cells (63%, N = 62) then reversed the direction of migration

and broke the persistence (Figure 2.2A). The response consequently caused cells to

localize preferentially in 2D areas over time, such that the percentage of cells in 2D

areas increased from 38% (N = 684) upon initial adhesion to 66% (N = 685) after 24

h of incubation (Figure 2.2C ). This localization is not affected by cell proliferation,

as similar results were obtained with cells maintained without or with mitomycin to

inhibit mitosis. (Figure A.1).

2.3.2 Involvement of myosin II and traction forces in

dimension sensing

Due to the implication of myosin-II-dependent traction forces in sensing various

physical cues, we hypothesized that the response to substrate dimension is dependent

on traction forces. If true, a decrease in traction forces should reduce the cells ability

to sense dimension. To test this hypothesis, we treated cells on micropatterned

substrates with a potent inhibitor of myosin II ATPase, blebbistatin (Straight et al.,

2003; Kovács et al., 2004). Cells treated with 10 µM blebbistatin maintained both

their motility and persistence along 1D lines (Doyle et al., 2009; Guo & Wang, 2012),

as well as their ability to enter from 1D into 2D regions. However, the majority of cells

(72%,N = 36) continued with the migration and exited into 1D lines at the opposite
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Figure 2.2. Different responses to the 1D-2D interface between normal and

blebbistatin-treated cells. (A) An NIH 3T3 cell migrating along 1D line enters a

2D area, then moves deeply into the 1D exit on the opposite side of the rectangle

before turning around. (B) In contrast, a cell treated with 10 µM blebbistatin

for 30 min enters the 2D area from a 1D line and exits through the 1D line

on the opposite side. Red dotted lines indicate the borders of micropatterning.

Numbers indicate time in hours. Scale bar, 50µm. (C, left) As a result of the

perferential localization on 2D areas, an increasing percentage of NIH 3T3 cells

becomes localized on 2D areas over a period of 24 hours after seeding. N =

684, 701, and 685 cells at 3, 14, and 24 hours, respectively (Chi-square test, *

p<0.0001). (C, right) Cells treated with blebbistatin to inihibit myosin II show

no significant accumulation on 2D areas. N = 226, 202, and 194 blebbistatin-

treated cells at 3, 14, and 24 hours, respectively. The experiment was performed

with cells treated with mitomycin.
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end (Figure 2.2B). Consistent with this finding, myosin-II-inhibited cells failed to

show preferred localization on 2D areas after 24 h of incubation (Figure 2.2C ), in

contrast to control cells. The percentage of cells in 2D areas showed an insignificant

change from 42% (N = 226) initially to 49% (N = 184).

A simple way for cells to detect the dimension border is to generate stronger traction

forces on 2D surfaces than on 1D lines, which may bias both the direction of

translocation and the strength of adhesive resistance due to inside-out signaling

(Discher et al., 2005). To test this hypothesis, we quantified traction stress using

traction-force microscopy (Dembo & Wang, 1999). Comparisons were made based on

the 95th percentile of traction stress, i.e., the top 5% of traction stress exerted by each

cell. This measurement is used to avoid the complication due to different cell areas,

though measurements of average traction stress show similar trends as 95th percentile

stress (Figure A.2). As shown in Figure 2.3, A and B, cells migrating on 2D rectangles

generated 42% higher 95th percentile traction stress (801 ± 65 Pa) than cells along

1D lines (564 ± 54 Pa; p=0.004). Time-lapse traction force microscopy confirmed

the increase in traction stress as cells cross the border from 1D to 2D (Figure 2.3,

C and D). In contrast, blebbistatin-treated cells showed not only a large decrease in

magnitude, but also similar traction stresses on 2D and 1D substrates (270 ± 28 and

247 ± 32 Pa, respectively), consistent with the hypothesis that dimension sensing is

driven by differential traction forces.

To test whether cells exhibited stronger adhesion on 2D than on 1D, we examined

the morphology and total area of focal adhesions. As shown in Figure 2.4A, cells on

2D areas formed large, elongated focal adhesions throughout the cell body, whereas

cells on 1D lines showed adhesions mainly at the leading edge. The number of focal

adhesions and total area of focal adhesions were significantly higher on 2D than on 1D,
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Figure 2.3. Traction stress measurements of cells migrating along 1D lines or

on 2D rectangles. (A) The distribution of traction stress is shown as both vectors

(small arrows) and heat maps (color-coded regions). Bar graph shows the top

5% traction stress under different conditions (B). A significant difference between

2D and 1D is seen for control cells but not for blebbistatin treated cells or PAP2

cells. N=18,13,18 for control, blebbistatin, and PAP2 cells on 2D rectangles,

respectively. N=17,13,19 for the corresponding measurements along 1D lines,.

Error bars represent the mean ± SE (t-test, ** p=0.004). (C and D) Normalized

traction stress of four cells (the time immediately before the cell reaches the 1D-

2D interface is set as 0, and the corresponding traction stress is set as 1) and

traction stress heat maps (D) show an increase as cells migrate from 1D to 2D.
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and the average focal adhesion size was 14% larger in 2D under the present condition

(Figure 2.4B). Staining with fluorescent phalloidin indicated that cells spread on 2D

regions form thick stress fibers across the cell body, whereas cells on 1D lines show a

strong actin cortex along the cell border but few stress fibers (Figure 2.5A).

As myosin II activities are regulated by the phosphorylation of its regulatory light

chain at Ser19 and Thr18 (Tan et al., 1992), we stained cells on 1D and 2D with

antibodies specific for MRLC monophosphorylated at Ser19. Phosphorylated myosin

II generally colocalizes along the actin stress fibers. Interestingly, cells in 2D regions

showed a strong concentration of phosphomyosin along stress fibers over the nucleus,

referred to previously as the nuclear cap (Figure 2.5A). Staining of cells on 1D showed

both weaker staining along stress fibers and fewer stress fibers, and only 25% of

cells showed nuclear caps. Quantification of fluorescence intensity shows significantly

more phosphorylated MRLC in cells spread on 2D surfaces compared to cells on 1D

lines (Figure 2.5B). Blebbistatin-treated cells showed few actin stress fibers and small

punctate focal adhesions along the edges on both 1D and 2D substrates (Figures 2.4A

and 2.5A). These results suggest a mechanism that limits traction-force generation

based on physical constraints of the substrate.

2.3.3 Defective dimension sensing in oncogene-transformed

fibroblasts

As metastatic invasion may be caused by defects in migration guidance, we asked

whether dimension sensing might be affected in transformed cells, using H-ras-

transformed mouse fibroblasts, the PAP2 line, as a model system (Bondy et al.,

1985). The NIH 3T3 cells used in this study are the parental cell line of PAP2
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Figure 2.4. Size and number of focal adhesions along 1D lines and in 2D

regions. (A) Immunofluorescence images of vinculin for NIH 3T3 cells show a

larger number and/or size of focal adhesions in a 2D region than along a 1D

line and after treatment with 10 µM blebbistatin. Arrows indicate elongated

focal adhesions;arrowheads show small punctate adhesions in the cell treated

with blebbistatin. Bar, 10 µm. (B) Bar graphs show average number of focal

adhesions, focal adhesion size, and total focal adhesion area. Error bars represent

the mean ± SE. ** indicates p < 0.01; *** indicates p<0.001
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Figure 2.5. Stress fiber formation

and myosin II activity differs between

1D and 2D. (A) Fluorescence images

show the distribution of actin filaments

and phosphorylated MRLC of NIH

3T3 cells in a 2D region, along a 1D

line, and after treatment with 10 µM

blebbistatin. Arrowheads indicate

co-localization between phosphorylated

MRLC and actin fibers. Arrow shows

phosphorylated MRLC enrichment

around the nucleus. Stress fibers are

prominent in 2D regions, whereas

cortical actin bundles are prominent

in 1D. Treatment with blebbistatin

causes the disassembly of both forms

of actin bundles. Scale bar, 10 µm.

(B) Bar graph shows that MRLC is

phosphorylated at a significantly higher

level when cells are spread on 2D

surfaces compared to cells along 1D

lines. Intensity is given in arbitrary

units. N = 16,25 cells on 2D and 1D

respectively. *** indicates p = 0.001.
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cells. Previous studies have shown that PAP2 cells generate disorganized traction

stresses (Munevar et al., 2001b), such that the shape and migration of these cells are

poorly coordinated with the direction of traction forces, whereas normal migrating

cells showed a well-defined long axis, with strong traction forces concentrated along

the anterior border of the axis (Munevar et al., 2001b). Furthermore, the growth

and apoptosis of PAP2 cells were nonresponsive to substrate stiffness (Wang et al.,

2000), in contrast to normal fibroblasts, suggesting that their mechanosensing may

be defective.

Figure 2.6. Lack of preference of ras-transformed NIH 3T3 fibroblasts (PAP2

cells) for localization in a 2D region. (A) A cell enters a 2D area from a 1D

line but turns around to reenter the 1D line. Dotted lines indicate the border

of the micropattern. Numbers indicate time in hours. Scale bar, 50 µm. (B)

Consistent with the lack of dimensional preference, PAP2 cells show no significant

accumulation on 2D areas over time. N = 333, 351, and 386 cells at 3, 14, and

24 hours, respectively.

Time-lapse recording indicated that, as in the case of 3T3 cells, PAP2 cells migrated

persistently along 1D lines and rarely switched direction. However, much like

blebbistatin-treated cells, H-ras-transformed cells are more likely to exit 2D areas

into 1D lines than are normal 3T3 cells (Table 2.1). This defect is also reflected in

the lack of accumulation in 2D areas over time (Figure 2.6B). Moreover, a significant
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Stays in rectangle Leaves rectangle
Control 63% (39) 37% (23)
Blebbistatin 28% (10) 72% (26) **
PAP2 26% (10) 74% (29) ***

Table 2.1. Quantification of migration direction as cells approach 1D from 2D

rectangles. The 2D area was 50 µm wide and the 1D area was 10 µm wide. In

contrast to control 3T3 fibroblasts, which prefer to localize in 2D rectangular

areas, the majority of blebbistatin-treated cells and PAP2 cells readily leave 2D

areas and migrate into 1D lines (chi-squared test with Yates correction, **p =

0.0017, ***p = 0.0006). Only single cells that migrated into the 2D region were

counted. Cells that remained in the rectangle for more than 6 h were counted as

staying.

percentage of these cells reversed the polarity upon the initial entry from 1D into a

2D area (31%, N = 39) and exited along the line of entry (Figure 2.6A). This reversal

of direction was rarely observed with NIH 3T3 cells with or without blebbistatin

treatment.

To determine whether the defect of PAP2 cells in dimension sensing was related to

abnormal generation of traction forces, we measured traction stress of PAP2 cells

along 1D lines and on 2D areas. As shown in Figure 2.3B, traction stress decreased

significantly compared to normal cells on 2D regions, but not along 1D lines. As

a result, there was a smaller (23%) difference between the traction stress produced

on 1D lines and that produced on 2D rectangles (454 ± 32 Pa vs. 557 ± 63 Pa,

respectively; p = 0.08), compared to 3T3 cells. These data suggest that defects in

the generation and/or regulation of traction forces may play an important role in the

defect of dimension sensing for transformed cells, which may in turn contribute to

their invasive behavior.
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2.4 Discussion

Elastic polyacrylamide hydrogels have been used extensively for testing cellular

response to substrate rigidity and for measuring traction stress (Lo et al., 2000;

Beningo & Wang, 2002). A new method for high-resolution micropatterning of

polyacrylamide surfaces further allowed the control of cell shape and migration and

analyses of cellular responses to geometric parameters (Rape et al., 2011). In this

study, we have applied these methods to test the sensitivity of cell migration to

substrate dimension. Although true 1D lines rarely occur in vivo, they may be used as

a simplified model for 3D migration because of the similarity in cell morphology, likely

due to the fibrillar nature of the extracellular matrix. Recent work has investigated

the effect of line width and substrate stiffness on cell migration (Pathak & Kumar,

2012). Here, we focus on cellular behavior at the border between 1D lines and

2D surfaces, by forcing NIH 3T3 fibroblasts to migrate between micropatterned

alternating 1D and 2D environments. The striking morphological and structural

differences, including lamellipodia, actin structures, and substrate adhesions, suggest

that cells may show a preferential localization between 1D and 2D environments.

We found that when migrating cells encountered a transition from1D to 2D, 100%

of them entered the 2D area, which may be due in part to the strong persistence

while migrating along 1D. In contrast, when cells encountered a transition from 2D

to 1D, only a minority of them were able to continue into 1D lines. This difference

cannot be explained by a difference in persistence, since the majority of these cells

turned around only after a large portion of the cell had entered the 1D region where

the persistence is higher than on 2D (Figure 2.2A and Table A.1). Moreover, 3T3

cells rarely turned around when migrating across the length of 2D rectangles (Figure
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2.2A). This active reversal of polarity supports the argument that the cells exhibit a

real preference for 2D.

Two observations suggest that the preference for 2D over 1D is driven by differential

traction forces. First, we found that cells generate stronger traction stresses when

migrating on 2D surfaces than when moving along 1D lines. Although active traction

forces at the front are always balanced by passive anchorage forces at the rear (Dembo

& Wang, 1999) (Figure 2.3, A and D), these active forces are stronger when the

frontal region is in a 2D region than when it is along a 1D line. The bias may then

steer migration toward 2D. Second, the preference for 2D vanished when actomyosin

contractility was pharmacologically blocked by blebbistatin, supporting the idea that

the increase in traction forces on 2D is responsible for the preferential localization.

Morphologically, cells treated with blebbistatin became elongated without a broad

leading edge, resembling cells in 1D even after entering into 2D surfaces (Frey et al.,

2006). Therefore, guidance by substrate dimension may be explained by the difference

in size of the leading edge between 1D and 2D, which may differentially increase

traction forces on 2D surfaces. Given the narrow leading edges for cells in most 3D

ECMs (Cukierman et al., 2001), one could further predict that cells also prefer to

localize on 2D surfaces when given a choice between 2D and 3D fibrous matrices.

The increase in traction stress on 2D is coupled to increases in focal adhesions and

stress fibers. The maturation of focal adhesions, generation of traction forces, and

assembly of stress fibers are likely coupled by positive feedback to reinforce each

other (Eyckmans et al., 2011; Oakes et al., 2012). Thus the difference in traction force

generation may be attributed to the lower physical constraint for cell spreading on 2D

than on 1D, which would allow the positive feedback to continue and brings traction

forces to a higher level. Our results further confirm those of previous reports that focal
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adhesion size and traction forces are limited by geometric contraints of adhesion areas

(Rape et al., 2011). Myosin II inhibition eliminates the effect of substrate dimension,

as focal adhesions are unable to mature and grow in size regardless of the size of

adhesion area. Furthermore, the intriguing localization of phosphorylated myosin II

in nuclear caps of cells in 2D suggests strong contractility of stress fibers in the region

above the nucleus, which may send forces along stress fibers to reach the associated

focal adhesions at the cell anterior to mediate mechanosensing (Kim et al., 2012). In

addition, it has been reported that microtubules may play a central role in regulating

the actin cytoskeleton when cells are migrating in a confined channel (Balzer et al.,

2012). Observations from our group also showed that treatment with nocodazole

inhibits cell migration along lines, yet blebbistatin and Y-27632 do not negatively

affect migration speed (Guo & Wang, 2012). Thus, microtubule polymerization may

provide at least some driving forces for 1D migration, whereas 2D migration requires

primarily actin-myosin II contractility. These different mechanisms may generate

different magnitudes of traction stress and cause the bias in cell localization.

As demonstrated by the preferential accumulation of cells on 2D surfaces over time,

dimension sensitivity may be involved in concentrating cells at the destination during

both physiological and pathological processes. Adhesive ligands in multicellular

organisms may be either concentrated along a network of fibers, creating a 1D-like

environment, or distributed over a tissue surface, generating a 2D-like environment.

The creation of such 2D surfaces may take place during embryonic development

and wound healing, whereas 1D or 3D migration may occur during processes such

as tumor metastasis (Friedl & Gilmour, 2009). Other elements, such as soluble

factors, immobile ligands, substrate rigidity, and mechanical forces, may play equally

important roles and would allow multiple ways to regulate the destination of migration
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in a cell-type-specific manner.

We suspect that defects in dimension sensitivity may play a role in metastatic

invasion, causing cancerous cells to leave their 2D home environment to invade into

the surrounding fibrous connective tissue. Supporting this hypothesis, we found that

ras-transformed 3T3 fibroblasts (PAP2) showed no dimension preference. Although

PAP2 cells were as persistent as 3T3 cells when migrating along 1D lines (Table 2.2),

many of them turned around when entering from 1D lines into 2D surfaces. This

behavior was coupled to highly disorganized morphology and protrusive activities on

2D surfaces, with multiple protrusions seemingly competing against one another for

the control of cell polarity (Munevar et al., 2001b). Traction stresses of PAP2 cells

were also weaker and highly disorganized on 2D surfaces (Munevar et al., 2001b).

Therefore, in addition to the smaller difference in traction stress between 2D and

1D, the unstable protrusions on 2D surfaces may prove less effective in guiding cell

localization than the persistent migration imposed by 1D lines. A possible explanation

of the defect at the molecular level may be the ability of ras to activate the PI3

kinase (Castellano & Downward, 2011), which is in turn involved in the formation

of lamellipodia from filopodia on 2D surfaces (Welf et al., 2012). In transformed

cells, the formation of multiple competing protrusions may be attributed to a loss of

regulatory control of ras.

Consistent with the idea that traction forces drive dimension sensitivity, PAP2

cells generated similar traction stress in 1D and 2D environments. Interestingly,

traction stress of PAP2 cells along 1D lines did not decrease significantly compared

to nontransformed fibroblasts, supporting the idea that transformation may not affect

the initial protrusion but instead may impair the subsequent expansion, stabilization,

and force generation of lamellipodia on 2D surfaces. The lack of difference in
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traction stress between 1D and 2D may contribute to the defect in dimension sensing

and the invasive behavior of transformed cells. Conversely, migration defects of

transformation may be suppressed when cells are confined to a 1D environment.

Traction forces actively generated near the leading edge are ideally suited for guiding

cell migration (Dembo & Wang, 1999; Legant et al., 2010; Munevar et al., 2001a).

The magnitude and pattern of traction forces, coupled to mechanical responses of

the environment upon cellular probing, may allow cells to respond to both external

parameters such as rigidity and internal parameters such as cell shape, size, and

migrating state. Dimension sensing represents a novel addition to this collection

of sensing mechanisms. Detailed knowledge of these force-dependent responses may

facili- tate not only the design of scaffolds for engineering artificial tissues, but also

clinical interventions of diseases, such as cancer, that depend on cell migration.
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James R. 2004. Mechanism of blebbistatin inhibition of myosin II. J. Biol. Chem.,

279(34), 35557–35563.

Legant, Wesley R, Miller, Jordan S, Blakely, Brandon L, Cohen, Daniel M, Genin,

62



Guy M, & Chen, Christopher S. 2010. Measurement of mechanical tractions exerted

by cells in three-dimensional matrices. Nat. Methods, 7(12), 969–971.

Lo, Chun-Min, Wang, Hong-Bei, Dembo, Micah, & Wang, Yu-Li. 2000. Cell

movement is guided by the rigidity of the substrate. Biophys. J., 79(1), 144–152.

Luxton, G W Gant, & Gundersen, Gregg G. 2011. Orientation and function of the

nuclear-centrosomal axis during cell migration. Curr. Opin. Cell Biol., 23(5), 579–

588.

McBeath, Rowena, Pirone, Dana M, Nelson, Celeste M, Bhadriraju, Kiran, & Chen,

Christopher S. 2004. Cell shape, cytoskeletal tension, and RhoA regulate stem cell

lineage commitment. Dev. Cell, 6(4), 483–495.

Munevar, Steven, Wang, Yu-Li, & Dembo, Micah. 2001a. Distinct roles of frontal

and rear cell-substrate adhesions in fibroblast migration. Mol. Biol. Cell, 12(12),

3947–3954.

Munevar, Steven, Wang, Yu-Li, & Dembo, Micah. 2001b. Traction Force Microscopy

of Migrating Normal and H-ras Transformed 3T3 Fibroblasts. Biophys. J., 80(4),

1744–1757.

Oakes, Patrick W, Beckham, Yvonne, Stricker, Jonathan, & Gardel, Margaret L.

2012. Tension is required but not sufficient for focal adhesion maturation without

a stress fiber template. J. Cell Biol., 196(3), 363–74.

Pathak, Amit, & Kumar, Sanjay. 2012. Independent regulation of tumor cell

migration by matrix stiffness and confinement. Proc. Natl. Acad. Sci., 109(26),

10334–10339.

Rape, Andrew D, Guo, Wei-Hui, & Wang, Yu-Li. 2011. The regulation of traction

force in relation to cell shape and focal adhesions. Biomaterials, 32(8), 2043–2051.

Ridley, Anne J, Schwartz, Martin A, Burridge, Keith, Firtel, Richard A, Ginsberg,

Mark H, Borisy, Gary, Parsons, J Thomas, & Horwitz, Alan Rick. 2003. Cell

migration: integrating signals from front to back. Science, 302(5651), 1704–1709.

Singhvi, Rahul, Kumar, Amit, Lopez, Gabriel P, Stephanopoulos, Gregory N, Wang,

Daniel I C, Whitesides, George M, & Ingber, Donald E. 1994. Engineering cell

shape and function. Science, 264(5159), 696–698.

63



Straight, Aaron F, Cheung, Amy, Limouze, John, Chen, Irene, Westwood, Nick J,

Sellers, James R, & Mitchison, Timothy J. 2003. Dissecting Temporal and Spatial

Control of Cytokinesis with a Myosin II Inhibitor. Science, 299(5613), 1743–1747.

Tan, John L, Ravid, Shoshana, & Spudich, James A. 1992. Control of Nonmuscle

Myosins by Phosphorylation. Annu. Rev. Biochem., 61(1), 721–759.

Wang, Hong-Bei, Dembo, Micah, & Wang, Yu-Li. 2000. Substrate flexibility regulates

growth and apoptosis of normal but not transformed cells. Am. J. Physiol. Cell

Physiol., 279(5), C1345–C1350.

Wang, Ning, Ostuni, Emanuele, Whitesides, George M, & Ingber, Donald E. 2002.

Micropatterning tractional forces in living cells. Cell Motil. Cytoskeleton, 52(2),

97–106.

Welf, Erik S, Ahmed, Shoeb, Johnson, Heath E, Melvin, Adam T, & Haugh, Jason M.

2012. Migrating fibroblasts reorient directionality by a metastable, PI3K-dependent

mechanism. J. Cell Biol., 197(1), 105–114.

64



Chapter 3

Migration State Regulates Cellular
Mechanical Output and Signaling
Activities

Adherent cells are known to probe the physical parameters of their environment,

including substrate rigidity and topography. Additionally, cells are able to monitor

their internal states such as shape and spread area. These physical conditions

are known to have profound effects on cellular functions including growth and

differentiation. Here, we demonstrate that the state of migration can also regulate

important cellular activities. We find that non-migrating cells generate traction stress

two-fold higher than migrating cells. Traction stresses are also less dynamic and more

peripherally localized in stationary cells than in migrating cells, which mirrors the

reduced dynamics and peripheral localization of focal adhesions,. The observations

may be explained by the presence of an active zone of traction force generation near

the front, where focal adhesions in migrating cells remain for a much shorter period

of time than in stationary cells. Paxillin phosphorylation is enhanced in stationary

cells compared to migrating cells, indicating that internal signaling and downstream

activities are also affected by migration state. These results suggest that migration

state generates signals to control cellular mechanical and chemical activities. We

propose that migration-dependent regulation assists cells in controlling their states

of growth and differentiation as a function of location and extent of anchorage to the

environment.
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3.1 Introduction

Recent studies indicate adherent cells are highly sensitive to internal and external

physical states in addition to chemical signals. For example, elongated shape (Kilian

et al., 2010), large spread area (McBeath et al., 2004), and rigid substrates (Engler

et al., 2006) were all found to favor osteogenic differentiation while opposite conditions

favor adipogenic or neurogenic differentiations.

Interestingly, conditions that favor osteogenic differentiation also promote the

generation of stronger actomyosin-dependent traction forces on the substrate. Cells

generate stronger traction forces on stiff substrates than cells on soft substrates (Lo

et al., 2000; Trichet et al., 2012). In addition, spread cells exert stronger traction forces

than cells confined to small areas (Wang et al., 2002; Rape et al., 2011). Cell geometry,

such as aspect ratio (Rape et al., 2011), and substrate dimension (Baker & Chen,

2012; Chang et al., 2013) have also been shown to profoundly affect traction force

generation. Although myosin II-dependent traction forces are commonly considered

to be generated for the purpose of driving cell migration (Dembo & Wang, 1999;

Morin et al., 2014), they also serve the purpose of probing the external or internal

physical state (Discher et al., 2005; Prager-Khoutorsky et al., 2011). In addition,

lineage specification during stem cell differentiation has been shown to be dependent

on myosin-II activity (Engler et al., 2006), likely through the crosstalk between inside-

out and outside-in signaling to activate mechanotransduction pathways. Defective

regulation of traction forces is also thought to contribute to metastatic potential of

cancer cells. Traction forces are often disorganized in transformed cells (Munevar

et al., 2001), and traction forces have been shown to increase with increasing

metastatic potential in a number of cancer models (Kraning-Rush et al., 2012).
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These observations suggest that regulation or manipulation of traction forces may

serve as a universal approach for controlling cell differentiation, and that traction force

generation may serve as a handle to identify conditions that affect cell differentiation

and possibly other important activities. In this study, we find that the state of

cell migration has a profound effect on the generation of traction forces and the

phosphorylation state of paxillin, a known marker of mechanotransduction. Our

results further suggest that cell migration affects focal adhesion dynamics, possibly

through mechanical cross-talk between newly formed and pre-existing focal adhesions,

which may in turn alter adhesion dependent signaling.
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3.2 Methods and Materials

3.2.1 Substrate Preparation

Micropatterned polyacrylamide hydrogels were prepared as described previously

(Rape et al., 2011). Briefly, a polydimethylsiloxane stamp was incubated for 45 min

with a 0.1% (w/v) gelatin solution that had been activated with 3.6 mg/mL sodium

periodate (Sigma, St. Louis, MO). The stamp was dried using N2 gas then lightly

pressed onto a small glass coverslip. A freshly prepared solution of 5% acrylamide

and 0.1% bis-acrylamide (Bio-Rad, Hercules, CA) was degassed; 0.2 µm fluorescent

beads (Molecular Probes, Carlsbad, CA) were added at a 1:2000 dilution if the

substrate was to be used for traction force microscopy. After addition of the initiators

ammonium persulfate (Sigma) and N,N,N',N'-tetramethylethane-1,2-diamine (EMD

Millipore, Billerica, MA), a 30 µL drop was pipetted onto a large coverslip pre-treated

with Bind-Silane (GE Healthcare, Little Chalfont, United Kingdom). The small

stamped coverslip was immediately placed pattern-side down onto the acrylamide

drop. After complete acrylamide polymerization, the top coverslip was carefully

removed. Micropatterned polyacrylamide hydrogel substrates were mounted into

chamber dishes, sterilized under ultraviolet light for 30 min, and incubated in cell

culture media for 1 h at 37◦C before use. The final gel had an estimated Young's

modulus of 3.5 kPa (Tse & Engler, 2010).

Glass substrates micropatterned with linear acrylamide were prepared as described

previously (Guo & Wang, 2010). Briefly, a coverslip was treated with Bind-Silane.

Standard photolithography techniques were used to pattern areas designated for

cell adhesion with SPR 220.3 positive photoresist (Microchem, Newton, MA). The

remaining glass surface was made non-adhesive by grafting linear polyacrylamide to
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the Bind-Silane-activated surface. The photoresist was then stripped away using

Remover 1165 (Microchem), and the exposed glass surface was incubated with 10

µg/mL fibronectin (Sigma) for 1 h.

3.2.2 Cell Culture

NIH 3T3 cells (ATCC, Manassas, VA) were cultured in Dulbecco's modified Eagle's

medium (Life Technologies, Carlsbad, CA) supplemented with 10% donor adult

bovine serum (Thermo Scientific, Waltham, MA), 2 mM L-glutamine, 50 µg/mL

streptomycin, and 50 U/mL penicillin (Life Technologies); cells were maintained

under 5% CO2 at 37◦C. The mCherry-paxillin construct was kindly provided by

Dr. Michael Davidson (Florida State University). Cells were transfected using the

Amaxa Nucleofector (Lonza, Walkersville, MD) system following the manufacturer's

instructions.

3.2.3 Traction Force Microscopy

Phase contrast images of single cells spread on a uniformly-coated polyacrylamide gel

or across a micropatterned island were collected with a Nikon Eclipse Ti microscope

using a 40X N.A. 0.75 PlanFluor dry objective (Nikon, Tokyo, Japan) and an Andor

iXon CCD camera and custom software. Fluorescence images of the embedded beads

near the surface of the hydrogel were taken before and after cells were removed with

0.05% Trypsin-EDTA (Life Technologies). For time-lapse recordings, paired phase-

contrast images of the cell and fluorescence images of the underlying beads were

collected every 10 min for 4 h. For high resolution tracking of substrate strain, phase

contrast images of the cell and corresponding fluorescence images of underlying beads
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were collected using a 100X N.A. 1.3 Plan Fluor oil immersion objective (Nikon) at a

frequency of 4 min for 2 h. Cell outlines were manually drawn, and bead displacement

fields were computed using custom software. Color maps of traction force-induced

strain were generated using MATLAB. Traction stress was computed using LIBTRC

software package (Prof. Micah Dembo, Boston University).

3.2.4 TIRF Microscopy and Focal Adhesion Analysis

Cells expressing mCherry-paxillin were plated on glass substrates incubated with

fibronectin. Total internal reflection fluorescence (TIRF) images of focal adhesions

in cells spread on either a micropatterned or an unpatterned coverslip were collected

with a Nikon Eclipse Ti microscope using a 100X N.A. 1.49 Apo TIRF oil immersion

objective (Nikon) and an Andor iXon CCD camera. mCherry was excited using a

561-nm laser (Coherent, Santa Clara, CA) and images were collected every 4 min for

2 h. The area of focal adhesion was quantified using the Focal Adhesion Analysis

Server (Berginski & Gomez, 2013). Lifetime of focal adhesions that formed at the

leading edge of migrating cells and at the corners of stationary cells was manually

measured using time-lapse images.

3.2.5 Focal Adhesion Immunostaining

Cells seeded on micropatterned polyacrylamide substrates were fixed in 4%

formaldehyde (Thermo Scientific) and stained with mouse monoclonal antibodies

against vinculin (Santa Cruz Biotechnology, Dallas, TX) and rabbit polyclonal

antibodies against Tyr118-phosphorylated paxillin (Cell Signaling Technology,

Danvers, MA). Fluorescence images were collected using a 100X N.A. 1.3 Plan Fluor
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oil immersion objective. Average background intensity was subtracted from each

image using custom software, and fluorescence intensity of p-paxillin was divided by

that of vinculin measured at ten focal adhesions in each cell located near the leading

edge with the strongest p-paxillin fluorescence signal. Focal adhesions were segmented

to create a mask in ImageJ. The masks were used in creating color heat maps of the

ratio of p-paxillin against vinculin fluorescence in MATLAB.
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3.3 Results

3.3.1 Traction force generation differs between stationary

and migrating cells

To investigate how traction force generation is regulated during cell migration, we

applied traction force microscopy to NIH 3T3 cells plated on elastic polyacrylamide

gels of 3.5 kPa, conjugated with gelatin on the surface to facilitate cell adhesion.

Micropatterning of bound gelatin allowed precise control of cell size, shape, and

migration state (Figure 3.1, A-C ). Traction force generation was assessed based on

the magnitude of 95th percentile traction stress (Rape et al., 2011), which focuses on

regions of high mechanical activity.

Cells on a uniformly-coated surface were able to migrate freely and exerted a traction

stress of 356±25.6 Pa. Similarly, cells migrating along micropatterned strips of

gelatin exerted a traction stress of 370±22.4 Pa. In contrast, when gelatin was

micropatterned as 50×50 µm square islands, confined stationary NIH 3T3 cells

exerted a traction stress of 718±124 Pa (Figure 3.1D). The two-fold difference was

unexpected since traction stress is known to be sensitive to spreading size and aspect

ratio (Rape et al., 2011), and unconfined cells often spread to a larger size and show

a higher aspect ratio than cells on 50×50 µm islands.

To further control for the effect of cell size and shape, we micropatterned gelatin as

teardrop shaped islands to mimic the shape and size of typical migrating cells. Cells

spread on these islands exerted a traction stress of 850±81.9 Pa, similar to cells on

square islands, which argues against the effect of cell shape or spreading area and

indicates that migration state is able to regulate traction force generation.
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Figure 3.1. Traction force generation differs between migrating and stationary

cells. While NIH3T3 cells migrate freely on a gel with a uniform coating of

gelatin (A), micropatterning of gelatin as islands results in cells that are confined

to a teardrop (B) or square (C ) shape. Scale bar, 20 µm. Stationary cells exert

approximately twice the traction stress of that for migrating cells regardless of

shape (D). N = 18, 15, 15, 15 for migrating on unpatterned surfaces, migrating

on a line, stationary square, and stationary teardrop-shaped cells respectively. *

indicates p<0.05.
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3.3.2 Traction force generation is dependent on cell

migration speed

To further investigate the dynamic relationship between cell migration and traction

force generation, we applied time-lapse traction force microscopy to cells migrating on

linear strips of finite length. Cell migration paused for a variable period of time at the

end of the strip before the cell reversed its direction of migration. A typical recording

showed that traction stress increased approximately two-fold after the cell stopped

at the end of the strip (Figure 3.2, A and B), mirroring the two-fold difference in

traction stress observed between separate migrating and confined cells.

This finding suggests that the output of traction forces may function as a speedometer

for migrating cells, with the magnitude of stress controlled dynamically by the speed.

We therefore performed a scatter plot analysis using a collection of 24 cells migrating

at speeds ranging between 0 and 48 µm/hr along adhesive strips 30 µm in width. As

shown in Figure 3.2C, traction stress, ranging between 300 and 900 Pa, was negatively

correlated with the speed of migration even though these cells shared a similar shapes.

Thus, traction force regulation is a dynamic process that is in part regulated by the

speed of cell migration.

3.3.3 Traction force distribution differs between stationary

and migrating cells

Previous studies showed that in migrating cells, the distribution of traction forces

did not match the distribution of total focal adhesions; rather, they more closely

reflected newly-formed focal adhesions near the leading edge (Beningo et al., 2001;
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Figure 3.2. Traction force generation is regulated by cell migration state.

Kymograph along the main axis shows a migrating NIH3T3 cell as it stops at

the end of a 30 µm wide adhesive strip of finite length (A). Horizontal black line

indicates the end of micropatterned strip. Traction stress increases when the cell

stops migrating (B). Vertical black line indicates the time when cell reaches the

end of the strip. Scatter plot analysis indicates that traction stress is negatively

correlated with cell migration speed (C ).
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Stricker et al., 2011). In stationary square-shaped cells, focal adhesions were found

throughout the cell while maximal traction stress was localized at the corners (Wang

et al., 2002).

We employed high magnification imaging to map traction forces at a high resolution.

As the high magnification precluded imaging of the entire cell for the computation

of traction stress, maximal traction forces were located relative to the edge of the

cell based on substrate displacements. For stationary cells confined to square islands,

peak traction forces were located at the corners and along the very edge of these

cells, as shown in the heat maps in Figure 3.3. Notably, high substrate strain persists

at the corners for long periods of time (kymograph, Figure 3.3B). In contrast, for

cells migrating either on an unpatterned surface or along a 30 m wide linear strip,

maximal substrate displacement was located as far as 15 µm behind the leading edge.

The region of maximal substrate displacement moved forward during cell migration,

maintaining a constant distance from the leading edge, which resulted in a wave of

high substrate strain that followed the leading edge of migrating cells (kymograph,

Figure 3.3A). These observations suggest that cell migration affects the location of

maximal traction force relative to the edge of the cell. The generation of traction

forces may be determined by the distance of focal adhesions from the leading edge, a

distance which increases in migration cells but remains constant in stationary cells.

3.3.4 Focal adhesion dynamics differ between stationary cells

and migrating cells

Traction forces are generated by contractility of the actomyosin cytoskeleton and

transmitted to the substrate through integrins at focal adhesions (Beningo et al.,
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Figure 3.3. Substrate displacement maps reveal the location of maximal

traction forces relative to the leading edge. Heat maps depict substrate

displacement caused by migrating (A) and stationary (B) cells. Scale bar, 10

µm. Black line represents cell outline. Yellow line indicates region of interest

for generating kymographs (right panels), which suggest steady association of

maximal traction forces with the very edge of stationary cells and a constant

distance between maximal traction forces and the leading edge in migrating

cells. Traction strain also lasts longer in stationary cells than in migrating cells.

Kymograph duration, 1 hour.
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2001; Geiger et al., 2009; Vicente-Manzanares et al., 2009). We suspected that the

difference in traction stresses between migrating and stationary cells may be related

to differences in the dynamics of focal adhesions. Using NIH 3T3 cells expressing

mCherry-paxillin, we examined focal adhesions in cells plated on fibronectin-coated

glass coverslips with TIRF microscopy (Figure 3.4, A nad B). Stationary cells on

coverslips were confined within areas surrounded by grafted linear polyacrylamide as

a blocking agent (Guo & Wang, 2010).

Measurements of focal adhesions revealed an average size of 0.52 µm2 in stationary

cells and 0.47 µm2 in migrating cells, suggesting that focal adhesions were able to

reach a larger size possibly for sustaining larger traction forces in stationary cells.

Focal adhesions at the corners of square shaped cells, where the strongest traction

forces were localized, were particularly prominent; these corner adhesions had an

average size of 0.62 µm2 with some exceeding 4 µm2 in size (Figure 3.4C ).

Time-lapse recording of migrating cells showed typical focal adhesion dynamics

described previously, forming at the leading edge and remaining largely stationary

relative to the substrate (Figure 3.4B). As the cell migrated forward, focal adhesions

became localized to the cell interior, many of which disassembled over the course of

an hour. In contrast, focal adhesions in confined cells remained stationary relative

to both the cell and substrate over a period longer than two hours. A small fraction

of focal adhesions then detached from the edge and moved across a long distance

towards the interior of the cell. As described in a previous report, such long-range

movement of focal adhesions relative to the substrate appeared to take place only

in non-migrating cells, possibly due to strong traction forces dislodging the focal

adhesion or manipulating ECM protein conformation (Smilenov et al., 1999).

The difference in dynamics is also evident in the significantly increased focal adhesion
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Figure 3.4. Focal adhesions are more dynamic in migrating than in stationary

cells. Stationary (A) and migrating (B) NIH3T3 cells expressing mCherry-

paxillin are imaged with TIRF microscopy. Yellow line indicates region of interest

for generating kymographs. Scale bar, 20 µm. Stationary cells have larger, more

stable focal adhesions than migrating cells, with particularly large adhesions at

the corners (C ). N = 4772, 4603, 1927 focal adhesions in migrating, square, and

square corners respectively. Focal adhesions at the corners of square stationary

cells have longer lifetimes than focal adhesions at the leading edge of migrating

cells (D). N = 80, 35 FAs in migrating and stationary cells respectively. ***

indicates p<0.001.
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lifetime in stationary cells (Figure 3.4D). We suggest that different dynamic states

of focal adhesions may be responsible for differential traction force generation. In

stationary cells, strong traction forces were maintained stably at stable focal adhesions

at the edge. In migrating cells, peak traction forces were associated only transiently

at focal adhesions at a certain distance from the leading edge and continuous shifted

to younger focal adhesions in front as the cell migrated forward.

3.3.5 Paxillin phosphorylation differs between stationary

and migrating cells

To determine if the differences in mechanical activities and focal adhesion dynamics

are associated with differences in signaling activities, we compared the level of paxillin

phosphorylation between migrating and stationary cells. Phosphorylation of Tyr118

on paxillin is believed to represent part of the mechanism for transducing mechanical

signals in conjunction with the recruitment of FAK to adhesion sites (Zaidel-Bar

et al., 2007; Choi et al., 2011). NIH 3T3 cells on 3.5 kPa polyacrylamide gels

were fixed and stained with polyclonal antibodies against paxillin phosphorylated at

tyrosine-118 and with monoclonal antibodies against vinculin. Fluorescence intensity

of phosphorylated paxillin was normalized against vinculin fluorescence intensity by

ratio imaging.

As shown in Figure 3.5, phosphorylated paxillin was concentrated near the leading

edge of migrating cells and along the edges of stationary cells. The intensity ratio was

68% higher in focal adhesions at the corners of stationary cells than those near the

leading edge of migrating cells (Figure 3.5I ), suggesting a higher extent of paxillin

phosphorylation. These results indicate that focal adhesions in stationary cells and
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Figure 3.5. Paxillin phosphorylation depends on migration state. Vinculin

staining shows focal adhesions in migrating (A) and stationary (E ) cells. Scale

bar, 20 µm. Boxed regions of interest in migrating (B-D) and stationary cells

(F-H ) are enlarged to show vinculin (B,F ), phosphorylated paxillin (C,G), and

color heat maps of the ratio of intensities between phosphorylated paxillin and

vinculin (D,H ). Scale bar, 5 µm. Bar graph (I ) shows that the ratio of intensities

of phosphorylated paxillin against vinculin is higher for focal adhesions at the

corners in stationary cells than focal adhesions at the leading edge in migrating

cells. N = 230, 300 focal adhesions in migrating and stationary cells respectively.

*** indicates p<0.001.

migrating cells are in different signaling states, which may affect downstream events

such as cell growth and differentiation.
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3.4 Discussion

We used micropatterning of elastic polyacrylamide hydrogels to simultaneously

control cell migration and measure traction force generation. We found that cells

confined to adhesive islands exerted traction stress two times higher than migrating

cells. Moreover, cells migrating along a linear strip showed a two-fold increase in

traction stress when they reached the end of the strip. A scatter plot of traction stress

against migration speed further revealed an inverse relationship. These observations

indicate that traction force generation can serve as readout for the cell to determine

its migration speed.

The inverse relationship between traction stress and migration speed may seem

counterintuitive if one considers traction forces only as a means for driving cell

migration. However, traction forces have now been implicated as a means both

for probing mechanical properties of the environment and for sensing the cell's own

physical status. Adherent cells exert traction forces through filopodia to probe

substrate rigidity (Wong et al., 2014). Moreover, traction stress increases with

cell area and aspect ratio, which may be understood mechanically as a means for

maintaining the shape of an elastic object (Rape et al., 2011). The cell may in turn

use the magnitude of traction forces generated for detecting its own physical state for

the purpose of regulating important activities such as differentiation.

The dependence of traction forces on migration speed cannot be explained by

differences in cell shape or size, as cells confined to a teardrop-shaped island, which

resembles the natural shape of migrating cells, exhibit similarly strong traction stress

as square stationary cells. Moreover, traction stress increases two-fold when the cell

stopped at the end of a linear track without showing an increase in spreading area,
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supporting the idea that cells are able to regulate traction force output based on

migration state.

We suspect that the difference in traction force generation between migrating and

stationary cells may be directly related to the difference in focal adhesion dynamics.

Relative to the frame of a stationary cell, most focal adhesions remain stationary. In

contrast, focal adhesions form continuously at the leading edge then move toward the

cell center relative to the frame of a migrating cell. In addition, a large fraction of

focal adhesions disassemble within minutes in migrating cells, while focal adhesions

in stationary cells are more stable, which may then allow both the focal adhesion and

associated stress fibers to grow to a larger size than in migrating cells.

An additional clue comes from the location of peak traction forces as determined

by the maximal substrate deformation, which are positioned at the very edge of

stationary cells but are several micrometers behind the leading edge in migrating

cells. A closely related trend in traction force distribution has been reported by

Gardel and colleagues, who found that the traction force exerted through leading

focal adhesions in rapidly protruding cells increased transiently then decreased as the

cell center migrated toward the focal adhesion. In contrast, traction forces remained

high at focal adhesions that stayed close to the cell edge. (Stricker et al., 2011).

The distribution of traction stress is known to mirror the location of newly-formed

focal adhesions rather than that of total focal adhesions (Beningo et al., 2001; Stricker

et al., 2011). Previous speculations have leaned toward an age-based mechanism,

where focal adhesions lose their mechanical activities as they mature over time

(Zaidel-Bar et al., 2004). Our observations are instead more compatible with a

position-based mechanism, where traction forces build up within a narrow active zone

near the leading edge then drop as soon as the leading edge protrudes away from the

83



focal adhesion. Thus, in stationary cells, traction forces reach a high level as focal

adhesions at the leading edge remain trapped within the active zone. Conversely,

in migrating cells, newly formed focal adhesions traverse through the active zone,

where they are allowed to build up traction forces for only a finite period of time.

Mathematically, the magnitude of maximal traction stress, Tmax, may be expressed

as a function of the width of the active zone, w, the speed of protrusion, v, and the

rate of change of traction stress, dT/dt, in the active zone, which shows that maximal

traction stress increases with decreasing speed.

Tmax =
w

v

dT

dt
(3.1)

We ask what might be responsible for the creation of an active zone for traction force

buildup. Since focal adhesions are responsive to mechanical forces, one possibility is

that traction forces generated by newly formed focal adhesions at the leading edge

may affect focal adhesions that fall behind. Such rearward traction forces exerted

on the substrate at the very front would cause forward-pointing counter forces to

pull the rest of the cell forward. These counter forces, when exerted on the actin

cytoskeleton behind the leading edge, would act to cancel out contractile forces on the

focal adhesion, which may cause a decrease in traction forces and possibly disassembly

of the focal adhesion (Figure 3.6).

The width of the active zone should then be inversely related to the rate of focal

adhesion formation per unit distance protrusion, dFA/dx, as

1

w
=

dFA

dx
. (3.2)

Substituting Equation 3.2 into Equation 3.1 and taking into account v = dx/dt leads
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Figure 3.6. Schematic of possible mechanical interactions responsible for

migration sensing. (1 ) New focal adhesions at the leading edge generate inward

traction force on the substrate. (2 ) Outward counter forces drive forward

migration and also counteract inward actomyosin forces on more interior focal

adhesions. (3 ) Decrease in inward contractile forces causes a decrease in traction

forces at interior adhesions.

to the expression

Tmax =
dT
dt

v dFA
dx

=
dT

dFA
. (3.3)

Thus the maximal traction stress depends on traction stress buildup per focal adhesion

formed. This set of expressions also explains the dependence of both the magnitude

and location of maximal traction stress on the speed of cell migration.

In summary, we have uncovered a way for adherent cells to detect their state of

migration, which we term migration sensing. As previously demonstrated for cell

size and shape, we show that the physical act of migration also serves to modulate

the magnitude of traction forces, which may in turn regulate intracellular chemical

activities through mechanosensitive proteins located at the sites of matrix adhesions.

As cell size and shape have been shown to play a pivotal role in regulating stem cell

differentiation (McBeath et al., 2004; Kilian et al., 2010), we suspect that migration

sensing plays a similarly important role. For example, during tissue formation, it

may make sense to suppress differentiation while a cell is migrating, a restraint which
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is lifted only when the cell has arrived at the destination and is ready to perform

physiological functions. Likewise, defects in migration sensing may cause cancer

cells to lose such regulation, as well as the control over their growth activities and

differentiation state.
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Chapter 4

Microtubules Regulate Cellular
Mechanical Output in a Migration
Dependent Manner

In adherent cells, interactions between cytoskeletal filaments and focal adhesions are

the foundation for the generation of traction forces, which function to propel cell

migration and to probe the physical condition of the environment. The effects of

actomyosin contractility and focal adhesion dynamics on traction forces have been

well studied, but the role of microtubules is less understood. Here, we demonstrate

that microtubules regulate cellular mechanical output in a manner that depends

on migration state. Microtubule depolymerization causes a dramatic increase in

traction stress output only in non-migrating cells. The difference in responses between

migrating and stationary cells may be caused by differences in the organization or

dynamics of microtubules. Inhibition of glycogen synthase kinase 3β, which is known

to directly affect microtubule associated proteins and dynamics of the microtubule

plus end, prevents nocodazole-induced traction stress increase in stationary cells

without affecting the mechanical output of migrating cells. These results suggest that

microtubules and focal adhesions interact in migrating cells but not in stationary cells

to modulate mechanotransduction. We propose that the structure and function of the

microtubule network changes in response to migration behavior, which may in turn

serve as part of the sensing mechanisms to regulate cellular mechanical activities.
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4.1 Introduction

Focal adhesions serve not only as a physical link between the cell and the extracellular

matrix, but also as a mechanosensing unit capable of initiating signaling cascades in

response to mechanical forces (Vicente-Manzanares et al., 2009). As cytoskeletal

elements are known to interact with focal adhesions both physically and chemically

through signaling intermediates (Bershadsky et al., 2003; Parsons et al., 2010),

differences in cytoskeletal architecture may facilitate the response of focal adhesion

dynamics and traction generation to the state of migration reported in Chapter 3.

In comparison to the role of the actomyosin network, knowledge of the role of

microtubules in traction force regulation remains rudimentary. Early work observed

that microtubule disruption caused and increase in cell contractility and suggested

that microtubule dynamics may somehow weaken actin organization or contractility

(Danowski, 1989). More recent studies have reported an increase in traction forces

after microtubule depolymerization (Rape et al., 2011a), which may be driven by an

increase in Rho activity upon microtubule disruption (Ren et al., 1999; Chang et al.,

2008). Other studies note that microtubule growth corresponds with focal adhesion

disassembly (Ezratty et al., 2005) in migrating cells.

Structurally, microtubules are composed of 13 proto-filaments arranged cylindrically

around a hollow core, yielding a longer persistence length and higher mechanical

strength than actin (Gittes et al., 1993). In a purely mechanical model referred to

as the tensegrity model, microtubules have been viewed as struts responsible for

compressive strength to the cell (Wang et al., 2001). In comparison, actin and

intermediate filaments are often described as providing tensile strength to the cell

cytoskeleton. In combination, the microtubule network may help a cell maintain its
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shape against actomyosin contractility and membrane perturbations associated with

protrusion/retraction during migration.

Beyond its tensegrity function, microtubules are also known to be involved in

a number of signaling pathways which affect the generation of traction force.

Microtubules have been shown to bind GEF-H1, a guanine nucleotide exchange factor

that activates Rho (Krendel et al., 2002), suggesting that microtubule polymerization

regulates Rho activity through sequestration (Nalbant et al., 2009). Microtubule

polymerization after nocodazole washout was shown to increase Rac1 activity,

suggesting that dynamic microtubules are important for lamellipodial protrusions

(Waterman-Storer & Salmon, 1999). Additional studies have revealed a link between

microtubule stability and FAK activity (Palazzo et al., 2004), which may directly

affect focal adhesion stability.

Additional modalities of microtubule function may involve the transport of cargo

and/or the interaction between plus ends with structures such as focal adhesions.

Microtubule associated proteins act as adapters between the microtubule and other

important cellular structures. A number of molecular motors are associated with

microtubules; dynein and kinesin drive polarized delivery of cargo towards and away

from the centrosome, respectively (Sheetz, 1996). Other proteins, including EB1

and CLASP, localize specifically to the growing tips of microtubules (Stehbens &

Wittmann, 2012; Etienne-Manneville, 2013), which have been implicated in helping

a growing microtubule target the cell cortex (Gundersen et al., 2004) and focal

adhesions (Stehbens & Wittmann, 2012). The nature of microtubule organization and

growth enable polarization of intracellular trafficking and implicate microtubules in

generating spatial patterns of the intracellular signals required for directed migration

(Zhang et al., 2014).
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By monitoring the output of traction forces, we show in this chapter that microtubule

function is dependent on migration state — stationary cells are much more sensitive

to the disassembly of microtubules than migrating cells. We further suggest that

physical interactions between microtubule tips and focal adhesions may play a role

in this difference.
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4.2 Methods and Materials

4.2.1 Substrate Preparation

Micropatterned polyacrylamide hydrogels were prepared as described previously

(Rape et al., 2011b). Briefly, a polydimethylsiloxane stamp was incubated for 45 min

with a 0.1% (w/v) gelatin solution that had been activated with 3.6 mg/mL sodium

periodate (Sigma, St. Louis, MO). The stamp was dried using N2 gas then lightly

pressed onto a small glass coverslip. A freshly prepared solution of 5% acrylamide

and 0.1% bis-acrylamide (Bio-Rad, Hercules, CA) was degassed; 0.2 µm fluorescent

beads (Molecular Probes, Carlsbad, CA) were added at a 1:2000 dilution if the

substrate was to be used for traction force microscopy. After addition of the initiators

ammonium persulfate (Sigma) and N,N,N',N'-tetramethylethane-1,2-diamine (EMD

Millipore, Billerica, MA), a 30 µL drop was pipetted onto a large coverslip pre-treated

with Bind-Silane (GE Healthcare, Little Chalfont, United Kingdom). The small

stamped coverslip was immediately placed pattern-side down onto the acrylamide

drop. After complete acrylamide polymerization, the top coverslip was carefully

removed. Micropatterned polyacrylamide hydrogel substrates were mounted into

chamber dishes, sterilized under ultraviolet light for 30 min, and incubated in cell

culture media for 1 h at 37◦C before use. The final gel had an estimated Young's

modulus of 3.5 kPa (Tse & Engler, 2010).

Glass substrates micropatterned with linear acrylamide were prepared as described

previously (Guo & Wang, 2010). Briefly, a coverslip was treated with Bind-Silane.

Standard photolithography techniques were used to pattern areas designated for

cell adhesion with SPR 220.3 positive photoresist (Microchem, Newton, MA). The

remaining glass surface was made non-adhesive by grafting linear polyacrylamide to
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the Bind-Silane-activated surface. The photoresist was then stripped away using

Remover 1165 (Microchem), and the exposed glass surface was incubated with 10

µg/mL fibronectin (Sigma) for 1 h.

4.2.2 Cell Culture

NIH 3T3 cells (ATCC, Manassas, VA) were cultured in Dulbecco's modified Eagle's

medium (Life Technologies, Carlsbad, CA) supplemented with 10% donor adult

bovine serum (Thermo Scientific, Waltham, MA), 2 mM L-glutamine, 50 µg/mL

streptomycin, and 50 U/mL penicillin (Life Technologies); cells were maintained

under 5% CO2 at 37◦C. Cells were treated with 10 µM nocodazole (Sigma) for 30

min to depolymerize microtubules. Cells were treated with 20 mM lithium chloride

(Sigma) or 20 µM SB216763 (Tocris Bioscience, Minneapolis, MN) at time of seeding

to inhibit GSK3β.

4.2.3 Traction Force Microscopy

Phase contrast images of single cells spread on a uniformly-coated polyacrylamide gel

or across a micropatterned island were collected with a Nikon Eclipse Ti microscope

using a 40X N.A. 0.75 PlanFluor dry objective (Nikon, Tokyo, Japan) and an Andor

iXon CCD camera (Belfast, United Kingdom) and custom software. Fluorescence

images of the embedded beads near the surface of the hydrogel were taken before and

after cells were removed with 0.05% Trypsin-EDTA (Life Technologies). For time-

lapse recordings, paired phase-contrast images of the cell and fluorescence images of

the underlying beads were collected every 10 min for 4 h. Cell outlines were manually

drawn, and bead displacement fields were computed using custom software. Traction
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stress was computed using LIBTRC software package (Prof. Micah Dembo, Boston

University).

4.2.4 Immunofluorescence and Image Analysis

Cells seeded on micropatterned polyacrylamide substrates were fixed in using a

solution of 0.5% glutaraldehyde (Sigma) and 0.3% Triton X-100 (Sigma) for 1 min

followed by 1% glutaraldehyde for 15 min. Glutaraldehyde autofluorescence was

quenched with fresh 0.5 mg/mL NaBH4 (Sigma) for 5 min. The fixed samples were

stained with mouse monoclonal antibodies against α-tubulin (Sigma) and rhodamine-

phalloidin (Life Technologies). Fluorescence images were collected using a 100X N.A.

1.3 PlanFluor oil immersion objetctive (Nikon).

Microtubule orientation was measured using the OrientationJ plugin (Rezakhaniha

et al., 2012) for ImageJ (National Institutes of Health, Bethesda, MD). OrientationJ

evaluates the local orientation, coherency, and energy of every pixel in an image

by calculating the structure tensor, which is the matrix representation of partial

derivatives. Local orientation was measured in the OrientationJ Distribution panel.

Default threshold values were used: Gaussian window σ = 1, Min. Coherency = 0%,

Min. Energy = 0%. These thresholds mean that orientation value from every pixel

is reported. The orientation value of each pixel is weighted by the coherency value to

give more importance to highly oriented structures and less importance to pixels in

more uniform regions. The weighted histogram of orientation distribution is returned

in both graph and list form. For each migrating cell, the major axis was manually

measured in ImageJ; the corresponding orientation histogram list was adjusted such

that this value was set as 0◦. Similarly, the major axis of teardrop shaped cells was
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used as the 0◦ reference, while one of the straight sides in square cells was selected

to use as the 0◦ reference. Orientation distributions of 20 cells of each shape were

averaged.
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4.3 Results

4.3.1 Microtubule depolymerization dramatically increases

traction stress in stationary cells

We used traction stress exerted on the substrate as a readout of cellular mechanical

activities. As shown in Chapter 3, stationary cells showed a two-fold stronger traction

stress than migrating cells. To explore the role of microtubules in traction force

generation, microtubules were depolymerized using 10 µM nocodazole, which removes

the microtubule network almost entirely within minutes. Immunofluorescence images

of cells fixed and stained after 30 minutes of nocodazole treatment show only short

fragments of α-tubulin (Figure 4.1A). In contrast, the actin network remained intact.

Traction force microscopy of nocodazole-treated cells showed surprising differences

between migrating and stationary cells. In migrating cells, 95th percentile traction

stress increased 67%, but stationary cells experienced a dramatic 400% increase in

traction stress (Figure 4.1C ). Given the well-documented upregulation of Rho activity

upon nocodazole treatment (Waterman-Storer & Salmon, 1999; Chang et al., 2008),

an increase in traction forces may be expected. However the dramatic difference in

the increase of traction stress between migrating and stationary cells was puzzling

and may be indicative of. a poorly understood regulatory function of microtubules.

The effects of nocodazole were readily reversible. Immunofluorescence images of cells

30 minutes after nocodazole washout show that the microtubule network regrew

to reach a level and structure similar to that before treatment (Figure 4.1B). To

determine if the changes in traction stress were also reversible, we employed time-

lapse traction force microscopy to follow the changes before nocodazole, during
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Figure 4.1. Stationary cells are more sensitive to microtubule depolymerization.

Immunofluorescence images of actin and microtubules in a stationary cell after

treatment with 10 µM nocodazole for 30 min (A) and 30 min after washout of

nocodazole (B). Nocodazole causes traction stress to increase dramatically only

in stationary cells (C ). N = 18, 15, 14 for migrating, square, and teardrop cells

respectively. *** indicates p < 0.001. Nocodazole washout returns traction stress

to pre-nocodazole levels (D).
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treatment, and after washout (Figure 4.1D). The time course in stationary cells shows

an immediate and dramatic increase in traction stress after nocodazole treatment.

Upon nocodazole washout, traction stress returns to pre-nocodazole levels within 30

minutes. A similar time course also occurred in migrating cells, although the changes

are more gradual. Of particular note, traction stress in stationary cells remained

higher than traction stress in migrating cells even after drug washout and microtubule

regrowth. Thus, the presence of a microtubule network is not enough to explain the

difference in traction force regulation between migrating and stationary cells.

4.3.2 Migration state affects microtubule network

organization

To investigate the organization of the cytoskeleton, cells migrating freely on an

unpatterned coverglass and cells confined to islands micropatterned with linear

acrylamide were fixed and stained with antibodies against α-tubulin to visualize

microtubules and with rhodamine-phalloidin to visualize actin (Figure 4.2, A and B).

Microtubule orientation was quantified using the ImageJ plugin OrientationJ, which

computes the structure tensor for each pixel to obtain local orientation properties

(Rezakhaniha et al., 2012).

Immunofluorescence images of -tubulin show microtubules extending radially from the

centrosome located near the cell nucleus. In migrating cells, microtubule orientation

shows a large peak in the direction of the cell's major axis, which corresponds with

the migration direction. In stationary cells, the microtubule orientation is much more

random (Figure 4.2C ). This random orientation is especially noticeable at the corners

of square stationary cells where individual microtubule filaments curve away at the
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Figure 4.2. Microtubule network differs between migrating and stationary

cells. Immunofluorescence images of actin and microtubules in migrating (A) and

stationary (B) cells. Bar, 20 µm. Orientation analysis of α-tubulin in migrating

cells, with 0◦ set along the long axis of each cell, shows that microtubules are

oriented towards the leading edge (C, red line). Orientation analysis in stationary

cells shows that microtubules are randomly oriented and not organized in any

particular direction (C, blue line). Fluorescence histogram near regions of strong

traction stress (leading edge in migrating cells and corners in square stationary

cells) indicates that very few microtubules are found at the leading edge of

migrating cells, but α-tubulin is readily found at the corners of stationary cells

(D). N = 20 cells for both migrating and stationary conditions. 101



cell edge rather than pointing straight towards membrane. Notably, microtubules do

not extend to the leading edge of migrating cells as seen in merged images of actin

and α-tubulin. In contrast, microtubules are present at the very edges of stationary

cells. These observations were confirmed by measuring the average gray value of

α-tubulin fluorescence at the leading edge of migrating cells and at the corners of

stationary cells (Figure 4.2D). A value of 0 would indicate no fluorescence, while 255

indicates maximum fluorescence at every pixel in the region of interest. Migrating

cells have an average gray value of 21.9 at the leading edge, compared with 84.1 for the

corner of stationary cells indicating that migrating cells are deficient in microtubules

near the leading edge, which may explain the reduced sensitivity to microtubule

depolymerization. NIH 3T3 fibroblasts cultured on micropatterned teardrop-shaped

islands have similar microtubule orientation and α-tubulin fluorescence as stationary

cells on square islands (Figure A.4). Thus, the microtubule orientation and density

at the cell edge are dependent on migration state, not cell shape.

4.3.3 GSK3β inhibition prevents nocodazole-induced

traction increase

Previous studies have shown that physical interaction between focal adhesions and the

growing tips of microtubules, an interaction facilitated by proteins that bind both to

microtubules and to focal adhesion proteins, can lead to focal adhesion disassembly

and enhanced cell migration (Kaverina et al., 1999; Ezratty et al., 2005). Among

such proteins, CLASP is known to be involved in microtubule stabilization and focal

adhesion disassembly, and CLASP activity is suppressed by glycogen synthase kinase

3β (GSK3β) as shown in Figure 4.3A (Kumar et al., 2009; Sun et al., 2009). Therefore,

to test whether a difference in the interactions between microtubule tips and focal
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adhesions plays a role in traction force regulation, we treated migrating or stationary

cells with known GSK3β inhibitors of LiCl or SB216376 to upregulate CLASP activity.

NIH 3T3 cells treated with 20 mM LiCl or 20 µM SB216763 show no change in 95th

percentile traction stress if the cells are unconfined and migrating. The increase

in traction stress induced by microtubule depolymerization in migrating GSK3β

inhibited and control cells was also indistinguishable. In contrast, stationary cells

exert significantly lower traction stress upon GSK3β inhibition compared to untreated

control cells (Figure 4.3B). In addition, nocodazole treatment of GSK3β-inhibited

stationary cells failed to induce the four-fold traction stress increase as seen in control

cells (Figure 4.3C ). In fact, the traction stress of stationary cells treated with LiCl

is nearly identical to the traction stress exerted by migrating cells. These results

suggest that CLASP-facilitated microtubule-focal adhesion interaction is deficient in

stationary cells, which may contribute to increased traction force generation.
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Figure 4.3. GSK3β inhibition blocks nocodazole-induced traction increase.

Schematic shows how GSK3β activity affects microtubule stabilization and focal

adhesion turnover via CLASP (A). Treatment with 20 mM LiCl or 20 µM

SB216763 causes no change in traction stress in migrating cells, but decreases

traction stress output in stationary cells (B). N = 18, 26, 28 migrating cells

and 15, 26, 28 stationary cells under control, LiCl, and SB216763 treatment

respectively; *** indicates p<0.001. Nocodazole treatment does not cause a

dramatic increase in traction stress for stationary cells treated with LiCl (C ). N

= 18, 26, 15, 25 for control migrating, LiCl migrating, control stationary, and

LiCl stationary cells respectively.
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4.4 Discussion

We found that depolymerization of microtubules caused a four-fold increase in

traction stress only in stationary cells; migrating cells showed an increase of less than

one fold when treated with nocodazole. Immunofluorescence images showed that the

microtubule network in stationary cells is more randomly oriented than in migrating

cells, where microtubules point preferentially towards the leading edge. Microtubule

plus end tips were previously observed to be concentrated at active protrusion sites,

and are thought to be involved in Rac1 activation (Waterman-Storer & Salmon, 1999).

Further, the dramatic nocodazole-induced increase of traction stress in stationary

cells was blocked upon the inhibition of GSK3β. These results point to a role for

microtubules in regulating traction force generation in response to cell migration.

The fact that traction output in migrating cells is less sensitive to microtubule

depolymerization may be explained by the lower density of microtubules in the

leading edge, where traction forces are actively generated. However, this still leaves

the question of why the microtubule network is different between migrating and

stationary cells in the first place. The higher traction stress in stationary cells even

after nocodazole washout implies that the microtubule network changes function when

migration stops.

Reports that show an increase in stable microtubules in migrating cells at the edge

of a scratch wound (Gundersen & Bulinski, 1988) hint that microtubule dynamics

change with migration behavior. Stable microtubules, marked by post-translational

modification of α-tubulin to remove the terminal tyrosine and expose glutamine

(Gundersen et al., 1984), may act selectively as tracks to transport molecules

towards or away from the leading edge. Potential cargo molecules may include
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clathrin- or caveolin-mediated endocytotic vesicles to transport adhesion molecules

away (Stehbens & Wittmann, 2012) or matrix metalloprotease (MMP) to facilitate

ECM degradation and release of matrix-integrin connections (Stehbens et al., 2014).

Kaverina and colleagues have also reported that interaction with focal adhesions

can contribute to microtubule stabilization (Kaverina et al., 1998). Combined with

our unpublished observation that migrating cells are more likely to have stable

microtubules than stationary cells (Figure A.5), we speculate that microtubules do

not target focal adhesions when a cell stops migrating and experience more frequent

catastrophe. This lack of microtubule stabilization may interfere with focal adhesion

disassembly mechanisms in stationary cells.

Then what is the role of microtubules in migrating cells compared to their role in

stationary cells? Why does microtubule depolymerization cause such a dramatic

traction stress increase in only stationary cells? We propose a working model to

explain the role of microtubules in migration-dependent traction force generation.

In migrating cells, interaction between microtubules and focal adhesions targets

focal adhesions for disassembly (Figure 4.4A). Moderate traction force generation

is necessary for efficient migration. The combination of adhesion disassembly and

the continual protrusion of the lamellipodial actin network contributes to traction

force generation that is controlled — neither so low that it cannot sustain migration

not so high that the traction impedes migration. In stationary cells, downregulated

microtubule-focal adhesion interaction allows focal adhesions to grow to a larger size

and persist for longer times as reported in Chapter 3. It is also possible that the

increased focal adhesion lifetime allows more time for focal adhesions to form strong

connections with the actomyosin network and generate stronger traction forces. In

this case, the microtubule network bears more tensile stress than microtubules in
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Figure 4.4. Schematic of the possible role of microtubules in regulating traction

forces. In a migrating cell (A), traction forces are exerted via focal adhesions

(1 ), counteracting forces generated by the actomyosin network drive forward

migration (2 ), and microtubule filaments target focal adhesions for disassembly

(3 ). In a stationary cell (B), strong traction forces are exerted on the substrate

via focal adhesions connected to thick stress fibers (1 ), and microtubules

counteract the inward-pointing forces by acting as structural resistance (2 ).

migrating cells (Figure 4.4B). Thus when the microtubule network is disrupted in

stationary cells, the cell contractile structure no longer meets any resistance and

exerts very high traction stress on the substrate through focal adhesions that remain

intact. Migrating cells have less pre-stress, so a disruption in the tensile-bearing

microtubule network results in smaller increase in traction stress.

The shift in microtubule-focal adhesion interactions may be rooted in the change in

focal adhesion properties we reported in Chapter 3. As focal adhesion dynamics and
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signaling are affected by migration state, microtubule affinity may also be affected.

A difference in microtubule orientation and stability may be a consequence of such

a change, leading to a difference in microtubule targeting of focal adhesions. An

alternative mechanism may even argue that focal adhesions in stationary cells are

more sensitive to microtubules than focal adhesions in migrating cells. In the absence

of microtubules, focal adhesions exert more mechanical output in stationary cells than

in migrating cells. Microtubule regrowth would cause greater suppression of traction

stress in stationary cells than in migrating cells.

In reality, it is likely that microtubules regulate traction generation through a

combination of physical and chemical mechanisms. Physically, microtubules may

counterbalance against contractile forces, target focal adhesions, and provide a

highway for polarized transport of inhibitory molecules, all of which are known to

change dynamically in response to migration. Chemically, a change in migration

behavior may affect the balance between GTPases Rho and Rac, both of which

play essential but antagonistic roles in cell migration (Burridge & Wennerberg, 2004;

Machacek et al., 2009). Wittmann and Waterman-Storer have speculated a local

downregulation in GSK3β activity by Rac1 may control microtubule-focal adhesion

interactions in the lamella of migrating cells (Wittmann & Waterman-Storer, 2005).

In this case, our mechanism would suggest that stationary cells have lost this activity

gradient. Other studies have suggested that dynamic microtubules locally regulate

Rac activity (Waterman-Storer & Salmon, 1999) as well as Rho activity at the leading

edge of migrating cells via GEF-H1 (Nalbant et al., 2009). It still remains to be

proven how exactly migration state affects the interactions between the growing tips

of microtubules and focal adhesions to regulate traction force generation.
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Chapter 5

Conclusion and Future Directions
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5.1 Traction forces in mechanosensing

Traction forces are involved in both inside-out and outside-in signaling (Discher et al.,

2005). Internal actomyosin contractility is transmitted through focal adhesions to

produce traction forces on the extracellular substrate. These forces are instrumental

for both maintaining substrate adhesions (Friedland et al., 2009) and driving cell

migration (Beningo et al., 2001; Ridley et al., 2003). At the same time, the cell uses

traction forces to probe the external environment, a process crucial for such tasks as

sensing substrate rigidity (Lo et al., 2000; Wong et al., 2014) and topographical cues

(Frey et al., 2006). In this thesis, I showed that traction forces can also be used for

sensing substrate dimension, a case of outside-in signaling. Conversely, in an example

resembling inside-out signaling, traction forces can be used as a readout of migration

state.

Providing binding sites for both extracellular matrix proteins and cytoskeletal

filaments, focal adhesions play a central role for signaling in both directions. Previous

studies have reported that traction increases with focal adhesion size (Galbraith et al.,

2002), that large tractions are produced by new adhesions at the front of a migrating

cell (Beningo et al., 2001), and that traction magnitude depends on focal adhesion

location (Stricker et al., 2011). It is clear that traction forces and focal adhesions

follow a complex relationship that remains to be fully characterized.

Both physical mechanisms and chemical pathways participate in the regulation of

traction forces. Physically, the cellular tensegrity model suggests that traction stresses

are generated by actin contractility and resisted by microtubules (Ingber, 2003).

Chemically, Rho family GTPases play the most prominent roles in regulating traction

forces, particularly the interplay between RhoA and Rac1 (Burridge & Wennerberg,
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2004). Proper regulation of traction forces and its associated signaling pathways

contribute to normal cell and tissue functions including wound healing and cell

differentiation (Engler et al., 2006). On the other hand, loss of regulatory control may

contribute to increased cancer metastasis (Munevar et al., 2001; Paszek et al., 2005)

or other pathologies like cardiovascular disease (Janmey & Miller, 2011). Knowledge

of how mechanics affect cell behavior provides a powerful approach complementary

to chemical approaches in regenerative medicine and in the development of cancer

therapies.
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5.2 Summary of the thesis

5.2.1 Migrating cells use traction forces to sense substrate

dimension

In Chapter 2, I showed that migrating cells are able to sense and respond to a change

in substrate dimension. Specifically, when NIH 3T3 fibroblasts encounter an interface

between a one-dimensional line and two-dimensional surface, they preferentially

localize to the two-dimensional surface. I found that cells on one-dimensional lines

generate lower traction forces than cells on two-dimensional surfaces. Smaller focal

adhesions and less phosphorylated myosin light chain kinase further indicate the

decrease in mechanical output in 1D cells compared to cells on a 2D surface. These

results suggest that migrating fibroblasts use traction forces to differentiate substrate

dimension. We refer to this phenomenon as dimension sensing.

Cell migration on two-dimensional surfaces is known to differ drastically from

cell migration through a three-dimensional matrix; 2D migration usually depends

on actomyosin contractility (Lauffenburger & Horwitz, 1996) while migration

through a 3D matrix utilizes an array of migration modes including amoeboid-

like behavior and/or MMP activity (Zaman et al., 2006; Friedl et al., 2012).

Use of three-dimensional substrates is ideal for recreating the most physiological

environment, however tracking and imaging individual cells in three dimensions

remains challenging. Recent studies have revealed a number of similarities in one-

dimensional and three-dimensional migration (Doyle et al., 2009). Notably, cells

migrating on one-dimensional thin lines and in three-dimensional-like matrices have

fewer stress fibers and smaller focal adhesions. Even the fibrillar structure of
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many three-dimensional matrices recalls one-dimensional tracks. Together, these

observations imply that 1D substrates may be used as a simplified model for studying

3D migration.

Interestingly, fibroblasts transformed with the ras oncogene were unable to sense

substrate dimension. I showed that PAP2 cells generate similar levels of traction stress

regardless of substrate dimension, and as a result they do not localize preferentially to

two-dimensional surfaces. Combined with previous reports that PAP2 cells display

increased metastatic potential (Bondy et al., 1985) and abnormal organization of

traction forces (Munevar et al., 2001), my results suggest that abnormal control of

traction forces contributes to invasive behavior and cancer progression.

5.2.2 Cell migration regulates mechanical output

In Chapter 3, I found that the magnitude, dynamics, and localization of traction forces

depend on migration state. In migrating cells, traction stress is low, and maximal

substrate strain occurs behind the leading edge. In stationary cells, traction stress is

high, and maximal substrate strain occurs directly at the cell edge. Additionally,

I revealed an inverse relationship between traction stress and migration speed.

The change in mechanical output is mirrored in focal adhesion size and dynamics.

Stationary cells form larger focal adhesion plaques that maintain the same location for

long periods of time, especially at the corners of squares where the highest substrate

strains were observed. Migrating cells continuously form new focal adhesions at

the leading edge which have a shorter lifetime. Migration state affects paxillin

phosphorylation, as focal adhesions at the corners of stationary cells have greater

phospho-paxillin fluorescence intensity than focal adhesions at the leading edge of

117



migrating cells. I proposed that aligned assembly and disassembly of adhesions

define an active zone where traction forces are generated. In stationary cells, the

lack of adhesion disassembly allows traction forces to build up within the active

zone. In migrating cells, the active zone moves forward with the leading edge,

limiting the amount of time for traction buildup at a particular focal adhesion. Thus

migration state plays a role in controlling cell behavior, including mechanical output

and signaling activities.

5.2.3 Microtubules regulate traction forces in a migration-

dependent manner

In Chapter 4, I reported that disruption of the microtubule network by nocodazole

treatment affects traction forces differently in migrating and stationary cells.

Migrating cells experience a 67% increase in traction stress while stationary cells

experience a 400% increase. Regrowth of the microtubule network after nocodazole

washout lowers traction stress to the same level as untreated cells. Notably, washout

does not lower traction stress in stationary cells to the same level as migrating cells

even though others have reported that nocodazole washout induces disassembly of

focal adhesions (Ezratty et al., 2005). This result indicates that microtubules behave

differently depending on migration state. Indeed, I found that the microtubule

network differs in migrating and stationary cells with respect to fiber orientation

and targeting to the cell edge. Additionally, inhibition of GSK3β lowers traction

stress in stationary cells. Based on these results, I proposed a mechanism in which

interactions between microtubules and focal adhesions are altered based on migration

state to regulate traction forces.
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5.3 Future directions

5.3.1 Focal adhesion dynamics in the absence of

microtubules

In Chapter 3, I linked changes in mechanical output in migrating and stationary cells

to focal adhesion dynamics. Our group has previously reported an increase in traction

stress after microtubule disruption (Rape et al., 2011). It has also been reported that

disruption of the microtubule network results in larger, more stable focal adhesions

(Liu et al., 1998). These reports are in agreement with my proposal that larger, more

stable focal adhesions are linked to stronger traction forces. In Chapter 4, I reported

that the traction output of cells lacking a microtubule network is also dependent on

migration state. I suspect that focal adhesion dynamics may similarly be involved in

the difference in mechanical output. A simple way to test this hypothesis is to monitor

focal adhesion dynamics in nocodazole-treated cells with TIRF microscopy, similar

to the procedure described in Chapter 3. Future experiments could also investigate

whether microtubules affect the mechanical connections between focal adhesions.

5.3.2 Regulation of focal adhesion-microtubule interaction

In Chapter 4, I presented evidence that inhibition of GSK3β in stationary cells reduces

their traction stress; in essence, stationary cells behaved like migrating cells with

respect to their mechanical output and response to microtubule depolymerization.

GSK3β targets multiple substrates which affect microtubules and focal adhesions

including CLASP, APC, and ACF7 (Stehbens & Wittmann, 2012). A recent

study implicated the GSK3β substrate CLASP in regulating microtubule-adhesion
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interaction to promote focal adhesion disassembly (Stehbens et al., 2014). It is also

possible that inhibition of GSK3β works to modulate traction forces in a microtubule-

independent manner. Some studies have implicated GSK3β in regulating focal

adhesion dynamics directly (Bianchi et al., 2005; Kobayashi et al., 2006). Importantly,

I inhibited GSK3β during initial cell seeding for the experiments reported in Chapter

4. This perhaps conditions focal adhesions in stationary cells to have altered dynamics

such that the effect of microtubules is unimportant. However, the dramatic increase in

traction stress after microtubule depolymerization in normal stationary cells suggests

that microtubules play an important role in regulating mechanical output.

More work needs to be done to determine how GSK3β inhibition affects the regulation

of traction forces. I speculated that interactions between microtubules and focal

adhesions play an important role in modulating traction forces. If CLASPs regulate

this interaction, there should be a difference in CLASP activity and/or localization

between migrating and stationary cells. Future work should fully characterize

microtubule-focal adhesion interactions to address the hypothesis that migration state

affects microtubule-focal adhesion interactions.

5.3.3 Applying knowledge of mechanosensing to problems in

biomedical engineering

This thesis presented work with single cells migrating individually on hydrogels or

confined on microislands of defined shape. It remains to be seen how such research

translates to experiments with large groups of cells or even multiple cell types.

Additionally, the jump from cell behavior on 2D surfaces to cell behavior in 3D

matrices or in vivo tissues needs more investigation. Directing cell migration and/or

120



controlling cell shape to manipulate internal cell mechanics continue to be attractive

approaches for regenerative medicine so it is important to understand the both the

behavior of single cells and the interactions between cells.

The relationship between mechanobiology and cancer continues to be of great interest

and may provide answers to some frustrating aspects of cancer research. Why do

some cell masses remain benign while another metastasizes? My results suggest

that invasive cells have mechanosensing defects. Others have reported that cancer

cells generate higher traction forces with increasing metastatic potential (Kraning-

Rush et al., 2012). The values reported for highly metastatic cell lines are similar

to my measurements of average traction stress in PAP2 cells (Figure A.2) but

are lower than traction stress in normal NIH 3T3 fibroblasts. During EMT, a

previously stationary epithelial cell gains migratory/invasive ability. However, these

traction stress measurements indicate that invasive cells lie on a spectrum between

an epithelial and a truly fibroblastic morphology. This may result in a traction force

regulatory system that is rudimentary in comparison to normal mesenchymal cells.

Then are defects in physical sensing simply indicators of disease, or can they even

contribute to disease? The upregulation in tumor cells of molecules known to play

vital roles in mechanosensing such as FAK (Owens et al., 1995) and RhoA (Horiuchi

et al., 2003) suggest that this may be the case. The development of new cancer

therapies may also benefit from basic knowledge about mechanosensing, as drug

efficacy may be affected.
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Appendix A

Supplemental Data

Figure A.1. Cell proliferation has no effect on dimension sensing. Both

untreated NIH 3T3 cells (left) and those treated with 30 µM mitomycin for

2 hours (right) show significant accumulation in the 2D regions after 24 hours

(Chi-square test, *** indicates p<0.001). N = 211, 303 untreated cells at 4 hours

and 24 hours, respectively. N = 560, 538 cells treated with mitomycin at 4 hours

and 24 hours.
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Figure A.2. Average traction stress of cells migrating in 1D lines and 2D

rectangles. Average traction stress mirrors the trend of 95th percentile traction

stress. These measurements are skewed by regions of the cell that do not generate

traction forces. Average traction stress values are regularly reported by other

groups, thus these values are useful for outside comparisons. N = 18,17 (NIH

3T3); 13,13 (blebbistatin); 18,19 (PAP2) on 2D and 1D respectively. Error bars

represent standard error. * indicates p = 0.03; ** indicates p = 0.008.

Speed
(µm/hr)

Persistence
2D Traction
Stress (Pa)

NIH 3T3
10 µm 1D Lines 26.9 0.89
50 µm Strips 35.3 0.77 765±63
Unpatterned 2D 32.8 0.71 607±78

Blebbistatin
10 µm 1D Lines 37.0 0.96
50 µm Strips 31.1 0.81 253±49
Unpatterned 2D 28.1 0.81 180±36

PAP2
10 µm 1D Lines 31.6 0.94
50 µm Strips 38.9 0.68 635±90
Unpatterned 2D 34.3 0.64 570±59

Table A.1. Quantification of migration behavior. Speed, persistence and

traction stress were measured for cells migrating on 10 µm wide lines, 50 µm

wide strips (same width as 2D rectangles), and unpatterned surfaces. Persistence

is given as the ratio of net distance to total distance traveled.
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Figure A.3. Stationary cells have more numerous, thicker stress fibers than

migrating cells. Stationary cells have significantly more stress fibers than

migrating cells (A). Fluorescence intensity of stress fibers is greater in stationary

cells than in migrating cells (B), indicating thicker actin fibers. N = 20 cells

for both migrating and stationary conditions. ** indicates p<0.01, *** indicates

p<0.001.
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Figure A.4. Changes in the microtubule network are based on migration

state, not cell shape. Immunofluorescence images of actin and microtubules in

stationary cells on a teardrop-shaped island. Bar, 20 µm. (A). Orientation

analysis of α-tubulin, with 0◦ set along the long axis of each cell, shows that

microtubules are randomly oriented similar to stationary square cells (B, black

line). Fluorescence histogram indicates that α-tubulin is readily found at the

broad end of stationary teardrop cells (C, black line). N = 9 teardrop cells. Data

for migrating (red lines) and stationary square (blue lines) cells are copied from

Figure 4.2 to facilitate comparison.
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Figure A.5. Migrating cells are more likely to have stable microtubules than

stationary cells. Graph shows the fraction of cells with positive staining for stable,

detyrosinated (Glu) tubulin. N = 29, 37, 33 square, teardrop, and migrating cells

respectively. (Data courtesy of Dr. Andy Rape).
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